
Title Study of cellular adaptability and mechanical
homeostasis

Author(s) 上田, 唯花

Citation 大阪大学, 2026, 博士論文

Version Type VoR

URL https://doi.org/10.18910/105510

rights

Note

The University of Osaka Institutional Knowledge Archive : OUKA

https://ir.library.osaka-u.ac.jp/

The University of Osaka



 

 

Study of cellular adaptability and 

mechanical homeostasis 

 

 

 

 

 

 

 

 

 

 

 

 

YUIKA UEDA 

MARCH 2026 

 

 



 

 

Study of cellular adaptability and 

mechanical homeostasis 

 

 

A dissertation submitted to  

THE GRADUATE SCHOOL OF ENGINEERING SCIENCE  

THE UNIVERSITY OF OSAKA  

in partial fulfillment of the requirements for the degree of 

DOCTOR OF PHYLOSOPHY IN ENGINEERING 

 

 

 

 

BY 

YUIKA UEDA 

MARCH 2026 



Abstract 

Living systems possess a remarkable capacity to maintain internal stability in the face of 

environmental perturbations, a phenomenon known as homeostasis. Although this 

adaptive capability is well established at the level of whole organisms, mechanical 

homeostasis at the cellular scale is equally fundamental and guides the remodeling of 

intracellular architecture in response to physical cues. The molecular constituents that 

participate in these processes, including genes and proteins, have been extensively 

catalogued. However, the emergent physical principles that coordinate these 

components across hierarchical scales and give rise to adaptive behaviors, which do not 

appear in nonliving matter, remain poorly understood. In this study, we present multi-

scale mechanistic frameworks that combine theoretical modeling, computational 

simulations, and quantitative experiments to clarify how adaptability emerges from 

interactions among three hierarchical levels: intracellular structural proteins, cytoskeletal 

networks, and entire cellular systems. We first identify statistical laws that determine how 

cells regulate the lengths of structural proteins in order to maintain mechanical 

homeostasis, which serves as a foundational requirement for cellular adaptability. 

Building on this foundation, we then demonstrate through phase transition theory and 

numerical simulations that the remodeling of cytoskeletal networks is driven by critical 

transitions that depend on the stiffness of the environment. To understand how cells 

preserve robust adaptability under noise, we introduce a quantitative framework based 

on nonequilibrium physics that separates intrinsic functional fluctuations from thermal 

noise. Contrary to the classical view that emphasizes microtubule-based motors, our 

results show that actomyosin activity is the predominant source of these functional 

fluctuations. We further demonstrate that cellular senescence profoundly reorganizes 

this fluctuation landscape. Senescent cells display an increase in the magnitude of 

fluctuations but a marked reduction in their diversity. This loss of heterogeneity indicates 

a decline in regulatory entropy, which provides a mechanistic link between altered 

intracellular dynamics and the diminished adaptive capacity that characterizes aging. 

Taken together, these findings establish a comprehensive physical mechanism that 

connects molecular statistics with cellular physiology and highlights the active regulation 

of fluctuations as an essential feature of living matter. 
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Ⅰ Introduction 

 

Ⅰ-1. Cellular adaptability 

Cellular adaptability is a key fundamental and defining characteristic of living systems (Ⅰ.1,2). 

Unlike static objects or simple reactive systems, biological entities exist in a state of 

continuous flux, maintaining their systems through the active sensing and processing of a 

vast array of internal and external environmental cues. This capacity to adaptively modify 

internal architecture, morphology, and biological functions is not merely a passive response 

to external forces, but a highly coordinated and sophisticated regulatory process. It allows 

cells to remain robust and functional across diverse physiological regimes, ensuring survival 

in the face of fluctuating conditions that characterize the microscopic world. This biological 

flexibility stands in stark contrast to the design principles of artificial machines. In the field of 

engineering, systems such as automobiles or robotic devices are typically built upon a pre-

programmed logic, where responses to environmental changes are limited to specific 

parameters and scenarios anticipated during the design and manufacturing process. When 

such an artificial system encounters a situation outside its predefined specifications, it often 

fails because its structural and functional rules are rigid and lack the capacity for self-

reorganization. In contrast, living cells exhibit a versatile flexibility that transcends the 

limitations of fixed instructions. Biological systems handle novel situations and stochastic 

noise not by adhering to a rigid blueprint, but by utilizing a dynamic remodeling of their 

subcellular constituents. This adaptability enables cells to navigate unpredictable 

environments and maintain operational stability.  

The implications of cellular adaptability extend to the most essential processes of 

life, governing the spatiotemporal transitions required for tissue development and 

maintenance ( Ⅰ .3). For instance, during cell proliferation, the stepwise maturation of 

intracellular structures acts as a series of mechanical checkpoints that align the physical state 

of the cytoplasm with the timing required for proper cell cycle progression ( Ⅰ .4,5). 

Furthermore, during differentiation, mechanical cues from the extracellular matrix guide 

distinct intracellular orders that influence cell fate and lineage specification (Ⅰ.6,7). The 

biological importance of studying these adaptive mechanisms is further highlighted by the 

severe consequences of their failure. A decline in adaptive capacity or a malfunction in 

homeostatic regulation is frequently the root cause of various pathological states. When cells 

fail to maintain stable mechanical phases or properly reorganize their cytoskeleton under 

stress, they may enter pro-inflammatory states that lead to the progression of diseases such 

as atherosclerosis(Ⅰ.8,9). In the context of cancer, the loss of normal adaptive constraints 

allows for aberrant mechanical behaviors and invasive transitions (Ⅰ.10). Additionally, the  
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process of cellular senescence has been shown to reshape the fluctuation landscape of the 

cytoplasm, leading to a reduction in regulatory flexibility and a diminished ability to respond 

to environmental demands (Ⅰ.11). Therefore, understanding the principles, both biochemical 

and physical, that govern how cells execute precise adaptive responses amidst stochastic 

noise remains one of the most compelling challenges. 

 

Ⅰ-2. Hierarchical organization of the actomyosin cytoskeleton 

The structural integrity and adaptive capacity of living cells arise from a sophisticated 

hierarchical organization that spans multiple length scales, from nanometer-sized molecules 

to macroscopic cellular structures (Ⅰ.12). In classical engineering, artificial machines are 

constructed as assemblies of discrete, pre-designed parts. The functionality of these systems 

is typically determined by a rigid blueprint, where each component is manufactured to meet 

specific tolerances and then integrated into a fixed architecture. In such systems, the 

relationship between individual parts and the whole is static, and any deviation from the 

original design often leads to a loss of performance or mechanical failure. In contrast, cellular 

architecture is not a product of external assembly but emerges through a process of 

spontaneous self-organization. This self-organizing nature allows for an integrated hierarchy 

where macroscopic order is continuously maintained through the collective behavior of its 

microscopic constituents. Unlike engineered structures, where the properties of the whole 

Fig. Ⅰ-1 Hierarchical organization of the actomyosin cytoskeleton.  

The cellular mechanical architecture spans multiple length scales, emerging from the self-

organization of nanometer-sized molecular building blocks (G-actin and myosin II) into 

mesoscopic structures (F-actin networks and stress fibers). These local interactions 

integrate to determine the global mechanical behavior at the macroscopic cellular level. 



3 

 

are a simple summation of its parts, the cell functions as a multi-scale system where the 

interactions between different levels are dynamic and reciprocal. This ensures that the cell 

can maintain structural coherence while remaining flexible enough to reorganize its entire 

framework in response to environmental changes. 

 At the core of this cellular mechanical hierarchy is the cytoskeleton, a dynamic 

network of biopolymers that provides both mechanical stability and the machinery for force 

generation (Ⅰ.13,14). The actomyosin system, in particular, exemplifies how local molecular 

interactions propagate across scales to determine global cellular behavior. At the nanometer 

scale, G-actin monomers polymerize into filamentous F-actin (Ⅰ.15,16). These filaments 

then interact with various actin-binding proteins, such as cross-linkers and molecular motors 

like myosin II, to form diverse architectures including branched networks, isotropic meshes, 

and highly aligned bundles known as stress fibers. Unlike the static joints in man-made 

trusses, the connections within the cytoskeletal network are transient and governed by 

specific binding energies, such as “turnover”, allowing the structure to continuously remodel 

itself while maintaining mechanical continuity. 

 The interaction between these hierarchical levels is characterized by a high degree 

of mechanical coupling. For instance, the contractile forces generated by myosin motors at 

the molecular level are integrated across the actin network to produce macroscopic tension 

at the cellular scale (Fig.Ⅰ-1). This cross-scale communication is not unidirectional; the 

macroscopic boundary conditions, such as the stiffness of the extracellular matrix, feed back 

to influence the arrangement and stability of the microscopic filaments. In stress fibers, this 

is evidenced by the periodic organization of α-actinin and myosin, forming sarcomere-like 

contractile units that allow the cell to behave as a coherent mechanical entity. 

 

Ⅰ-3. Tensional homeostasis 

Homeostasis is one of the most essential functions unique to living systems, enabling them 

to maintain a stable internal state despite continuous fluctuations in the external environment. 

This concept, originally described as the maintenance of the "milieu intérieur (internal 

environment)" allows biological organisms to preserve physiological variables, such as 

temperature, pH, and nutrient concentrations, within narrow functional ranges (Ⅰ.17). At the 

cellular level, this principle of stability extends beyond biochemical parameters to include the 

mechanical state of the cell, a phenomenon known as tensional homeostasis (Ⅰ.18–20). 

Tensional homeostasis refers to the active process by which nonmuscle mesenchymal cells, 

such as fibroblasts and endothelial cells, maintain a constant level of intracellular tension and  
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associated signaling activities (Fig.Ⅰ-2). While passive materials simply remain deformed or 

fail under external loads, living cells sense mechanical perturbations, such as substrate 

stretching or fluid shear, and trigger structural remodeling to relax these stresses back to a 

basal set-point. This mechanical stability provides a consistent baseline, or "mechanical 

quietness," which is necessary for cells to accurately detect and respond to new 

environmental cues without being overwhelmed by persistent noise. 

 The primary machinery responsible for this homeostatic control is the actomyosin 

cytoskeleton. The internal tension is sustained through a delicate balance between highly 

organized contractile bundles, known as stress fibers (SFs), and a more stochastic, 

directionless network of actin filaments (AFs) that pervades the cytoplasm. SFs serve as the 

major force-bearing elements, particularly in well-spread cells, and can undergo maturation 

to reach higher tension levels. For instance, the recruitment of α-smooth muscle actin (α-

SMA) to preexisting bundles allows SFs to reinforce themselves, leading to the emergence 

of secondary, "supermature" homeostatic set-points (Ⅰ.21,22). This transition demonstrates 

that tensional homeostasis is not a rigid state but an adaptive one that can shift depending 

on the mechanical demands of the environment, such as increased substrate stiffness. 

Fig. Ⅰ-2 Schematic representation of cellular tensional homeostasis.  

Upon mechanical perturbation, intracellular tension transiently deviates from its baseline but 

is actively regulated to return to a specific homeostatic set-point. This relaxation process is 

mediated by cytoskeletal remodeling, ensuring mechanical stability and consistent 

sensitivity to environmental cues. 
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 The physiological importance of maintaining tensional homeostasis is underscored 

by its role in regulating biochemical signaling. Persistent mechanical stress is a known trigger 

for pro-inflammatory and growth-related pathways, such as the MAPK cascade (Ⅰ.23). By 

actively relaxing internal tension, cells prevent the chronic activation of these signals. 

Consequently, a failure in this homeostatic regulation is a hallmark of various diseases. For 

example, the loss of tensional set-points is closely linked to the progression of 

atherosclerosis, chronic inflammation, and the invasive transformation of cancer cells (Ⅰ.8,9). 

Thus, understanding the principles that govern the stability and transitions of these 

homeostatic states is vital for both fundamental biophysics and the development of new 

clinical perspectives. 

 

Ⅰ-4. Equilibrium and nonequilibrium descriptions of biological systems 

Living systems are fundamentally characterized by their departure from thermodynamic 

equilibrium. Unlike isolated systems that inevitably evolve toward a state of maximum entropy, 

cells are open systems that continuously exchange energy and matter with their surroundings. 

This nonequilibrium nature is primarily driven by the constant flux of chemical energy, most 

notably through the hydrolysis of adenosine triphosphate (ATP) ( Ⅰ .24). This energy 

consumption powers molecular motors, maintains ion gradients, and drives the active 

reorganization of the cytoskeleton, generating active stresses that cannot be explained by 

thermal fluctuations alone. 

 Despite this inherent nonequilibrium character, the framework of equilibrium 

statistical mechanics remains an exceptionally powerful tool for deciphering the complexity 

of living system (Ⅰ.25). The application of concepts such as the Boltzmann distribution and 

free energy minimization has enabled the successful modeling of a wide array of biological 

phenomena across multiple scales. A prominent example is the quantitative description of 

gene regulatory networks and cell fate transitions. "Waddington landscape" can be quantified 

using statistical mechanical principles to map the stochastic paths of development and 

differentiation ( Ⅰ .24). In these contexts, treating complex interactions between DNA, 

proteins, and RNA as being in "effective equilibrium" allows for the characterization of quasi-

stable states that define cellular identity (Ⅰ.26–28).  

 Simultaneously, the limitations of equilibrium descriptions have necessitated the 
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development of nonequilibrium physical frameworks, such as active matter theory and 

stochastic thermodynamics. These approaches are essential for understanding phenomena 

that explicitly break time-reversal symmetry and violate the fluctuation-dissipation theorem. 

For instance, research on the mesoscopic fluctuations within the cytoplasm has revealed that 

biological systems operate far from equilibrium to enhance sensitivity and speed in cellular 

responses (Ⅰ.29). These nonequilibrium features are not merely biological noise but are 

functional elements that allow cells to execute precise mechanical tasks amidst stochasticity. 

 In unraveling complex cellular phenomena, we argue that it is insufficient to simply 

conclude that life is a nonequilibrium system. Rather, a critical challenge lies in identifying 

the extent to which a biological process can be understood through the lens of equilibrium 

physics. By clarifying where equilibrium descriptions fail, we can precisely isolate and define 

the specific roles played by nonequilibrium dynamics. We contend that integrating both 

equilibrium and nonequilibrium perspectives is essential for decoding the hierarchy of 

physical principles that govern living systems. This dual approach not only provides a more 

profound understanding of cellular adaptability but also contributes to expanding the 

boundaries between biology and physics, offering a unified framework to explore the origins 

of biological order and its breakdown in disease or senescence. 

 

Ⅰ-5. Mechanochemical regulatory mechanisms 

Biochemical signaling constitutes the internal control circuitry of the cell, functioning as a 

sophisticated information-processing system that interprets environmental cues to 

coordinate appropriate biological responses. While these pathways can be likened to 

engineered electronic circuits in their ability to relay and amplify signals, they possess a 

unique complexity characterized by an inherent balance between precision and stochasticity. 

Unlike the rigid, deterministic logic of man-made devices, cellular signaling involves 

significant fluctuations and noise, which are not merely errors but essential features that 

enable diverse and flexible outputs. This interplay between accuracy and inaccuracy allows 

the cell to navigate unpredictable environments, providing the regulatory plasticity required 

for versatile adaptation across various scales. 

 Within this complex circuitry, the Rho family of small GTPases serves as a master  
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regulatory hub that integrates diverse upstream signals (Fig. Ⅰ). These proteins act as 

molecular switches that cycle between an inactive GDP-bound state and an active GTP-

bound state, a process strictly regulated by guanine nucleotide exchange factors (GEFs). 

Specifically, GEFs facilitate the activation of RhoA by promoting the exchange of GDP for 

GTP in response to mechanical or chemical stimuli. Once activated, RhoA-GTP interacts with 

multiple downstream effectors to trigger a cascade of events that govern both the structural 

supply and the contractile state of the actin cytoskeleton (Ⅰ.30,31). 

 Signaling through Rac1 and Cdc42 activates the Arp2/3 complex via WAVE and 

WASP, respectively, promoting the formation of branched actin networks. In contrast, RhoA 

signaling activates formins such as mDia, which nucleate long, linear actin filaments. These 

filaments serve as the structural backbone for SFs. The activity of mDia downstream of RhoA 

ensures a steady supply of linear actin polymers that can be bundled into higher-order 

contractile structures (Ⅰ.32,33). Furthermore, the maintenance of a flexible and responsive 

cytoskeleton requires the continuous turnover of actin filaments, a process mediated by actin-

binding proteins such as cofilin. By preferentially binding to ADP-actin and severing older 

filaments, cofilin accelerates filament disassembly and promotes depolymerization, thereby 

enabling the efficient recycling of actin monomers into the cytoplasmic pool. This dynamic 

Fig. Ⅰ-3 Mechanochemical regulatory circuits governed by Rho GTPases.  

The Rho family of GTPases acts as a master regulatory hub coordinating cytoskeletal 

dynamics. Rac1 and Cdc42 drive actin nucleation and polymerization through the Arp2/3 

complex and formins (structural supply), while the RhoA/ROCK pathway governs 

actomyosin contractility via MLC phosphorylation (force generation). 
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turnover allows the cell to rapidly redeploy its cytoskeletal resources and prevents the actin 

network from becoming a static, rigid lattice (Ⅰ.34,35). 

 The generation of mechanical force within the cell is a tightly regulated process that 

depends on the activation of nonmuscle myosin II, primarily orchestrated by Rho-associated 

coiled-coil-containing protein kinase (ROCK). As a serine/threonine kinase and a major 

downstream effector of RhoA, ROCK functions as a molecular integrator that translates 

biochemical signals into mechanical tension. This regulation is achieved through a dual 

mechanism that ensures robust and sustained contractility. First, ROCK directly 

phosphorylates the regulatory myosin light chain (MLC) at serine 19, enhancing the actin-

activated ATPase activity of myosin II and promoting the assembly of myosin into bipolar 

filaments. Second, ROCK phosphorylates the myosin-binding subunit of myosin light chain 

phosphatase (MYPT1), thereby inhibiting phosphatase activity. This inhibition prevents the 

dephosphorylation of MLC, a process referred to as calcium sensitization, which allows cells 

to maintain high levels of contractile tension even under basal intracellular calcium 

concentrations. Through this multifaceted regulation, ROCK determines the magnitude of 

active stress within the actomyosin network, effectively bridging transient biochemical 

signaling events and persistent mechanical states of the cytoskeleton (Ⅰ.36–38).  

However, while these biochemical signaling pathways define the accessible 

molecular states and the turnover rates of cytoskeletal components, they alone cannot fully 

account for the emergence of complex spatial orders. The resulting structural organization is 

fundamentally governed by physical principles and emergent properties. Once upstream 

regulators, including guanine nucleotide exchange factors (GEFs), RhoA, and ROCK, 

establish key physical parameters such as active stress, binding affinities, and actin 

monomer concentration, the system spontaneously evolves toward a mechanically 

constrained steady state dictated by fundamental physical principles. In this unified 

framework, biochemical signaling determines the timing and permissibility of cytoskeletal 

reorganization by tuning the control parameters, whereas physical principles ensure the 

robustness and reproducibility of the resulting structures. 

 

Ⅰ-6. Our motivation  

The primary motivation of our work is to elucidate the fundamental mechanisms that define 
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livingness, the quintessential essence of biological systems. This essence is most strikingly 

manifested in the cellular remarkable adaptive capacity and its ability to maintain tensional 

homeostasis. As explored in the preceding sections, cells sense their ever-changing 

environments and flexibly reorganize their internal architecture to preserve stability. However, 

the sheer complexity of these processes, where microscopic fluctuations give rise to 

macroscopic order, presents a significant challenge to our understanding. 

 Contemporary research has largely focused on identifying specific molecular 

components and signaling pathways. With the advancement of measurement technologies, 

it has become possible to acquire large-scale datasets that map these constituents with high 

precision. However, the mere identification of elements is insufficient to explain how a cell, 

which is far more than a simple assembly of its parts, generates sophisticated emergent 

functions. Life remains teeming with unexplained phenomena, and even at this moment, 

discoveries that defy our current imagination may be occurring. For such a dynamic subject, 

the underlying physical rules may not be fully explainable by established physical theories 

alone. By bridging the gap between biochemistry and physics, this work endeavors to 

confront these challenging questions, aiming to deepen our understanding of biological 

systems and contribute to the pioneering of new academic frontiers. 

 This dissertation is organized as follows to provide a multifaceted exploration of 

cellular adaptability and homeostasis. In chapter Ⅱ , the theoretical requirements for 

maintaining cellular tensional homeostasis are investigated. By focusing on the length 

distribution of actin filaments, a constrained optimization problem is formulated to determine 

the optimal architectural configuration required for sustained tension by the framework of 

thermodynamics and statistical mechanics. In chapter Ⅲ , the emergence of multiple 

homeostatic set-points is explored. The recruitment of α-SMA and the resulting reinforcement 

of stress fibers are modeled to demonstrate how different stable tension states can arise 

depending on the mechanical environment. In chapter Ⅳ, percolation theory is employed to 

analyze the dynamics of cytoskeletal remodeling. The physical origins of the observed 

asymmetry between the creation and disintegration of force-bearing structures are elucidated 

through the lens of network connectivity. In chapter Ⅴ, the adaptive flexibility of cells is 

considered from the perspective of nonequilibrium entropy production. By quantifying 

structural randomness, it is shown how the inherent variability in sarcomere-like assemblies 

lowers energy barriers for remodeling, enabling flexible responses to environmental 

demands. In chapter Ⅵ, the process of intracellular organization depend on the stiffness of 
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surrounding environment is treated as a series of hierarchical phase transitions. A statistical-

mechanical framework is developed to describe how mechanical cues guide distinct 

structural orders through threshold-dependent transitions. In chapter Ⅶ , functional 

fluctuations within the cell are revealed through nonequilibrium physics. By distinguishing 

nonthermal fluctuations from thermal noise, this study demonstrates how cellular senescence 

reshapes the fluctuation landscape and diminishes regulatory flexibility. 

 Finally, while the approaches presented here explain only a fraction of the vast 

phenomena of cellular adaptability and homeostasis, we offer a new lens through which to 

view the cell. By reinterpreting biological events through the perspective of physical 

inevitability, this work seeks to provide a principled foundation for understanding the dynamic 

nature of life. 
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Ⅱ  What is the requirement for cellular tensional homeostasis? – Theoretical 

analysis 

 

Ⅱ-1. Summary 

Tensional homeostasis is a cellular process whereby nonmuscle cells such as fibroblasts 

keep a constant level of intracellular tension and signaling activities. Cells are allowed thanks 

to tensional homeostasis to adapt to mechanical stress, but the detailed mechanism remains 

unclear. Here we address from a theoretical point of view what is required for maintaining 

cellular tensional homeostasis. A constrained optimization problem is formulated to 

analytically determine the probability function of the length of individual actin filaments (AFs) 

responsible for sustaining cellular tension. An objective function composed of two entropic 

quantities measuring the extent of formation and dispersion of AFs within cells is optimized 

under two constraint functions dictating a constant amount of actin molecules and tension 

that are arguably the two most salient features of tensional homeostasis. We then derive a 

specific probability function of AFs that is qualitatively consistent with previous experimental 

observations, in which short AF populations preferably appear. Regarding the underlying 

mechanism, our analyses suggest that the constraint for keeping the constant tension level 

makes long AF populations smaller in number because long AFs have a higher chance to be 

involved in bearing larger forces. The specific length distribution of AFs is thus required for 

achieving the constrained objectives, by which individual cells are endowed with the ability 

to stably maintain a homeostatic tension throughout the cell, thereby potentially allowing cells 

to locally detect deviation in the tension, keep resulting biological functions, and hence 

enable subsequent adaptation to mechanical stress. Although minimal essential factors are 

included given the actual complexity of cells, our approach would provide a theoretical basis 

for understanding complicated homeostatic and adaptive behavior of the cell. 
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Ⅱ-2. Introduction 

Homeostasis is responsible for the maintenance of living systems, in which their internal and 

external elements exhibit complex interactions. In addition to the well-known presence at the 

organismal level, homeostasis has actually been recognized to be of importance at the 

individual cellular level. Tensional homeostasis is one of the known homeostatic mechanisms, 

by which nonmuscle cells such as fibroblasts, endothelial cells, and cancer cells are allowed 

to sustain a constant level of tension through turnover of their constituent proteins (Ⅱ.1–4). 

Cellular tension is thus relaxed to the basal level over time even upon mechanical stress that 

disturbs intracellular tensional balance (Ⅱ.5, 6). Mechanical stresses such as cell stretch 

and fluid shear stress are known to trigger signaling pathways, and importantly such signals, 

typically associated with cell growth and inflammation, are suppressed concomitantly with 

the recovery of cellular tension. Thus, tensional homeostasis plays crucial roles in functional 

adaptation of nonmuscle cells to mechanical environment and consequently has been 

implicated in many diseases such as atherosclerosis (Ⅱ.7–12); however, the detailed 

mechanism remains largely unknown. 

Given that living systems are comprised of many structural/functional “layers” that are 

highly complicated but closely associated with each other, deciphering the homeostasis at 

the cell layer level will contribute to deeper understanding of the whole homeostasis and 

resulting adaptive behavior at the organismal level. With this motivation, we must be in a 

position to tackle this challenging but exciting topic, namely the mechanism underlying 

cellular tensional homeostasis. Here we discuss physical aspects of the mechanism from a 

theoretical point of view bridging subcellular and cellular layers. Specifically, we address what 

is the requirement for actin filaments (AFs), a major cytoskeletal component that undergoes 

turnover, to allow for sustaining a constant level of tension over the cytoplasm. A constrained 

optimization problem is then formulated to describe the probability function of the length of 

individual AFs. Our result yielded a probability function with no local maxima unlike the 

Gaussian distribution but consistent with experimental observations, describing how the 

homeostasis at the cellular level is achieved on the underlying basis of the molecular level. 

 

Ⅱ-3. Methods 

Ⅱ-3.1 Constraint function 

We aim to derive the length distribution of the individual AFs in cells according to the method 

of Lagrange multipliers. The number of actin monomers that constitute an AF with a length 

of 𝑙i  is 𝑛i  where i  is a positive integer. We normalize the length (effective diameter) of 

individual actin monomers to be unity, and AF length is proportional to the number of 

constituent actin monomers; accordingly, 𝑙i+1 = 𝑙i + 𝑙1 = 𝑙i + 1 . We consider two equality 
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constraints. First, we assume that the total number of actin monomers within the cell, N, 

remains constant in accordance with the fact that actin is commonly used as a 

"housekeeping" protein in Western blotting analysis, and is thus described as 

 

N = ∑𝑛i . (Ⅱ− 1) 

 

The probability that actin monomers belong to a population of AFs with a length of 𝑙i  is 

described by 

 

𝑝i =
𝑛i

N
(Ⅱ− 2) 

 

where the sum of the probabilities is unity given Eq. (Ⅱ-1). 

We impose another equality constraint to capture the essence of tensional homeostasis. 

Cells are known to sustain preexisting tension of a similar magnitude over the cytoplasm, 

which is borne by the meshwork of AFs undergoing interactions with myosin II (Ⅱ.12–16). 

These observations suggest that the expected value of the tension in individual AFs of the 

meshwork is constant. The expected value 𝐹 is then described as an equality constraint by 

 

𝐹 = ∑𝑝i𝑓i (Ⅱ− 3) 

 

where 𝑓i is a tension borne by an AF with a length of 𝑙i. The tension in the AF meshwork, 

which finally gives rise to tensional homeostasis, is generated by the dynamic interaction with 

myosin II. To bear the tension, individual AFs must be long in length enough to make contact 

with other surrounding AFs to form a meshwork (Ⅱ.17–20). Otherwise, the tension is not 

transmitted across the cytoplasm even with the presence of myosin II activity. In other words, 

longer AFs would more frequently bear a level of tension compared to shorter ones. Besides, 

because there is an upper limit of the myosin II activity, individual AFs would sustain up to a 

certain level of forces. To capture these features, the relationship between 𝑓i  and 𝑙i  is 

described by a sigmoid function 

𝑓i =
𝑓0

1 + exp(𝑙0 − 𝑙i)
(Ⅱ− 4) 

 

where 𝑓0 and 𝑙0 represent the maximum force and the length with the maximum slope of 



14 

 

force, respectively (Supporting Material Fig. Ⅱ-S1). 

 

Ⅱ-3.2 Objective function 

What is appropriate for the objective function of the constrained problem that characterizes 

tensional homeostasis? AFs, responsible for bearing cellular tension, are subject to turnover, 

by which the constituent monomers are polymerized and/or depolymerized. This continuous 

turnover allows intracellular AFs to fluctuate in length, and from an entropic perspective they 

are supposed to take as many states as possible at equilibrium. Thus, the probability 

distribution of AF length would be partly determined to increase a specific entropy that 

dictates formation of AFs with extensive fluctuations and is here described by 

 

𝑆f = kbln𝑊 (Ⅱ− 5) 

 

where kb and 𝑊 denote the Boltzmann constant and the number of states, respectively. 

Under the principle of equal a priori probabilities of each AF length, the number of states of 

actin molecules is described by 

 

𝑊 =
N!

𝑛1! 𝑛2!⋯𝑛m!
(Ⅱ− 6) 

 

where m is a group of AFs with the longest length. Using Stirling's approximation and Eqs. 

(Ⅱ-1) and (Ⅱ-2), Eq. (Ⅱ-5) is rewritten as 

 

𝑆f = −kbN∑𝑝i ln𝑝i (Ⅱ− 7) 

 

(see Supporting Material for derivation). We adopt this formation-associated entropy as one 

of the objective functions. 

As already discussed above, AFs must be distributed throughout the cytoplasm to form 

a meshwork where preexisting tension is sustained. As another objective function, we then 

consider an entropy related to the spatial distribution of AFs given that extensive dispersion 
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of the AFs would allow the cells to be stabilized. Actin-based structures include directional 

architectures such as stress fibers that align in a specific direction, but the cytoplasmic 

“directionless” AF meshwork is more commonly present in nonmuscle cells (Ⅱ.17–20). The 

presence of the random meshwork is supposed to allow the cells to stabilize the whole cell 

architecture (Ⅱ.13, 14) as well as to sense and respond to mechanical cues arising from 

arbitrary directions (Ⅱ.11, 21). To evaluate this dispersion-associated entropy, we analyze 

the extent of intracellular regions where AFs are dispersed depending on their length; here, 

if all actin monomers form a single long AF, the region of the cell to be occupied, mechanically 

supported, and communicated by the AF will be limited in space; meanwhile, if actin 

monomers instead form many short AFs, they overall would be able to cover a large region 

Figure Ⅱ-1 Schematic to explain 𝑆𝑑. (a) Schematic of the cytoplasm (black) where AFs 

(green) assumed to be formed by one-dimensional association of actin monomers to have 

a length of 𝑙i are spatially distributed. (b) The cytoplasm is divided by compartments with 

a length of a. AFs (green) occupy some of the compartments (gray). The arrows in the cell 

show the length of AFs. An example of 𝑙i comprising of 15 actin monomers is shown. See 

Supporting Material for detailed explanation. 
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upon dispersion. 

For the analysis, the cytoplasm is modeled to consist of compartments, the number of 

which is sufficiently larger than that of AFs (Fig. Ⅱ-1). For each AF, the degree of intracellular 

dispersion is evaluated by counting the maximum number of compartments to which the AF 

can be distributed. The number of the compartments that an AF can occupy is partly 

determined by its length 𝑙i and the compartment size a. We do not consider deformation of 

AFs for simplicity, and thus only one-dimensional arrangement is analyzed. The maximum 

number of compartments that can be covered by all the existing AFs is expressed by the 

following equation (see Supporting Material for detailed explanation): 

 

𝐺 =
𝑛1

𝑙1
+ 2∑

𝑛i

𝑙i

1+a

i=2
+ 3∑

𝑛i

𝑙i

1+2a

j=2+a
+ ⋯ = 

𝑛1

𝑙1
+ ∑ ∑ (j + 1)

𝑛i

𝑙i

1+aj

i=2+a(j−1)
.

m−2
a

+1

j=1
(Ⅱ− 8) 

 

As 𝑛i/𝑙i denotes the number of individual AFs of length 𝑙i, we can compute using Eq. (Ⅱ-

8) the contribution of each length population to 𝐺, which we denote as 𝐴i. In other words, 

Eq. (Ⅱ-8) is alternatively described as 

 

𝐺 = ∑𝐴i

𝑛i

𝑙i
. (Ⅱ− 9) 

 

𝐺  measures the extent of intracellular dispersion of AFs, which is identical in concept to 

entropy. To evaluate its effect on the stabilization of the cell, we introduce a constant kb
′  

having the same unit as that of the Boltzmann constant kb to define dispersion entropy 

 

𝑆𝑑 = kb
′ ∑N

𝐴i

𝑙i
𝑝i . (Ⅱ− 10) 

 

Given that formation entropy 𝑆f and dispersion entropy 𝑆d are independent of each other, 

we describe the overall objective function or the overall entropy of the system 𝑆 as the sum 

of them, i.e.,  

 

𝑆 = −kbN∑𝑝i ln𝑝i + kb
′ ∑N

𝐴i

𝑙i
𝑝i . (Ⅱ− 11) 

 

Note that to be exact the overall entropy characterizing highly complex systems like cells 

would contain numerous entropy-associated factors with a form of the product/sum of them. 
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For example, the product of two hierarchical entropies may be needed to appropriately 

characterize the overall system if we look at the details of the larger factor. The entropy in 

such a complex system will thus be practically determined by the final coarseness of the 

model. The sum, on the other hand, describes independent factors; but, if the effect is small 

enough, its contribution would be ignored. In the present case, we have considered the two 

independent entropies, i.e., how AFs are creased (𝑆f) and how AFs are dispersed (𝑆d), both 

of which are supposed be the two most essential factors in the AF-based cellular tensional 

homeostasis; and, their relative contributions are evaluated by changing the ratio of effective 

Boltzmann constants kb  and kb
′  , each of which relates the number of their respective 

possible microstates to the macroscopic cell state. 

 

Ⅱ-3.3 Lagrange multipliers 

Introducing Lagrange multipliers α and β for the constraint function Eq. (Ⅱ-1) (divided by 

N  and substituted to Eq. (Ⅱ-2)) and Eq. (Ⅱ-3), respectively, the partial derivative of the 

Lagrangian function 

 

ℒ = 𝑆 − 𝛼 (∑𝑝i𝑓i − 𝐹) − 𝛽 (∑𝑝i − 1) (Ⅱ− 12) 

 

is taken with respect to 𝑝𝑖 to find a specific distribution of AFs that maximizes the objective 

function of Eq. (Ⅱ-12) under the constraints. Thus, the probability function of AFs that 

stabilizes the cell system at equilibrium is obtained by the method of Lagrange multipliers 

together with thermodynamic considerations to be 

 

𝑝i =
exp [(kb

′ 𝐴i

𝑙i
−

V𝜆
2TN𝑓i) kb⁄ ]

∑ exp [(kb
′ 𝐴i

𝑙i
−

V𝜆
2TN𝑓i) kb⁄ ]

(Ⅱ− 13) 

 

where V , 𝜆 , and T denote the volume, preexisting strain, and temperature of the cell, 

respectively (see Supporting Material for derivation). 

 

Ⅱ-3.4 Parameters 

The following parameters are used unless otherwise stated: N = 1,000, kb = 1.38×10-23 J/K, 

T = 309.5 K, V = 6×10-16 m3, λ = 0.2, 𝑙1 = 1, a = 10, 𝑓0 = 10-12 N, and 𝑙0 = 80. Here, the 

values for T and V were chosen from a typical temperature and cell volume, respectively; 
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the value for N was chosen arbitrarily; the values for the spatial parameters a and 𝑙0 are 

arbitrarily chosen and are normalized by 𝑙1; the value for kb is taken from the Boltzmann 

constant; and, the values for λ and 𝑓0 are chosen from in vivo (Ⅱ.12–15) and in vitro data 

(Ⅱ.22), respectively. 

 

Ⅱ-4. Results 

Ⅱ-4.1 The relative effect of the two entropies 

To capture the basic feature of the appearance probability of actin molecules 𝑝i derived as 

Figure Ⅱ-2 Length distribution of AFs comprising of N = 1,000 monomers at kb′ kbΤ  = 1 

(a), kb′ kbΤ  = 2 (b), kb′ kbΤ  = 4 (c), kb′ kbΤ  = 6 (d), kb′ kbΤ  = 8 (e), and kb′ kbΤ  = 10 (f). 

With a larger kb′ kbΤ , populations of AFs with shorter lengths increase in the cell. 
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a function of length 𝑙i, the effect of changing the ratio of kb
′  to the constant kb was analyzed. 

At kb
′ kbΤ  = 1, the distribution was approximately comparable in number for all AF lengths 

(Fig. Ⅱ-2a). As kb
′ kbΤ  is raised up to 10, the distribution is skewed toward short AFs (Fig. 

Ⅱ-2b–f). Further smaller and larger kb
′ kbΤ  resulted in a distribution similar to that at kb

′ kbΤ  

= 1 and 10, respectively (Supporting Material Fig. Ⅱ-S2). Thus, lowering the relative  

contribution of kb
′ , or namely weighting the effect of 𝑆f, gives rise to a uniform distribution of 

AF length. Meanwhile, increasing the relative contribution of kb
′ , or weighting the effect of 

𝑆d, gives rise to a distribution skewed to short AFs. Their log-log plots suggest that, with the 

raised kb
′ kbΤ  , the distribution tends to approach an exponential distribution (Supporting 

Material Fig. Ⅱ-S3). Thus, the overall distribution does not display a peak at a specific length 

as in a normal distribution and is not preferentially dominated by long AFs. 

 

Ⅱ-4.2 The effect of force in AFs 

The effect of increasing the maximum force 𝑓0 that individual AFs sustain was analyzed at 

kb
′ kbΤ  = 0.1 (Fig. Ⅱ-3a) and 4 (Fig. Ⅱ-3b), in which the distribution is uniform and skewed 

to short AFs, respectively, as already described above. In both cases, the increase in 𝑓0 up 

to 100 N resulted in suppression of AF populations with a length longer than 𝑙0 (set to be 80 

here). To compensate for the suppressed population, the appearance probability was 

uniformly raised in the other populations. This behavior is observed because of the constraint 

of the expected value of force given by Eqs. (Ⅱ-3) and (Ⅱ-4). More specifically, long AFs 

have a higher chance to be involved in bearing larger forces, and thus the constraint makes 

long AF populations smaller in number. We also analyzed the effect of changing the threshold 

length 𝑙0 in Eq. (Ⅱ-4) while keeping 𝑓0 unchanged at 10-12 N, but almost no change was 

Figure Ⅱ-3 Length distribution of AFs comprising of N = 1,000 monomers with 𝑓0 = 10-12 

(blue) and 𝑓0 = 1 (orange) at kb′ kbΤ  = 0.1 (a) and kb′ kbΤ  = 4 (b). 
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observed with 𝑙0 = 20 and 80 both at kb
′ kbΤ  = 0.1 and 4 (Supporting Material Fig. Ⅱ-S4). 

In relation to investigating the role of force, the effect of changing the strain λ, which was 

introduced in the process of defining the internal energy of the cell from a thermodynamic 

perspective (see Supporting Material), was also analyzed. The distribution was almost  

insensitive to the value of λ (0.2 or 0.8) as analyzed at kb
′ kbΤ  = 4 (Supporting Material Fig. 

Ⅱ-S5). The absence of response to these parameters is touched on again in the next section. 

 

Ⅱ-4.3 The individual effect of formation entropy 

We have so far considered both 𝑆f and 𝑆d for characterizing the overall objective function 

Eq. (Ⅱ-11). To evaluate the sole effect of 𝑆f, here we put kb
′  = 0 in the probability function 

of Eq. (Ⅱ-13) where the effect of 𝑆d is omitted. Unlike the case with the two entropies where 

short AFs appear more frequently (Fig. Ⅱ-2), the distribution becomes uniform all along the 

length at a maximum force 𝑓0 of more than 10-4 N (Fig. Ⅱ-4a, b). As 𝑓0 is increased to 10-

2 N, a stepwise increase toward shorter AFs appears at the position of 𝑙0 set here to be 80 

Figure Ⅱ-4 Length distribution of AFs comprising of N = 1,000 monomers at 𝑓0 = 10-6 

(a), 𝑓0 = 10-4 (b), 𝑓0 = 10-2 (c), and 𝑓0 = 100 (d). 



21 

 

(Fig. Ⅱ-4c). With a further increase in 𝑓0 to 100 N, the AF population with a length longer 

than 𝑙0 completely disappears, and accordingly the short population is lifted upward (Fig. 

Ⅱ -4d). This behavior creating a threshold for appearance is consistent with the case 

involving the two entropies (Fig. Ⅱ-3) and can thus be explained in the same way as 

described above; namely, the increase in the maximum force lowers the appearance 

probability of long AF populations. 

We next analyzed the effect of changing the threshold length 𝑙0, which had little effect 

in the presence of 𝑆d in the objective function (Supporting Material Fig. Ⅱ-S4). We found 

that, in the absence of 𝑆d, only a subtle change is observed at a low 𝑓0 of 10-4 N regardless 

of 𝑙0 = 20 or 80 (Fig. Ⅱ-5a), while the extent of the change becomes profound at an 𝑓0 of 

100 N where a steep stepwise change occurs at the position of 𝑙0 (Fig. Ⅱ-5b). Nevertheless, 

the shape of the uniform distribution does not change except for the position of the threshold 

for appearance. 

Figure Ⅱ-5 Length distribution of AFs comprising of N = 1,000 monomers with 𝑙0 = 20 

(green) and 𝑙0 = 80 (pink) at 𝑓0 = 10-4 (a) and 𝑓0 = 100 (b). For visual clarity, point plots 

are also shown on the right for the case of a with magnified vertical axis. 
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In relation to investigating the role of force, we analyzed the effect of λ  as it partly 

determines the sensitivity of entropy to force, in which an increased λ  is supposed to 

increase the sensitivity (Supporting Material Eq. Ⅱ-S28). Unlike the case with the two 

entropies where λ has only little effect (Supporting Material Fig. Ⅱ-S5), increasing λ from 

0.2 to 0.8 does provide a uniform increase in the probability for AF populations with a length 

shorter than 𝑙0  (Supporting Material Fig. Ⅱ-S6). As the increase in λ  strengthens the 

sensitivity to force, it also causes an effect similar to that caused by the increase in 𝑓0, i.e., 

the uniform lift in probability below 𝑙0 due to the constraint of constant expected value of 

force (Figs. Ⅱ-3, 4, and 5). The lift becomes particularly detectable in the absence of 𝑆d as 

the probability is low and flat over lengths less than 𝑙0, while it is hard to detect the subtle 

change in the presence of 𝑆d where the probability is high at short lengths (Fig. Ⅱ-S5). 

 

Ⅱ-4.4 The individual effect of dispersion entropy 

Unlike the above case that 𝑆d is eliminated with kb
′  = 0, 𝑝i is not obtained for the case 

eliminating 𝑆f as kb  is included in the denominator of Eq. (Ⅱ-13). As 𝑆d  takes a larger 

value for shorter AF lengths in a monotonically varying manner (Eq. (Ⅱ-10)), the absence of 

local maxima in the case considering 𝑆f as the only objective function leads to that the 

probability is not analytically derived by the method of Lagrange multipliers. The probability 

that maximizes 𝑆f  under the two constraints dictating the constant amount of actin 

monomers and force would be one in which shorter AFs more frequently appear. Indeed, 

increasing the ratio of kb
′ kbΤ  (i.e., decreasing the relative impact of kb on kb

′ ) approaches 

such a distribution (Fig. Ⅱ-2). 

In relation to 𝑆d, the effect of 𝐴i  denoting the coefficient of 𝑛i/𝑙i  in Eq. (Ⅱ-9) and 

measuring how each length population is spatially dispersed was analyzed. The relationship 

between 𝐴i and 𝑙i as a function of the compartment size a shows that a smaller value of 

a, which more finely divides the cell, increases more steeply with 𝑙i (Supporting Material Fig. 

Ⅱ-S7a). At a small a, the number of compartments occupied by AFs increases relatively 

sensitively with increase in AF length; meanwhile, it does not necessarily increase at a large 

a until the AF length exceeds a certain level to finally make incremental changes. The length 

required for the stepwise increase is determined by the number of summation operations for 

i  in Eq. (Ⅱ-8), specifically (1 + aj) − {2 + a(j − 1)} + 1 = a ; thus, each increment occurs 

upon a length of a. To evaluate the contribution of each actin molecule to the dispersion with 

different AF lengths, the number of occupied compartments per unit length (per bound actin 

molecule), i.e., 𝐴i/𝑙i , was analyzed (Supporting Material Fig. Ⅱ-S7b). 𝐴i/𝑙i  is large for 

short AFs and decreases with increased AF length to converge to the reciprocal of a , 

indicating that the efficiency for intracellular dispersion of individual actin monomers is 
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lowered by being associated with long AFs, but there is a limitation value determined by the 

compartment size a  or equivalently the monomer size. We also analyzed how different 

values of a affect the length distribution of AFs at different kb
′ kbΤ  (Figs. Ⅱ-S8 and S9). The 

results show that increasing a as well as kb
′ kbΤ  both shifts the distribution toward shorter 

AF length populations because the increase in a and kb
′ kbΤ  both decreases the efficiency 

for dispersion (Supporting Material Fig. Ⅱ-S7) and the weight on 𝑆f that leads to a uniform 

distribution (Fig. Ⅱ-2), respectively. It is important to note that our aim here is to capture the 

qualitative features of the probability distribution rather than the specific number; thus, as the 

trend is consistent regardless of the value of a as examined here, we kept a = 10 for the 

other parts of this study. 

 

Ⅱ-5. Discussion 

Nonmuscle cells such as endothelial cells are known to adapt to mechanical stress applied 

from arbitrary directions (Ⅱ.8, 11, 21). What makes this mechanical adaptation possible is 

the presence of tensional homeostasis, which allows the cells to sustain a constant level of 

tension over the cytoplasm through turnover of their constituent proteins (Ⅱ.23–25). To 

address the physical requirement for tensional homeostasis, here we considered what type 

of actin molecule populations is required to provide a specific mean tension throughout the 

cytoplasm. The nature of having various AF lengths in nonmuscle cells – which are supposed 

to behave adaptively in accordance with time-varying intracellular and extracellular milieu – 

is distinct from that of muscle cells – which are in contrast specialized to exhibit unidirectional 

contractile activity. Accordingly, for example, nebulin is expressed specifically within muscle 

cells to stabilize AFs to possess a fixed length (Ⅱ.26). 

Physicochemical mechanisms determining the length of AFs have been analyzed mostly 

on their in vitro dynamic behavior where typically the rate of polymerization/depolymerization, 

viscosity, and diffusion as a function of the length were considered (Ⅱ.27–30). AFs in vitro 

were then predicted to have an exponential distribution, which is qualitatively consistent with 

experimental observations (Ⅱ .31). The effect of some actin-binding proteins was also 

analyzed, yielding in some cases a distribution with a local maximum (Ⅱ.32–37). Regarding 

the AF distribution in living cells, on the other hand, its involvement in constructing 

filopodia/lamellipodia was investigated (Ⅱ.38). However, previous studies have not explicitly 

focused on actin meshwork, namely the basic intracellular architecture (Ⅱ.17–20). Thus, to 

our knowledge, there is no study that investigated how individual cells are endowed with 

tensional homeostasis thanks to their AF resources. Unlike in vitro studies, there are only 

limited experimental data available on the AF length distribution within animal cells, apart 

from that in Dictyostelium discoideum (Ⅱ .39); but, observations of cell breakage after 
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phalloidin-mediated AF stabilization suggest that the probability is clearly higher for shorter 

AFs within cells (Ⅱ.40), thus consistent with our prediction. 

To extract the physical features of tensional homeostasis, we considered the two 

independent factors: 𝑆f  and  𝑆d  that are related to the formation of the force-bearing 

elements and to the spatial distribution of the elements, respectively. 𝑆f indicates in what 

manner each AF is likely to be formed. For example, if all the molecules have the same length, 

the number of states is then unity, meaning that they can only be in a fixed state and are thus 

unstable as a whole since stochastic fluctuations are not allowed. If actin molecules instead 

take various lengths, they would be more stabilized by having a larger number of states. 𝑆d, 

on the other hand, indicates in what manner AFs are likely to be dispersed in the cell. 

Because these two quantities are both identical in concept to entropy, we introduced kb
′  to 

modulate the weight of 𝑆d versus 𝑆f, enabling the comparison of the relative impact to the 

overall system. With regards to the importance of 𝑆d, recent studies have demonstrated that 

mechanosensitive actin-binding proteins such as filamin are distributed over the cytoplasm 

(Ⅱ.21, 41, 42). These cytoplasmic sensors play a role in maintaining cell functions by 

converting mechanical information such as intracellular tension into biochemical information 

such as change in binding affinity, presumably locally detecting deviation in the homeostatic 

tension and hence keeping the functional integrity of the cell (Ⅱ .14). The intracellular 

dispersion of AFs may thus not only be induced according to the natural law of physics, but 

also it may be serving for such biological functions. 

Studies aimed at characterizing the properties of individual proteins have been 

extensively conducted as technical advances have made it possible to perform sophisticated 

measurements at the molecular level, while their collective behaviors are not necessarily 

taken into sufficient account. However, living organisms are not merely a collection of 

elements with separate functions but exist through complex interactions among structurally 

and functionally hierarchical “layers”, thereby allowing the whole system to acquire universal 

features of life such as flexibility, adaptivity, and resulting maintenance of biological activities. 

It is necessary, given the actual complexity of cells, to limit the scope of our research to 

arguably the most essential factor in tensional homeostasis, i.e., the involvement of AFs; but, 

by describing a simple model, we captured the salient features at the cellular and molecular 

levels. Specifically, we derived the length distribution of AFs not by considering isolated 

individuals but by analyzing the population, in which the cellular constraints of having a 

constant level of actin monomers as well as tension turn out that the probability decreases 

as the length increases. Our prediction is in agreement with experimental observations made 

on cells (Ⅱ.40). Exploring the involvement of other actin-regulating proteins (Ⅱ.43) will be 

the subject of future challenging but exciting investigations, for which our approach would 
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provide a basis. To this end, as we discussed just after the introduction of the overall entropy 

of Eq. (Ⅱ-12), further elaborate formulations of entropies and appropriate constraints are key 

to describing the characteristics and roles of the newly added elements. 

 

Ⅱ-6. Supporting Material 

Ⅱ-S1: Figure Ⅱ-S1 

 

 

 

Fig. Ⅱ-S1 The relationship between force 𝑓i and AF length 𝑙i. The force increases up to 

𝑓0, where 𝑙0 characterizes the position of the transition. 
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Ⅱ-S2: Derivation of Eq. (Ⅱ-7) 

From Eqs. (Ⅱ-5) and (Ⅱ-6), the formation-associated entropy is described by 

𝑆f = kbln
N!

𝑛1! 𝑛2!⋯𝑛m!
(Ⅱ− S1) 

Stirling's approximation on Eq. (Ⅱ-S1) together with Eq. (Ⅱ-1) yields that 

𝑆f = kb(lnN! − (ln𝑛1! + ln𝑛2! + ⋯ )) 

= kb (lnN! − ∑ln𝑛i!) 

= kb (N(lnN − 1) − ∑𝑛i(ln𝑛i − 1)) 

= kb (NlnN − ∑𝑛iln𝑛i) . (Ⅱ− S2) 

With Eq. (Ⅱ-2), 

𝑆f = kb (NlnN − ∑N𝑝iln(N𝑝i)) 

= kb (NlnN − ∑N𝑝i(lnN + ln𝑝i)) 

= −kbN∑𝑝i ln𝑝i. (Ⅱ− 7) 
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Ⅱ-S3: Explanation of Eq. (Ⅱ-8) 

 

𝐺 =
𝑛1

𝑙1
+ 2∑

𝑛i

𝑙i

1+a

i=2
+ 3∑

𝑛i

𝑙i

1+2a

j=2+a
+ ⋯ = 

𝑛1

𝑙1
+ ∑ ∑ (j + 1)

𝑛i

𝑙i

1+aj

i=2+a(j−1)

𝑚−2
a

+1

j=1
(Ⅱ− 8) 

 

As described in the main text, 𝑛i is the number of actin monomers in the cell involved in 

constructing AFs of length 𝑙i. Thus, 𝑛i/𝑙i represents the number of individual AFs of length 

𝑙i. The diameter of each molecule is smaller than a that is the compartment size, indicating 

that the number of compartments that can be occupied by a single actin monomer (or an AF 

of length 𝑙1) is always unity as the monomer is the smallest countable unit, which determines 

the first term in the middle expression of Eq. (Ⅱ-8). Thus, i = 1 represents a group of AFs 

with the shortest length. As described in the main text, the diameter and filament lengths of 

actin molecules are normalized by the unit length 𝑙1 = 1. The compartment size of a = 1 

means that the diameter of actin molecules is equal to the length of each compartment; thus, 

the number of compartments occupied by a single AF with a length of, e.g., 𝑙i = 10 is also 

10. Let us consider how the occupied compartments are counted in general with a > 1 based 

on some examples shown in Fig. Ⅱ-1b where a case with a = 3𝑙1 = 3 is drawn. Here, the 

maximum number of compartments that can be occupied by two (𝑙2), three (𝑙3), and four (𝑙4) 

bound actin molecules is all 2 as indicated by the gray-shaded area in the figure. If actin 

polymerizes to have a length of 𝑙5 composed of five actin monomers, the maximum number 

of compartments occupied by this AF is 3 as again indicated by the gray-shaded area. The 

count for these 2 and 3 consecutive compartments corresponds to the second and third terms 

in the middle expression of Eq. (Ⅱ-8), respectively. Here, the number of the AFs is also 

considered; namely, in the case of the population of i = 5, the number of the AFs is 𝑛5/𝑙5 = 

15/5 = 3. The general form, in which the maximum number of the compartments occupied by 

AFs is counted in the same way, corresponds to the right expression of Eq. (Ⅱ-8), where m 

is, again, a group of AFs with the longest length.  

 

Fig. Ⅱ-1b 
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Ⅱ-S4: Derivation of Eq. (Ⅱ-14) 

The partial derivative of Eq. (Ⅱ-13) with respect to 𝑝i is 

 

∂ℒ

∂𝑝i
= ∑[−kbNln𝑝i − kbN + kb

′ N
𝐴i

𝑙i
− 𝛼𝑓i − 𝛽] . (Ⅱ− S3) 

 

The objective function ℒ takes an extreme value at 

 

∂ℒ

∂𝑝i
= 0, (Ⅱ− S4) 

 

which provides the existence probability for the present purpose 

 

𝑝i = exp [(kb
′
𝐴i

𝑙i
−

𝛼

N
 𝑓i −

𝛽

N
) kb⁄ − 1] . (Ⅱ− S5) 

 

Next, to determine the Lagrange multipliers α and β, Eq. (Ⅱ-S5) is substituted partially into 

Eq. (Ⅱ-12) for the overall entropy, yielding 

 

𝑆 = −kbN∑𝑝i [(kb
′
𝐴i

𝑙i
−

𝛼

N
𝑓i −

𝛽

N
) kb⁄ − 1] + kb

′ ∑N
𝐴i

𝑙i
𝑝i 

= α∑𝑝i 𝑓i + 𝛽 ∑𝑝i − kbN. (Ⅱ− S6) 

 

With Eqs. Ⅱ-(1)–(3), Eq. (S6) is expressed as 

 

𝑆 = α𝐹 + 𝛽 − kbN. (Ⅱ− S7) 

 

The partial derivative of Eq. (Ⅱ-S7) with respect to the expected value of force 𝐹 is 

 

∂𝑆

∂𝐹
= α + 𝐹

∂α

∂𝐹
+

∂𝛽

∂𝐹
. (Ⅱ− S8) 

 

With Eqs. (Ⅱ-1) and (Ⅱ-2), the summation of 𝑝i shown by Eq. (Ⅱ-S5) must be unity: 
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∑exp[(kb
′
𝐴i

𝑙i
−

𝛼

N
𝑓i −

𝛽

N
) kb⁄ − 1] = 1. (Ⅱ− S9) 

 

The partial derivative of Eq. (Ⅱ-S9) with respect to 𝐹 is 

 

∑
1

kb
(−

𝑓i
N

𝜕𝛼

𝜕𝐹
−

1

N

∂𝛽

∂𝐹
) exp [(kb

′
𝐴i

𝑙i
−

𝛼

N
𝑓i −

𝛽

N
) kb⁄ − 1] = 0. (Ⅱ− S10) 

 

With Eqs. (Ⅱ-1), (Ⅱ-2), and (Ⅱ-S5), Eq. (Ⅱ-S10) is reduced to 

 

−
1

kb
{∑(

𝑓i
N

𝜕𝛼

𝜕𝐹
+

1

N

∂𝛽

∂𝐹
)𝑝i} = 0, (Ⅱ− S11) 

 

and therefore 

 

𝐹
∂α

∂𝐹
+

∂𝛽

∂𝐹
= 0. (Ⅱ− S12) 

 

With Eq. (Ⅱ-S8), the partial derivative of the overall entropy 𝑆 with respect to 𝐹 is 

 

∂𝑆

∂𝐹
= α, (Ⅱ− S13) 

 

suggesting that the Lagrange multiplier introduced to find the optimal distribution, α, can be 

expressed using the overall entropy and force expectation value. 

Next, we discuss the specific form of α  given that the entropy derived from a 

microscopic point of view based on statistical mechanics, maximizing the objective function 

at equilibrium, coincides with that derived from a macroscopic point of view based on 

thermodynamics. For the thermodynamic consideration, we consider a cell with a volume of 

V and a preexisting strain of λ. As we already discussed, the presence of the preexisting 

tension (or concomitant mechanical strain) is aimed at capturing the feature of tensional 

homeostasis. The strain varies spatially and temporarily at the microscopic view, while at the 

macroscopic view we consider an average level of strain distributed throughout the 

cytoplasm. The expected value of force 𝐹 introduced in Eq. (Ⅱ-3) is regarded as stress in 

the following thermodynamic model. 

The first law of thermodynamics gives 
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d𝑈 = d′𝑄 + d′𝑊 (Ⅱ− S14) 

 

where 𝑈, 𝑄, and 𝑊 denote the internal energy, the heat given to the system, and the work 

done to the system, respectively. Let us assume an elastic relationship between stress 𝐹 

and strain λ, i.e., 

 

𝐹 = E𝜆 (Ⅱ− S15) 

 

where E denotes the elastic modulus of the cell, and it turns out that the strain energy is 

 

𝑘 = ∫𝐹d𝜆 =
1

2
E𝜆2 =

1

2
𝐹𝜆, (Ⅱ− S16) 

 

and accordingly the whole strain energy is described using volume V to be 

 

𝐾 = V𝑘 =
1

2
V𝐹𝜆. (Ⅱ− S17) 

 

The work caused by change in stress, which in other words is the change in strain energy, is 

therefore 

 

d′𝑊∆stress =
1

2
V𝜆d𝐹, (Ⅱ− S18) 

 

in which cell volume is assumed to be constant (i.e., Poisson’s ratio = 0.5). 

The strain or intracellular deformation is generated within cells at tensional homeostasis 

upon the actin–myosin II interaction using the energy obtained from the ATP-mediated 

chemical reaction. Therefore, the strain energy discussed here is not the result of work done 

"by external forces" as in the case of conventional spring elasticity, but is the result of work 

done "by the system itself.” In other words, as the cell system we discuss here includes 

subcellular parts that do work (namely, generate force and deform), the work done to the 

system must be opposite in sign to that done "by the system itself.” It also turns out that, in 

the present system, the work done “by the system itself” will increase in amount as the 

strain/deformation-associated intracellular stress 𝐹 increases. Therefore, change in work of 

the entire system is 
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d′𝑊 = −d′𝑊∆stress = −
1

2
V𝜆d𝐹. (Ⅱ− S19) 

 

With this, Eq. (Ⅱ-S14) turns out 

 

d𝑈 = 𝑇d𝑆 −
1

2
V𝜆d𝐹 (Ⅱ− S20) 

 

where 𝑇 is the thermodynamic temperature. The free energy 𝐺 is defined as 

 

𝐺 = 𝑈 − 𝑇𝑆, (Ⅱ− S21) 

 

and its change is 

 

d𝐺 = d𝑈 − Td𝑆 − 𝑆d𝑇, (Ⅱ− S22) 

 

or with Eq. (Ⅱ-S20) 

d𝐺 = −
1

2
V𝜆d𝐹 − 𝑆d𝑇. (Ⅱ− S23) 

 

Describing the total differential form of 𝐺(𝐹, 𝑇), 

 

d𝐺(𝐹, 𝑇) = (
𝜕𝐺

𝜕𝐹
)

𝑇
d𝐹 + (

𝜕𝐺

𝜕𝑇
)
𝐹
d𝑇. (Ⅱ− S24) 

 

From Eqs. (Ⅱ-S23) and (Ⅱ-S24), 

 

(
𝜕𝐺

𝜕𝐹
)

𝑇
= −

1

2
V𝜆. (Ⅱ− S25) 

 

The partial derivative of the free energy with respect to 𝐹 at constant temperature yields 

 

(
𝜕𝐺

𝜕𝐹
)

𝑇
= (

𝜕𝑈

𝜕𝐹
)
𝑇
− 𝑇 (

𝜕𝑆

𝜕𝐹
)

𝑇
. (Ⅱ− S26) 
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From Eqs. (Ⅱ-S25) and (Ⅱ-S26), 

 

−
1

2
V𝜆 = (

𝜕𝑈

𝜕𝐹
)

𝑇
− 𝑇 (

𝜕𝑆

𝜕𝐹
)
𝑇
. (Ⅱ− S27) 

 

At constant temperature where there is no change in internal energy, Eq. (Ⅱ-S27) is reduced 

to 

 

(
𝜕𝑆

𝜕𝐹
)
𝑇

=
V𝜆

2𝑇
, (Ⅱ− S28) 

 

describing the effect of intracellular stress on entropy derived from a macroscopic 

thermodynamic point of view. This positive relationship – distinct from the negative one for a 

conventional spring where stretch reduces the extent of fluctuations, the number of possible 

microstates of the constituents, and thereby the entropy as well – is reasonable because the 

stress of current interest 𝐹 is, as already mentioned, originated from the intracellular actin–

myosin II interaction. More specifically, 𝐹 is interpreted to be an indicator of the activity of 

the intracellular components rather than a factor compelling their movement. Thus, an 

increased 𝐹  and resulting activation of the actin–myosin II interaction stabilize the cell 

structure as well as increase the entropy. Given that Eqs. (Ⅱ-S13) and (Ⅱ-S28) are equal 

at equilibrium, 

 

α =
V𝜆

2𝑇
. (Ⅱ− S29) 

 

Substituting Eq. (Ⅱ-S29) into (Ⅱ-S5) yields 

 

𝑝i = exp [(kb
′
𝐴i

𝑙i
−

V𝜆

2𝑇N
𝑓i −

𝛽

N
) kb⁄ − 1] . (Ⅱ− S30) 

 

To determine 𝛽, the constant part of Eq. (Ⅱ-S30), which is independent of i, was expressed 

as B, and then 

 

𝑝i = Bexp [(kb
′
𝐴i

𝑙i
−

V𝜆

2𝑇N
𝑓i) kb⁄ ] (Ⅱ− S31) 
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Where 

 

B =
1

exp [
𝛽

kbN
+ 1]

. (Ⅱ− S32)
 

 

With Eqs. (Ⅱ-1) and (Ⅱ-2), the summation of 𝑝i must be unity so that 

 

∑Bexp [(kb
′
𝐴i

𝑙i
−

V𝜆

2𝑇N
𝑓i) kb⁄ ] = 1, (Ⅱ− S33) 

 

indicating that 

 

B = 1 ∑exp [(kb
′
𝐴i

𝑙i
−

V𝜆

2𝑇N
𝑓i) kb⁄ ]⁄ , (Ⅱ− S34) 

 

and 

 

β = −kbN(lnB + 1). (Ⅱ− S33) 

 

Consequently, 

 

𝑝i =
exp [(kb

′ 𝐴i

𝑙i
−

V𝜆
2𝑇N𝑓i) kb⁄ ]

∑exp [(kb
′ 𝐴i

𝑙i
−

V𝜆
2𝑇N𝑓i) kb⁄ ]

. (Ⅱ− 14) 
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Ⅱ-S5: Figure Ⅱ-S2 

 

 

 

Fig. Ⅱ-S2 Length distribution of AFs comprising of N = 1,000 monomers at kb′ kbΤ  = 10-2 

(a), kb′ kbΤ  = 10-1 (b), kb′ kbΤ  = 11 (c), and kb′ kbΤ  = 12 (d). 
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Ⅱ-S6: Figure Ⅱ-S3 

 

 

 

Fig. Ⅱ-S3 Log-log graphs of Fig. Ⅱ-2, showing the length distribution of AFs comprising of 

N = 1,000 monomers at kb′ kbΤ  = 1 (a), kb′ kbΤ  = 2 (b), kb′ kbΤ  = 4 (c), kb′ kbΤ  = 6 (d), 

kb′ kbΤ  = 8 (e), and kb′ kbΤ  = 10 (f). 
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Ⅱ-S7: Figure Ⅱ-S4 

 

 

 

Fig. Ⅱ-S4 Length distribution of AFs comprising of N = 1,000 monomers at kb′ kbΤ  = 4 and  

𝑙0 = 20 (a), kb′ kbΤ  = 4 and 𝑙0 = 80 (b), kb′ kbΤ  = 0.1 and 𝑙0 = 20 (c), and kb′ kbΤ  = 0.1 

and 𝑙0 = 80 (d), showing that the distribution does not depend on 𝑙0. 
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Ⅱ-S8: Figure Ⅱ-S5 

 

 

 

Fig. Ⅱ-S5 Length distribution of AFs comprising of N = 1,000 monomers at preexisting cell 

strain (prestretch) of λ = 0.2 (a) and λ = 0.8 (b). 
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Ⅱ-S9: Figure Ⅱ-S6 

 

 

 

Fig. Ⅱ-S6 Length distribution of AFs comprising of N = 1,000 monomers for preexisting cell 

strain of λ = 0.2 (green) and λ = 0.8 (pink) at 𝑓0 = 100 (a), 𝑓0 = 10-2 (b), and 𝑓0 = 10-4 (c). 
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Ⅱ-S10: Figure Ⅱ-S7 

 

 

 

Fig. Ⅱ-S7 The effect of changing the ratio of compartment size a to actin monomer size 𝑙1. 

In the analysis, the size is normalized by 𝑙1 as described in Methods section. (a) 𝐴i, which 

determines 𝑆d, as a function of 𝑙1 at different a; a/𝑙1 = 2 (orange), a/𝑙1 = 5 (green), a/𝑙1 

= 10 (blue), and a/𝑙1 = 20  (purple). (b) 𝐴i/𝑙𝑖  as a function of 𝑙1  at different a ; a/𝑙1  = 2 

(orange), a/𝑙1 = 5 (green), a/𝑙1 = 10 (blue), and a/𝑙1 = 20 (purple). Note that 𝑙1 = 1 for 

the rest of the analyses in the present study. 
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Ⅱ-S11: Figure Ⅱ-S8 

 

 

 

Fig. Ⅱ-S8 Length distribution of AFs comprising of N = 1,000 monomers at kb′ kbΤ  = 2 and 

a/𝑙1 = 2 (a),  kb′ kbΤ  = 2 and a/𝑙1 = 5 (b),  kb′ kbΤ  = 2 and a/𝑙1 = 20 (c)， kb′ kbΤ  = 6 and 

a/𝑙1 = 2 (d), kb′ kbΤ  = 6 and a/𝑙1 = 5 (e), kb′ kbΤ  = 6 and a/𝑙1 = 20 (f),  kb′ kbΤ  = 10 and 

a/𝑙1 = 2 (g),  kb′ kbΤ  = 10 and a/𝑙1 = 5 (h), and  kb′ kbΤ  = 10 and a/𝑙1 = 20 (i). Cases at 

a/𝑙1 = 10 are shown in Fig. Ⅱ-2. 
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Ⅱ-S12: Figure Ⅱ-S9 

 

 

 

Fig. Ⅱ-S9 Length distribution of AFs comprising of N = 1,000 monomers for a/𝑙1 = 2 (blue) 

and a/𝑙1 = 20 (orange) at kb′ kbΤ  = 2 (a), kb′ kbΤ  = 6 (b), and kb′ kbΤ  = 10 (c) taken partly 

from Fig. Ⅱ-S8. 
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Ⅲ Emergence of multiple set-points of cellular homeostatic tension 

 

Ⅲ-1. Summary 

Stress fibers (SFs), a contractile actin bundle in nonmuscle mesenchymal cells, are known 

to intrinsically sustain a constant level of tension or tensional stress, a process called cellular 

tensional homeostasis. Malfunction in this homeostatic process has been implicated in many 

diseases such atherosclerosis, but its mechanisms remain incompletely understood. 

Interestingly, the homeostatic stress in individual SFs is altered upon recruitment of α-smooth 

muscle actin in particular cellular contexts to reinforce the preexisting SFs. While this 

transition of the set-point stress is somewhat a universal process observed across different 

cell types, no clear explanation has been provided as to why cells end up possessing different 

stable stresses. To address the underlying physics, here we describe that imposing a realistic 

assumption on the nature of SFs yields the presence of multiple set-points of the homeostatic 

stress, which transition among them depending on the magnitude of the cellular tension. We 

derive non-dimensional parameters that characterize the extent of the transition and predict 

that SFs tend to acquire secondary stable stresses if they are subject to as large a change 

in stiffness as possible or to as immediate a transition as possible upon increasing the tension. 

This is a minimal and simple explanation, but given the frequent emergence of force-

dependent transformation of various subcellular structures in addition to that of SFs, the 

theoretical concept presented here would offer an essential guide to addressing potential 

common mechanisms governing complicated cellular mechanobiological responses. 
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Ⅲ-2. Introduction 

Stress fibers (SFs), a contractile actin bundle, are known to intrinsically sustain a constant 

level of tension in nonmuscle mesenchymal cells (Ⅲ.18). Specifically, the force sustained in 

individual SFs ranges from approximately one to several tens of nano-Newtons, while their 

cross-sectional area is several square micrometers, giving rise to a tension or tensional 

“stress” (i.e., the force divided by the cross-sectional area) of several nN/μm2 (Ⅲ.1, 32). 

Under this cellular regulation called tensional homeostasis, perturbations applied to SFs 

upon mechanical stresses such as cyclic stretch or fluid shear stress onto the cells are 

relaxed over time through structural remodeling, allowing the stress in SFs to remain at the 

intrinsic set-point value (Ⅲ.17). Malfunction in this homeostatic control or adaptive response 

has been implicated in chronic pro-inflammatory states that potentially lead to diseases such 

as atherosclerosis and cancer (Ⅲ.3, 10). 

Interestingly, the set-point stress in SFs is altered upon recruitment of α-smooth muscle actin 

(α-SMA) ( Ⅲ .11). Specifically, Hinz and colleagues found in myofibroblasts that a 

homeostatic stress of ~3.8 nN/μm2 is sustained at individual focal adhesions (FAs), to which 

SFs are serially connected at their termini, with an area of ≦7.5 μm2; but, at other FAs with a 

larger area of >7.5 μm2 to which they refer as “supermature” FAs, a greater magnitude of 

stress of ∼12 nN/μm2 is instead sustained (Ⅲ.9, 12). This jump in the set-point stress value 

is induced by modulating mechanical cues to increase the magnitude of the force in the 

connected SFs, for example by plating cells on a stiff substrate, and is accompanied by new 

association of α-SMA to the preexisting SFs, with which originally β-cytoplasmic actin 

isoforms are associated. Supermature adhesions are induced in other cell types such as 

osteoblasts and hepatic stellate cells (Ⅲ.2, 23). Similar force-dependent transformation of 

small adhesions into large ones called fibrillar adhesions have also been reported in 

endothelial cells and smooth muscle cells (Ⅲ.7, 28, 36). Collectively, the force-driven 

transition of the homeostatic cellular stress that individual SFs sustain is thus a somewhat 

universal process. 

Despite these observations, no clear explanation has been provided as to why cells end up 

possessing different stable stresses. In the present theoretical work, we describe that a 

specific constitutive model depicting the nature of SFs yields the presence of multiple set-

points of the homeostatic stress, which transition among them depending on the magnitude 

of the sustained force. This is a simple explanation, but given the frequent emergence of 

force-dependent transformation of various subcellular structures in addition to that of the SF–

FA complex, the concept presented here may provide a fundamental insight into the 

underlying physics of complicated cellular mechanobiological responses. 
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Ⅲ-3. Methods 

Ⅲ-3.1 Model description 

α-SMA is incorporated to and reinforces preexisting SFs when they are allowed to exhibit a 

contractile force that is high in magnitude enough to trigger the incorporation (Ⅲ. 9, 11, 12) 

(Fig. 1a). It has also been reported that cellular elastic modulus is elevated upon increased 

localization of α-SMA along the length of SFs (Ⅲ. 20, 21, 29, 31, 35). Given these 

observations, we assume that the elastic modulus of individual SFs 𝐸 is altered as a function 

of the contractile force 𝐹, produced and sustained in the SFs, in a sigmoid manner described 

by 

 

𝐸(𝐹) =
𝐸2 − 𝐸1

2
tanh𝜌 +

𝐸1 + 𝐸2

2
=

𝐸1(𝛼𝑒𝜌 + 𝑒−𝜌)

𝑒𝜌 + 𝑒−𝜌
(Ⅲ − 1) 

 

Where 

 

Fig. Ⅲ-1 Force-dependent increase in elastic modulus of SFs. (a) α-SMA incorporation 

to a large tension-bearing SF depicted according to (Ⅲ. 9). Tension is relatively low (i) and 

high (ii) in magnitude at a soft and stiff extracellular milieu, respectively, as represented 

by the elongation of the extracellular matrix (ECM) spring. (b) The constitutive relationship 

for the elastic modulus of SFs 𝐸 as a function of the tension 𝐹 described by Eq. (Ⅲ-1). 
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𝜌 =
𝐹 − 𝐹0

∆𝐹
, (Ⅲ − 2) 

𝛼 = 𝐸2/𝐸1 (≥ 1), (Ⅲ − 3) 

 

and 𝐸1 𝐸2, 𝐹0, and ∆𝐹 denote the lower and upper limits of the elastic modulus, the force 

that provides the average elastic modulus, and the characteristic range of force where this 

transition takes place, respectively (Fig. Ⅲ-1b). More specifically, 𝐸1 and 𝐸2 represent the 

elastic modulus of SFs without (low-force) and with (high-force) α-SMA incorporation, 

respectively. The rationale for using the sigmoid function comes from the fact that the elastic 

modulus is not infinitely increased but instead has a limit value even on high-stiffness 

substrates (Ⅲ. 21, 26, 33). 

The strain increment in individual SFs measured from the primary set-point state, 𝜀 , is 

specifically described by substituting the force-dependent elastic modulus 𝐸(𝐹)  to, for 

simplicity to capture the main physics, the one-dimensional Hooke’s law 

 

𝜀 =
𝜎

𝐸(𝐹)
=

𝜎(𝑒𝜌 + 𝑒−𝜌)

𝐸1(𝛼𝑒𝜌 + 𝑒−𝜌)
(Ⅲ − 4) 

 

where 𝜎 is the corresponding stress increment. Differentiating 𝜀 by 𝜎 yields 

 

𝜕𝜀

𝜕𝜎
=

(𝑒𝜌 + 𝑒−𝜌)(𝛼𝑒𝜌 + 𝑒−𝜌) − 2𝐹
𝛼 − 1
∆𝐹

𝐸1(𝛼𝑒𝜌 + 𝑒−𝜌)2
. (Ⅲ − 5) 

 

The second derivative of 𝜀 with respect to 𝜎 is 

 

𝜕2𝜀

𝜕𝜎2
= −

4𝐴(𝛼 − 1)

𝐸1∆𝐹(𝛼𝑒𝜌 + 𝑒−𝜌)3
{(𝛼𝑒𝜌 + 𝑒−𝜌) −

𝐹

∆𝐹
(𝛼𝑒𝜌 − 𝑒−𝜌)} (Ⅲ − 6) 

 

where 𝐴 denotes the cross-sectional area of individual SFs, and hence 𝐹 =  𝜎𝐴. 𝐴 may 

also be modelled using a sigmoid function. However, there is a report that cellular elastic 

modulus is increased by a factor of several tens (Ⅲ. 20) or at least by 3–4 folds (Ⅲ. 21) 

upon increased α-SMA expression, while it is unlikely that the cross-sectional area of 

individual SFs is increased by that amount given that the transition can occur with no 

substantial change in the lateral width of SF-associated FAs (Ⅲ. 9). Besides, the critical 

behavior of this system is determined by a non-dimensional parameter 𝑇S defined below 
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regardless of the complexity introduced by the second sigmoid function. Thus, we assume 

𝐴 is a constant to focus our discussion on the most noticeable observations as well as to 

make the analysis mathematically more tractable. At 
𝜕𝜀

𝜕𝜎
= 0 and 

𝜕2𝜀

𝜕𝜎2 = 0 where the slope of 

the 𝜀–𝜎 curve is zero at its inflection point, 𝜌 = 0, and hence 𝐹 = 𝐹0; furthermore, in this 

condition, the following non-dimensional parameter 𝑇S turns out to be equal to the unity: 

 

𝑇S =
1

(∆𝐹/𝐹0)

𝛼 − 1

𝛼 + 1
=

𝛼 − 1

𝛽(𝛼 + 1)
(Ⅲ − 7) 

 

where 

 

𝛽 = ∆𝐹/𝐹0. (Ⅲ − 8) 

 

The inflection point of the 𝜀–𝜎 curve also satisfies 

 

𝜀 =
2𝜎

𝐸1(𝛼 + 1)
. (Ⅲ − 9) 

 

Analysis of the sign of 
𝜕𝜀

𝜕𝜎
  and 

𝜕2𝜀

𝜕𝜎2  indicates that 𝜀  always increases with 𝜎  at 𝑇S < 1 , 

while 𝜀 has both a local maximum and a local minimum at 𝑇S > 1. As described above, this 

tendency for 𝑇S to determine the sign of 
𝜕𝜀

𝜕𝜎
 and 

𝜕2𝜀

𝜕𝜎2 holds also true in a situation where the 

cross-sectional area 𝐴 is represented as a function of 𝐹 using a sigmoid function similar to 

that of 𝐸(𝐹). It turns out that strain energy 

 

𝑆 =
1

2
𝜎𝜀 =

𝐸(𝐹)𝜀2

2
=

𝜎2

2𝐸(𝐹)
(Ⅲ − 10) 

 

has, as is the case with conventional materials, a single local minimum for stress at 𝑇S ≤ 1; 

meanwhile, 𝑆 has two local minima for stress at 𝑇S > 1. 

 

Ⅲ-3.2 Parameters 

To visualize the results where 𝜀 and 𝑆 are evaluated as a function of the variable 𝜎, 𝐸1 is 
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assumed to be 5 MPa (Ⅲ. 4). 𝐹0 and 𝐴 are assumed to be 10 nN and 1 μm2 in accordance 

with the magnitude of tension in and the cross-sectional area of single SFs, respectively (Ⅲ. 

4, 25). Regarding the rationale for the value of 𝛼, which measures the ratio of 𝐸2 to 𝐸1 and 

is defined to be equal to or more than the unity (Fig. Ⅲ-1b), a 3–4 times increase in cellular 

elastic modulus was detected upon increased α-SMA expression along the length of SFs in 

valve interstitial cells (Ⅲ. 21). In a separate study, the elastic modulus was increased ~52-

fold (from 0.85 kPa to 44 kPa) for normal human lamina cribrosa cells and ~30-fold (from 1.1 

kPa to 33 kPa) for glaucoma lamina cribrosa cells upon increased α-SMA expression along 

SFs (Ⅲ. 20). To cover these ranges, an 𝛼 of 1–50 is analyzed. Regarding the value of ∆𝐹, 

Fig. Ⅲ-2 The effect of changing the non-dimensional parameters 𝑇S, 𝛼, and 𝛽 on the 

strain 𝜀 and strain energy 𝑆 as a function of stress 𝜎, the variables of which are all 

measured from the primary set-point state. (a, b) 𝜀 (a) and 𝑆 (b) with different values of 

𝑇S and 𝛼 at 𝛽 = 0.2. (c, d) 𝜀 (c) and 𝑆 (d) with different values of 𝑇S and 𝛽 at 𝛼 = 

5. 
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Eq. (7) suggests that the relative value of ∆𝐹/𝐹0 (= 𝛽) essentially matters for the critical 

parameter 𝑇S rather than their respective absolute values; thus, 𝛽 is varied under the fixed 

𝐹0 value of 10 nN, which then uniquely determines the value of ∆𝐹. 

 

Ⅲ-4. Results 

The effect of changing 𝛼  on the relationship between the strain 𝜀  and stress 𝜎 , both 

measured from the primary set-point state, was investigated at a fixed 𝛽 value of 0.2 (Fig. 

2a). As mathematically shown above, specific examples illustrate that 𝜀  increases 

monotonically with 𝜎  at 𝑇S < 1  (specifically, 𝑇S  = 0.0249 with 𝛼  = 1.01). In contrast, 𝜀 

has both a local maximum and a local minimum at 𝑇S > 1 (with 𝛼 = 5) with an inflection 

point at 𝜌 = 0, i.e., 𝜎 = 𝐹0/𝐴 = 10 nN/μm2. At the threshold value of 𝑇S = 1 (with 𝛼 = 1.5), 

𝜀  increases with 𝜎  except for 𝜎 = 10  nN/μm2 (i.e, 𝜌 = 0 ) where its slope is zero. 

Accordingly, the strain energy 𝑆 has a single local minimum at 𝑇S ≤ 1, whereas two local 

minima appear at 𝑇S > 1 (Fig. Ⅲ-2b). 

The effect of changing 𝛽 on the relationship between 𝜀 and 𝜎 was likewise investigated at 

Fig. Ⅲ-3 The relationship among the non-dimensional parameters 𝑇S, 𝛼, and 𝛽. The 

inset shows an enlarged view of the same relationship. 𝑇S = 1 represents the threshold 

for displaying a secondary stable stress. 
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a fixed 𝛼 value of 5. Specific examples demonstrate that 𝜀 increases monotonically with 𝜎 

at 𝑇S < 1 (specifically, 𝑇S = 0.556 with 𝛽 = 1.2). At the threshold value of 𝑇S = 1 (with 𝛽 

= 0.667), 𝜀 increases with 𝜎 while having a zero-slope at 𝜎 = 10 nN/μm2 (i.e., 𝜌 = 0) (Fig. 

Ⅲ-2c). As a consequence, 𝑆  has a single local minimum at 𝑇S ≤ 1 , whereas two local 

minima appear at 𝑇S > 1 (Fig. Ⅲ-2d). Thus, the emergence of the two stable stress values, 

corresponding to the two local minima, is observed in a range of 𝑇S > 1. The inflection point 

of the 𝜀–𝜎 curve is independent of 𝛽 as described by Eq. (Ⅲ-9), and thus all the curves 

pass through it (Fig. Ⅲ-2c). Meanwhile, 𝜀 value at the inflection point is decreased with 

increasing 𝛼 as is clear from Eq. (Ⅲ-9) (Fig. Ⅲ-2a). 

Visualization of the comprehensive parametric change in 𝛼 and 𝛽 shows that 𝑇S > 1, in 

which two stable stresses are emerged, is achieved at a high and a low value of 𝛼 and 𝛽, 

respectively (Fig. Ⅲ-3). In other words, SFs tend to acquire secondary stable stresses if they 

are subject to as large a change in elastic modulus as possible or to as immediate a transition 

as possible upon increasing the tension according to Eq. (Ⅲ-1). 

 

Ⅲ-5. Discussion 

The size of individual FAs reversibly increases or decreases according to the tension borne 

in the connected SFs, eventually allowing the intracellular stress to remain constant over time 

(Ⅲ. 8, 18). Meanwhile, if the substrate is stiff enough to bear a large tension in the FA–SF 

complex, a phase transition occurs to upgrade the homeostatic stress by modulating the 

molecular composition of the SFs (Ⅲ. 9). Upon this transition, α-SMA is recruited to such 

SFs bearing a large tension, leading to an increase in the elastic modulus (Ⅲ. 20, 21, 29, 

31, 35). The possession of these homeostatic tensional stresses, known as “tensional 

homeostasis,” is widely observed across different mesenchymal cell types such as fibroblasts 

and endothelial cells (Ⅲ. 5, 14, 24, 27, 30). Owing to this homeostatic control, cellular tension 

is relaxed to the basal level even under mechanical stresses such as cell stretch and fluid 

shear stress (Ⅲ. 3, 6, 13, 17). These stresses are known to trigger signaling pathways 

associated with cell growth and pro-inflammation, while importantly such signals are 

suppressed over time concomitantly with the recovery of cellular tension. Tensional 

homeostasis thus allows cells to circumvent chronic activation of pro-inflammatory signals, 

and its malfunction has been implicated in various diseases that include atherosclerosis and 

cancer (Ⅲ. 10, 18). 

Despite the tremendous significance in biology and medicine, mechanisms of tensional 

homeostasis remain largely unknown probably because of the necessity of requiring 

interdisciplinary knowledge related to physics as well as molecular biology. At least, no clear 

explanation has been put forward regarding the physical origin of the environmental cue-
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dependent induction of a secondary homeostatic tensional stress. In this regard, our model 

described here is simple and minimal but capable for the first time of explaining all the key 

observations in a physically plausible manner. Specifically, it is known that the actual SFs 

undergo an increased tension upon increasing cellular adhesive area and/or stiffness of the 

substrate as these two mechanical cues enable efficient tension transmission between the 

substrate and SFs (Ⅲ. 12). Such an increased tension renders the existing SFs less stable, 

resulting in a phase transition from a β-cytoplasmic actin-dominant phase to an α-SMA-

dominant one followed by the stiffening of the updated SFs (Ⅲ. 21, 26). The constitutive 

relation given by Eq. (Ⅲ-1) captures this feature. We thereby show that it gives rise to the 

transition to a state where another homeostatic stress is stably sustained, revealing the 

physical essence of why multiple set-points exist in cellular tensional homeostasis. Rigorous 

experimental validation of our theoretical prediction will be the subject of future investigation, 

but at least it is consistent with existing observations. 

Context-dependent protein recruitment to existing SFs is observed not only for α-SMA but 

also for the septin cytoskeleton (Ⅲ. 15, 16) and eEF2 elongation factor (Ⅲ. 22) elicited 

during the epithelial–mesenchymal transition and the cellular senescence, respectively. 

Enhancement of cellular contractility is followed in these transitions, implying concomitant 

increase in their elastic properties as well. Given the similarity to the behavior analyzed here, 

our explanation of why cells end up experiencing different stable stresses may govern such 

transitions of SFs in general. The present study may also provide insights into why different 

higher-order forms are present in force-bearing actin-based structures such as podosomes 

and invadosomes, which are known to take different architectures in a context-dependent 

manner (Ⅲ. 19, 34). Our theoretical work may thus offer a promising route to addressing 

such unsolved challenges of highly complicated cellular mechanobiological processes. 
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Ⅳ Asymmetric response emerges between creation and disintegration of force-

bearing subcellular structures as revealed by percolation analysis 

 

Ⅳ-1. Summary 

Cells dynamically remodel their internal structures by modulating the arrangement of actin 

filaments (AFs). In this process, individual AFs exhibit stochastic behavior without knowing 

the macroscopic higher-order structures they are meant to create or disintegrate, but the 

mechanism allowing for such stochastic process-driven remodeling of subcellular structures 

remains incompletely understood. Here we employ percolation theory to explore how AFs 

interacting only with neighboring ones without recognizing the overall configuration can 

nonetheless create a substantial structure referred to as stress fibers (SFs) at particular 

locations. We determined the interaction probabilities of AFs undergoing cellular tensional 

homeostasis, a fundamental property maintaining intracellular tension. We then showed that 

the duration required for the creation of SFs is shortened by the increased amount of 

preexisting actin meshwork, while the disintegration occurs independently of the presence of 

actin meshwork, suggesting that the coexistence of tension-bearing and non-bearing 

elements allows cells to promptly transition to new states in accordance with transient 

environmental changes. The origin of this asymmetry between creation and disintegration, 

consistently observed in actual cells, is elucidated through a minimal model analysis by 

examining the intrinsic nature of mechano-signal transmission. Specifically, unlike the 

symmetric case involving biochemical communication, physical communication to sense 

environmental changes is facilitated via AFs under tension, while other free AFs dissociated 

from tension-bearing structures exhibit stochastic behavior and binding to existing structures. 

Thus, both the numerical and minimal models demonstrate the essence of intracellular 

percolation, in which macroscopic asymmetry observed at the cellular level emerges not from 

microscopic asymmetry in the interaction probabilities of individual molecules, but rather only 

as a consequence of the manner of the mechano-signal transmission. These results provide 

novel insights into the role of the mutual interplay between distinct subcellular structures with 

and without tension-bearing capability. 
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Ⅳ-2. Introduction 

One of the salient features of the cell structure is its adaptive capability to remodel the 

architecture according to the roles required in a given environment. In eliciting this capability, 

individual actin filaments (AFs) serving as the primary structural component exhibit stochastic 

behavior without “knowledge” of the macroscopic structure they are meant to create (Ⅳ.23, 

29, 40). AFs instead merely interact with neighboring elements, culminating in the collective 

creation of a cell structure comprised of specific actin-based structures (Ⅳ.4, 10). This 

feature further implies the potential of cells to update the internal structure by modulating the 

probability of the interaction as well as the quantity or characteristics of the components. 

Currently, the mechanism behind this flexible creation and disintegration of the cell structure 

utilizing the stochastic behavior of individual components remains only partially understood. 

The above perspective, focusing on the cellular hierarchy comprised of structural 

components interacting with each other, evokes a concept in physics known as percolation 

theory (Ⅳ.2). Percolation theory describes how stochastic phenomena at a microscopic level 

yield an order at a macroscopic level by examining the interconnection among nodes within 

the system. Numerous probabilistic processes have been explored in diverse fields of 

science with the framework of percolation, which include invasion percolation, oriented 

percolation, and bond percolation (Ⅳ.1, 15). The percolation theory has drawn the interest 

of physicists because of its simple setup as well as non-trivial phenomena it exhibits in 

bridging different hierarchies. On the other hand, while some aspects of the cell structure 

have been scrutinized through the approach of percolation theory (Ⅳ.1, 7, 24, 27, 32, 39), 

its adaptive nature driven by transient environmental changes remains largely unknown. 

Among actin structures in mesenchymal non-muscle cells such as fibroblasts, actin 

meshwork exists as a fundamental cytoplasmic element (Ⅳ.5, 33, 37). In addition, stress 

fibers (SFs) are expressed particularly on a stiff substrate while physically connecting 

separate focal adhesions (FAs) at their termini. SFs are comprised of bundles of AFs cross-

linked by non-muscle myosin II and α-actinin to exert contractile tension onto the FAs (Ⅳ.18, 

25). In cells residing on less stiff substrates, less amounts of SFs appear in the cytoplasm 

together with highly developed disordered actin meshwork. Thus, there is an exchange of 

the constituent AFs between the coexisting structures, actin meshwork and SFs, allowing the 

cells to adapt to the given environment. The interplay among actin molecules has been 

analyzed from a conventional percolation perspective (Ⅳ .7, 39). Meanwhile, significant 

ambiguity persists regarding the biological role of the concurrent presence of actin meshwork 

bearing less tension and SFs bearing more pronounced tension in cellular adaptive response 

to environmental stimuli. 

Here we perform Monte Carlo simulations based on a percolation model to investigate  
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Figure Ⅳ-1 Percolation nature of intracellular structures. (a) Live cell imaging to observe the 

formation of SFs in A7r5 cell lines expressing α-actinin-1 prepared by a standard protocol 

(see Supporting Material). Cells are initially treated with (-)-blebbistatin to disrupt SFs, 

followed by washout at t = 0 to observe subsequent recovery. Because of the typically slower 

turnover of FAs compared to that of SFs, some cell-substrate adhesions are still remained 

(triangles), acting as an anchor to the substrate. As contractility recovered over time, SFs 

visualized by the periodic patterns of α-actinin-1 appear to link the partly remaining FAs. The 

right panels display a magnified view of the white rectangles. Scale, 20 μm. (b) Analysis of 

the time-series images with fast Fourier transformation, extracting the principal frequency 

component at each time and normalizing it against the value at t = 0. The observed increase 

over time suggests a transition, after the washout, in α-actinin-1 as well as coexisting AFs 

from a random meshwork having a low level of frequency magnitude to directional stress 

fibers (SFs) having a high level of frequency magnitude. (c) Cell model with two dimensional 

square lattices. AFs (green) are initially randomly distributed in the cell. We evaluate the 

formation of SFs by calculating the connection between the two FAs (triangles) located at the 

top and bottom edges of the cell. 

 

 

how the stochastic behavior of AFs can lead to the distinction between directional tension-

bearing SFs and random non-tension-bearing meshwork while also accommodating with 

environmental changes. The model incorporates the binding and unbinding probabilities of 
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AFs considering the influence of cellular tensional homeostasis, a fundamental property of 

proliferative non-muscle cells (Ⅳ.3, 39). Tensional homeostasis allows for keeping a constant 

level of intracellular tension through turnover, and hence it is also referred to as mechanical 

homeostasis. With this function, mechanotransduction-mediated biochemical signals 

activated upon the tension are also maintained constant, circumventing chronic activation of 

pro-inflammatory signaling and hence facilitating the ability of cells to adapt to applied 

mechanical stress (Ⅳ.12). Our percolation model encompasses actin meshwork and SFs 

without explicitly considering numerous other proteins and structures that actually exist in 

real cells such as non-muscle myosin II and filopodia/lamellipodia (Ⅳ.18). Regardless of this 

simplicity inherent to percolation theory focusing on the most essential factors (i.e., tension-

bearing and non-bearing elements), our primary goal here is not to mimic such actual 

complex phenomena but rather to extract the role of the coexistence of the distinct structures 

in cellular adaptation. We also consider a minimal analytical model to delineate the distinction 

between the responses to elevation and reduction in homeostatic tension observed in the 

percolation analysis. 

 

Ⅳ-3. Model Analysis 

Ⅳ-3.1 Distribution of AFs 

The actual cells are comprised of a variety of molecules and are thus complicated; but, to 

focus on the indispensable factor associated with intracellular force transmission, we 

explicitly consider only the involvement of AFs. To extract the percolation nature observed in 

actual cells (Fig. Ⅳ-1a, b), individual AFs are modeled to be a line segment of a length 𝐿 

and are distributed randomly in a two-dimensional 𝑥 − 𝑦 plane that represents a cell with a 

square shape (Fig. Ⅳ-1c). The position of one end of AFs (𝑥1, y1) is given randomly within 

the cell plane at each time step, and the other end (x2, 𝑦2) is expressed by 

 

𝑥2 = 𝑥1 + 𝐿 sin(𝑏) (Ⅳ − 1) 

𝑦2 = 𝑦1 + 𝐿 cos(𝑏) (Ⅳ − 2) 

𝑏 = 𝜋(−1 + 2 rand) (Ⅳ − 3) 

where 𝑏 is the radian angle of the line segment, and rand is provided with a value between 

0 and 1 according to a uniform random number generator. Unless otherwise stated, the 

length of individual AFs 𝐿 is 0.2, the number of individual AFs is 250, and each cell edge 

length is 1.0. 
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Ⅳ-3.2 Analysis of SFs, FAs, and actin meshwork 

FAs are represented by two different points, each of which is located at the center of the 

facing edges of the square cell plane (Fig. Ⅳ-1c). SFs are defined as a state of AFs that 

align within a specific angle (−π/3 ≤ 𝜃 ≤ 𝜋 3Τ ) and collectively link the two separate FAs, in 

which 𝜃 is the radian angle measured from the line connecting the two FAs. The rationale 

for the directional alignment of AFs is that the actual SFs are comprised of bundled AFs 

bearing tension, distinct from the entangled actin meshwork bearing little tension compared 

to SFs. Thus, to prevent unintentional inclusion as SFs when large numbers of AFs lack 

specific alignment but linking the two FAs, it was necessary to define SFs based on the 

consistent alignment. We assumed that n = 10 AFs are linked at its one end to the FAs all 

the time, while the direction of the individual AFs can change randomly over time. These 

specific AFs are considered to constitute a part of the FAs and are thus not counted as being 

within the population of AFs. The actin meshwork is defined here to be a state composed of 

AFs that are not associated with SFs. 

 

Ⅳ-3.3 Binding and unbinding of AFs 

AFs that constitute SFs undergo continuous turnover, namely molecular exchange with the 

surrounding actin meshwork, and thus the binding and unbinding with the existing SFs occur 

simultaneously (Ⅳ.30). To mimic this feature, the binding and unbinding probabilities are 

defined as follows: 

 

𝐾on = 𝐾on
0 exp(

𝑁s−𝑁c[𝑡]

N0
) (Ⅳ − 4) 

𝐾off = 𝐾off
0 exp (

𝑁c[𝑡]−𝑁s

N0
) (Ⅳ − 5) 

 

where 𝑁s and 𝑁c[𝑡] represent the number of AFs that is determined by the steady state 

tension in a SF undergoing tensional homeostasis and the actual number of AFs that 

constitute a SF at time 𝑡, respectively; 𝑁0 is a normalizing coefficient set to be 100; and, 

𝐾on
0  and 𝐾off

0  are the binding and unbinding probabilities at the initial state and set to be 0.35 

and 0.20 (Ⅳ .13, 38), respectively. These equations suggest that 𝐾on  is exponentially 

increased if the actual number of AFs constituting a SF is lower than that under steady state 

tensional homeostasis, while 𝐾off is rather increased if the actual number is, on the contrary, 

larger than that at tensional homeostasis. Note that there is no deterministic situation in 

intracellular activities so that both of the probabilities will never be zero. The rationale behind 

this formula is that SFs are thickened in response to increased tension (Ⅳ.4, 9), which is 
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allowed by the mechanoresponsive properties (Ⅳ.11, 13); specifically, the lifetime of non-

muscle myosin on AFs is extended upon tension due to the catch bond mechanism, 

eventually increasing their number associated with SFs. Thus, 𝑁c[𝑡] is supposed to increase 

over time with tension development. Meanwhile, 𝑁s refers to a specific number of AFs that 

is more intrinsic to the cell state. Specifically, the phosphorylation of myosin regulatory light 

chain (MRLC) dictates the potential allowing for the non-muscle myosin–AF interaction, and 

the phosphorylation level varies depending on the intracellular and extracellular milieu (Ⅳ.11, 

22). For example, cells on softer substrate exhibit lower levels of MRLC phosphorylation, and 

it ends up in lower levels of tension and hence thinner SFs or lower numbers of associated 

AFs. Given this intrinsic property of cells, 𝑁s  is given as a parameter interpreted as a 

function of the MRLC phosphorylation reflecting the intrinsic cell state. On the other hand, 

AFs forming the meshwork assumed to lack tension-bearing capacity and hence remain 

unaffected by 𝐾on and 𝐾off, which are mechano-signals transmitted through tension. 

 

Ⅳ-3.4 Monte-Carlo simulation 

The distribution of meshwork-associated AFs is first determined based on Eqs. Ⅳ-(1)–(3), 

which is followed by the determination of the specific AFs forming SFs. The values of 𝐾on 

and 𝐾off  are then determined by counting the number of SF-associated AFs 𝑁c[𝑡 = 0] 

based on Eqs. Ⅳ-(4)–(5), and the state of individual AFs at the following time steps is 

likewise determined. In this process, AFs stay at their same positions with 𝐾on, while they 

change their positions again randomly with 𝐾off. The subsequent evolution of the position of 

AFs is analyzed by arbitrary numbers of steps regarded to be time 𝑡. At each time step 𝑡, 

the presence and absence of the AF-mediated link between the FAs yields 1 and 0, 

respectively (Fig. Ⅳ-S1). As the time evolution is dependent on the initial position of AFs 

and the stochastic event, the same Monte-Carlo simulation was repeated by 104 to obtain 

the Percolation Probability (PP) that represents the mean of the probability to span between 

the FAs, or the probability to form a SF, at each time 𝑡. PP for forming actin meshwork, which 

links facing edges of the cell plane as described above, is also obtained. 

 

Ⅳ-3.5 Determination of the number of AFs 

To determine 𝑁𝑐[𝑡], i.e., the number of AFs involved in the SF at time 𝑡, a line segment 

intersection detection algorithm using vector cross product is employed. The condition that 

the AFs cross with each other is described by using the vector cross product as 

 

𝑠𝑑 < 0 (Ⅳ − 6) 
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𝑠 = 𝑃1𝑃2
⃗⃗ ⃗⃗ ⃗⃗ ⃗⃗  × 𝑃1𝑃3

⃗⃗ ⃗⃗ ⃗⃗ ⃗⃗  = (𝑥2 − 𝑥1)(𝑦3 − 𝑦1) − (𝑥3 − 𝑥1)(𝑦2 − 𝑦1) (Ⅳ − 7) 

𝑑 = 𝑃1𝑃2
⃗⃗ ⃗⃗ ⃗⃗ ⃗⃗  × 𝑃1𝑃4

⃗⃗ ⃗⃗ ⃗⃗ ⃗⃗  = (𝑥2 − 𝑥1)(𝑦4 − 𝑦1) − (𝑥4 − 𝑥1)(𝑦2 − 𝑦1) (Ⅳ − 8) 

 

where 𝑃1(𝑥1, 𝑦1) is one endpoint of an AF forming a line segment, while 𝑃2(𝑥2, 𝑦2) is the 

other endpoint; likewise, 𝑃3(𝑥3, 𝑦3)  and 𝑃4(𝑥4, 𝑦4)  describe the different endpoints of 

another AF. The presence of intersection is thus analyzed for all the combinations of 

individual AFs to count the total number associated with the FAs. AFs orienting within an 

angle of −π/3 ≤ θ ≤ 𝜋 3Τ  are picked up in this process as described above to finally obtain 

𝑁𝑐[𝑡] as the number constituting a straight SF. 

 

Ⅳ-3.6 Minimal model analysis 

Minimal model analysis was carried out to investigate the mechanism underlying the 

discernible response between the creation and disintegration of SFs observed in the 

percolation analysis. Model assumptions, parameters, and predictions are described in 

Appendix. 
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Figure Ⅳ-2 Percolation analysis. (a, b) Distribution states of AFs at t=0, t=50, and t=100 for 

N_s=80 (a) and N_s=200 (b). (c) Time evolution of the percolation probability for N_s=80 

(black)，N_s=100 (red)，N_s=150 (blue), N_s=200 (green), and N_s=250 (yellow). With a 

larger N_s, the probability for forming SFs converges to a larger value. 

 

Ⅳ-4. Results 

Ⅳ-4.1 The effect of cellular tension generation potential on percolation 

First, the effect of changing 𝑁s on 𝑁𝑐[𝑡] was investigated. 𝑁s denotes a specific number 

of AFs that reflects the inherent potential of cells to generate tension as already described, 

while 𝑁𝑐[𝑡] is the number of AFs involved in SFs. The length of individual AFs and each cell 

edge were set to be 0.2 and 1.0, respectively. Most AFs are involved in actin meshwork at 

𝑡 = 0 because they are initially distributed randomly in the cell (Fig. Ⅳ-2a, b). To analyze 

how the Percolation Probability (PP) changes over time, where PP measures the probability 

of whether AFs form a SF or not, we repeated the simulation 104 times for each of 𝑁s = 80, 

100, 150, 200, and 250. The average behavior shows that PP gradually increases over time 

because the lifetime of AFs on a SF is extended upon binding due to the 𝐾on-mediated catch 

bond behavior to allow the SF to be stabilized (Fig. Ⅳ-2c). The SF finally reaches a steady 

state where the association and dissociation are approximately balanced while subject to 

constant turnover, in which meshwork and SFs coexist. A greater value of PP was obtained 

at the steady state with a higher value of 𝑁s, which raises 𝐾on and lowers 𝐾off to stabilize 

the existing SF. Thus, the majority of AFs are involved in meshwork without building SFs at 

a low 𝑁s, while the association of AFs with SFs is increased with 𝑁s, finally allowing the 

dominant population of AFs to reverse from that for meshwork to that for SFs. The sum of 

the different populations for meshwork and SFs remains constant at 250 during this 

interaction. 
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Figure Ⅳ-3 The effect of AF length distribution on percolation probability. (a, b, c) Probability 

density function and number of AFs at different length distributions. 𝑦 = 8𝑒−8𝑥 (a)，𝑦 = 6𝑒−6𝑥 

(b), and 𝑦 = 4𝑒−4𝑥 (c). (d) Time evolution of the percolation probability of SFs．(e) Time 

evolution of the percolation probability of actin meshwork. 

 

 

Ⅳ-4.2 The effect of AF length distribution on percolation 

The need for having specific AF lengths is often focused on at the level of single subcellular 

structures such as primary cilia and muscle sarcomeres ( Ⅳ .17, 19). For example, 

sarcomeres are optimized for efficient contraction by expressing nebulin protein to keep a 

fixed length of individual AFs (Ⅳ.14). In contrast, only little discussion has been made on the 

necessary length of AFs for non-muscle cells. We previously investigated based on statistical 

mechanics and thermodynamics the physical requirement for allowing non-muscle cells to 

maintain tensional homeostasis (Ⅳ.35). Specifically, we assumed that AFs as a tension-

bearing component must have as diverse lengths as possible and occupy as much space as 

possible in the cytoplasm in accordance with the requirement for maximizing entropy. The 

theoretical consequence was that AFs need to have more short subpopulations than long 

ones, and in fact the length distributions obtained were in qualitative agreement with those 

that have been observed in experiments. Other potential biological benefits for possessing  
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Figure Ⅳ-4 Adaptive response of the tension-mediated percolation nature. (a, b, c) Time 

evolution of the number of AFs, which build SFs (black) and meshwork (red) at 𝑁s = 80 (a), 

𝑁s = 150 (b), and 𝑁s = 200 (c). (d) Response to a stepwise change in 𝑁s given at 𝑡 = 60 

from 𝑁s = 80 (black) and 𝑁s = 150 (red) to 𝑁s = 200. (e) Response to a stepwise change 

in 𝑁s at 𝑡 = 60 from 𝑁s = 200 (black) and 𝑁s = 150 (red) to 𝑁s = 80. (f) Evaluation of the 

difference in d and e. All the PP values were collected in the time period between t = 60 and 

100 in each case, and the variation in the value was analyzed with student t-test. Asterisk 

indicates a statistical difference (p < 0.01), suggesting that there is a delay in the adaptation 

period between the two curves in d, whereas there is no delay in e. 

 

such specific AF length distributions have not been thoroughly addressed in prior studies. 

With the present numerical approach to analyze the intracellular percolation, we then tackled  

this question. 

The effect of providing a variety of AF lengths on PP was then investigated, while 

keeping the same total length of AFs. We determined the length distribution of individual AFs 

by employing an exponential function, 

 

𝑦(𝑥; 𝜆) = 𝜆𝑒−𝜆𝑥 (Ⅳ − 9) 
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Figure Ⅳ-5 Minimal model analysis to decipher the mechanism of the asymmetric response. 

(a, b) Time-series change in 𝑁b (Number) of the physical communication model. (c, d) Time-

series change in 𝑁b (Number) of the chemical communication model. 

 

where 𝑥 is the length, and 𝜆 is a parameter that characterizes the distribution. The rationale 

for introducing this exponential distribution is that previous studies including ours have 

indicated that the length of AFs inside of living cells has an exponential distribution-like 

probability function (Ⅳ.21, 35). We gave 𝜆 a value of 8, 6, or 4 to have a distribution inclined 

to short length regions to a highest (Fig. Ⅳ-3a), middle (Fig. Ⅳ-3b), or weakest degree (Fig. 

Ⅳ-3c), respectively. The time course of PP shows that the most uniform length distribution 

(𝜆 = 4) and the one most inclined to shorter length regions (𝜆 = 8) allow SFs and actin 

meshwork to be relatively easily formed, respectively (Fig. Ⅳ-3d, e). Meanwhile, the middle 

one (𝜆 = 6) exhibits a tendency in between them. Thus, the length distribution affects the 

preferred choice of cross-linking style in the cytoplasm, in which meshwork requires tension 

transmission throughout the cytoplasm so that short AF populations suitably contribute to the 

formation, whereas SFs bear a tension in particular directions so that the presence of longer 

AFs more efficiently enables such unidirectional communication. 
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Ⅳ-4.3 Adaptive response to change in cellular tension generation potential 

Next, the effect of changing the value of 𝑁s in the process of percolation development was 

investigated, which aims at analyzing the adaptive response of the cell model to 

environmental change. As 𝑁s  reflects the cellular capability of generating tension, which 

varies in accordance with the surrounding milieu, the temporal change in 𝑁s simulates a 

process in which cells are exposed to pharmacological, signaling, or biophysical stimulation; 

e.g., cells increase and decrease the capability of generating tension on stiff and soft 

substrates as well as with increased and decreased Rho-kinase activity as the kinase for 

MRLC, respectively (Ⅳ.22). 

First, we confirmed that the system approximately reaches the steady state by 𝑡 = 60 

after percolation formation initiated at 𝑡 = 0 at 𝑁s = 80, 150, and 200 (Fig. Ⅳ-4a, b, c). We 

then analyzed the effect of increasing the value of 𝑁s from 80 or 150 to 200 in a stepwise 

manner at 𝑡 = 60 (Fig. Ⅳ-4d). The states of 𝑁s = 80 and 150 represent the cell where actin 

meshwork exists predominantly over SFs (Fig. Ⅳ-4a) and certain levels of actin meshwork 

and SFs coexist (Fig. Ⅳ-4b), respectively, and then the response to a stepwise increase to 

200 where SFs should be more dominant (Fig. Ⅳ-4c) was analyzed. The analysis showed 

that the increase in 𝑁s from 80 to 200 takes longer time compared to that from 150 to 200, 

which seems evident given the smaller quantities of SFs in the former case at 𝑡 = 60. Next, 

we decreased the value of 𝑁s, on the contrary, from 150 or 200 to 80 at 𝑡 = 60 (Fig. Ⅳ-4e). 

Interestingly, unlike the above case that PP reaches the same level of a steady state upon 

the increased 𝑁s at a different timepoint, the present PP sharply decreases to a steady state 

upon the change in 𝑁s in both cases. 

To evaluate the difference in the rate of the response, all the PP values were collected 

during an adaptive period of between 𝑡 = 60 and 100 for each condition and were analyzed 

with student t-test. The statistical analysis shows that the PP values were significantly higher 

for the change of 𝑁s from 150 to 200 compared to that from 80 to 200. Meanwhile, there is 

no significant difference in the PP values during the adaptive period between the change of 

𝑁s from 200 to 80 and that from 150 to 80. These results suggest that the extent of the 

coexistence of actin meshwork and SFs does impact the duration of percolation formation, 

in which advanced coexistence (with an initial 𝑁s value of 150) is advantageous for rapid 

adaptation to complete percolation than less developed conditions (with an initial 𝑁s value 

of 80), whereas interestingly it has no delay effect for the percolation collapse. 

Finally, we considered a minimal model (Appendix) to interpret the mechanism behind 

the difference in response to the time-varying 𝑁s  found in the percolation analysis. We 

demonstrate that the asymmetry between creation and disintegration in response to 
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environmental changes is intrinsic to mechano-signal transmission mediated by physical 

tension (Appendix, Fig. Ⅳ-5). 

 

Ⅳ-5. Discussion 

What is intriguing and essential in general percolation analysis is the consideration of a 

hierarchical system comprising at least two layers, in which the individual elements of the 

lower layer interact with neighboring elements at a local level without recognizing the 

overarching structure, and then only modulating the stochastic rate of these interactions at 

the microscopic level can lead to an emergence of a new structure at the macroscopic level. 

These hierarchical systems can be observed in individual adherent cells, in which tension 

plays a pivotal role in mechanosensitive regulation in the actin meshwork-based cytoplasm 

to form SFs at suitable locations. Cells thus flexibly reconfigure their internal structures in 

accordance with the surrounding milieu, exhibiting an inherent percolation nature in their 

adaptive behavior. 

More specifically, directional SFs are created from and maintained within the random 

actin meshwork (Ⅳ.37), acting as a physical connector between separate FAs in a process 

reminiscent of general percolation. Our percolation analysis simulated the stochastic 

interaction among AFs as a microscopic component and the potential emergence of SFs as 

a macroscopic structure spanning the entire cell. The binding/unbinding probability of the 

tension-bearing element AFs is modulated by 𝑁s  that represents the cellular capacity to 

generate homeostatic tension, which is basically determined in actual cells by each cell type 

and environment, thus serving as a global parameter. There is another factor that locally 

modulates the probability, namely 𝑁𝑐[𝑡], which denotes the number of AFs associated with 

an existing SF. 𝑁𝑐[𝑡] is transmitted as a mechano-signal through the tension-bearing AFs 

without recognizing the overarching cell structure, but nonetheless can contribute to the 

formation of SFs at particular locations. Thus, the states of microscopic elements and their 

collective entity are coordinately interrelated within the hierarchical cell system, and a change 

in one layer impacts the others by leveraging the inherent nature or percolation to flexibly 

cope with continuously generating intracellular/extracellular perturbations. This percolation-

based perspective is essential in comprehending the environment-dependent self-assembly 

of living systems composed of multiple interacting components, allowing proliferative cells to 

alleviate the stress inevitably provided from time-varying intracellular and extracellular milieu 

(Ⅳ.8, 12). 

Our percolation analysis showed that a high and low level of 𝑁s leads to a different cell 

state where SFs and actin meshwork are more preferably expressed, respectively. These 

results agree well with experimental observations given that 𝑁s is associated with the level 
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of MRLC phosphorylation (Ⅳ.22). 𝑁s in reality reflects more general capability of the cell to 

generate homeostatic tension so that this parameter is actually affected by various 

environmental cues. For example, cells more preferably express actin meshwork and SFs 

on a softer and stiffer substrate and at a smaller and larger adhesive area, respectively 

(Ⅳ.26), and this selective architectural style can also be interpreted to correspond in our 

percolation analysis to a case with a low and high value of 𝑁s . Furthermore, our results 

showed that the length distribution of AFs modulates the intracellular structure even if the 

value of 𝑁s  is the same. Specifically, the distribution inclined toward shorter length 

populations more stabilizes actin meshwork, suggesting that cells also achieve adaptation 

by modulating the statistical nature of AF length. 

We found that the coexistence of SFs with larger amounts of meshwork induces a 

greater delay in reaching a steady state following an increase in 𝑁s, while it causes no delay 

in relation to reduction in 𝑁s regardless of the meshwork amount. In other words, SFs are 

created at a rate contingent on the quantity of preexisting actin meshwork, while interestingly 

their disassembly always occurs rapidly. Actual cells indeed bring about disassembly of SFs 

slightly earlier than their assembly, in which disassembly is observed within several minutes, 

while assembly typically takes several tens of minutes in response to mechanical stress (Ⅳ.9, 

11, 20, 21, 31). This tendency can be explained in our model by focusing on that AFs 

associated with SFs are the elements responsible for transmission of physical tension as a 

change in 𝐾on. Meanwhile, AFs belonging to meshwork merely continue to move randomly. 

Thus, SFs must first be created, if cells are initially comprised only of meshwork, for the 

transmission of physical signals and then be increased in number to finally reach a steady 

state. This asymmetric behavior may also be related to the common response of cells under 

transient mechanical stress, which shows prompt fluidization followed by gradual 

resolidification (Ⅳ.3, 34). 

We then attempted to explain the origin of the disparity between assembly and 

disassembly based on a minimal model (Appendix). Tendencies akin to those in the 

percolation analysis were obtained, suggesting that physical communication via tension 

transmission intrinsically induces an asymmetric response to environmental changes. From 

a biological perspective, it may be reasonable to propagate signals at a consistent rate 

irrespective of assembly and disassembly if both exert an equally significant impact on the 

entire system. Conversely, if the impacts differ between them, possessing such asymmetric 

rates can present potential benefits. There are always cases that provide cells with an 

impactful change upon assembling subcellular structures. Focusing on metabolic processes, 

for example, anabolism to create structures involves net energy consumption, while 

catabolism to disintegrate does not. In addition, creating subcellular structures lower the 
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degree of freedom at the whole cell level rather than disintegrating them, thereby leading to 

decrease in structural flexibility by increased constraint. Therefore, it seems advantageous 

to create structures as meticulously as possible in harmony with dynamically changing 

environments or otherwise to shift to a rapid collapse once deemed unnecessary. Overall, 

our analysis highlights the asymmetric rate regulation between the creation and 

disintegration of subcellular structures, providing new insights to the mechano-signal 

communication in cells. 

 

Ⅳ-6. Appendix 

A minimal analytical model is described to contemplate the difference in the adaptive 

response observed in the percolation analysis (Fig. Ⅳ-4). Let the total number of AFs 𝑁 

remain constant over time and comprised of the AFs in the binding state 𝑁b and those in the 

unbinding state 𝑁u, namely, 

 

𝑁 = 𝑁b + 𝑁u. (Ⅳ − A1) 

 

We examine the time course of the bound population 𝑁b by distinguishing the means of 

communications with the surrounding environment between physical and chemical ways 

within cells. 

Physical communication via tension transmission occurs exclusively via specific AFs 

under binding with other AFs. Bound AFs can take two states at the subsequent time step: 

they either remain bound with a probability of 𝑘on or unbind with a probability of 𝑘off, in 

which 𝑘on  and 𝑘off  can vary in accordance with the magnitude/direction of the tension 

reflecting the instantaneous environmental conditions (as simulated in the percolation 

analysis by the stepwise change in 𝑁s). Unbound AFs, in contrast, exhibit only stochastic 

behavior following a probability distinct from 𝑘on  and 𝑘off . More in detail, unbound AFs 

undergo two steps to restore binding: random diffusion toward SFs and bind with them. The 

diffusion may be affected in real cells by environmental changes such as alterations in 

intracellular concentration, but these changes are not suitable for direct comparison with the 

changes physically transmitted by tension. The time course change of 𝑁b is then described 

by 

 

∂𝑁b

∂𝑡
= −

𝑘off

𝑘on + 𝑘off
𝑁b  +  𝐴𝑁u (Ⅳ − A2) 
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where 𝐴 is a binding probability of unbound AFs, which is not related to the environment-

associated tension. Thus, only bound AF populations, and not unbound ones, are directly 

subjected to 𝑘on and 𝑘off reflecting mechano-signals. 

Time course change of the physical communication model using Eq. (Ⅳ-A2) actually 

shows a tendency similar to that of the percolation model (Fig. Ⅳ-5a, b). Specifically, a 

concomitant increase in 𝑘on from 0.7 to 0.8 and decrease in 𝑘off from 0.3 to 0.2 (Fig. Ⅳ-

5a, orange), with a constant total value of 𝑘on + 𝑘off = 1 and a constant value of 𝐴 = 0.05, 

reaches a steady state earlier than another concomitant increase in 𝑘on from 0.2 to 0.8 and 

decrease in 𝑘off from 0.8 to 0.2 (Fig. Ⅳ-5a, blue). Meanwhile, a concomitant decrease in 

𝑘on from 0.8 to 0.2 and increase in 𝑘off from 0.2 to 0.8 (Fig. Ⅳ-5b, blue) reaches a steady 

state simultaneously with another concomitant decrease in 𝑘on from 0.7 to 0.2 and increase 

in 𝑘off from 0.3 to 0.8 (Fig. Ⅳ-5b, orange). Thus, an asymmetric behavior between creation 

and disintegration, driven by an increase in 𝑁b  and a decrease in 𝑁b , respectively, 

consistent with the percolation simulation result (Fig. Ⅳ-4), is obtained even in the minimal 

model. 

On the other hand, chemical communication independent of physical binding is 

described by 

 

∂𝑁b

∂𝑡
= −

𝑘off
′

𝑘on
′ + 𝑘off

′ 𝑁b  + 
𝑘on

′

𝑘on
′ + 𝑘off

′ 𝑁u (Ⅳ − A3) 

 

where the binding probability 𝑘on
′   and unbinding probability 𝑘off

′   may vary depending on 

intracellular and extracellular environmental conditions. The transition of AFs from binding to 

unbinding can reflect respective environmental changes in both physical and chemical 

communications. Note however that the transition from unbinding to binding in physical 

communication occurs in a manner unrelated to the environmental changes, but that in 

chemical communication can reflect them. Thus, an asymmetry is inherently present between 

physical and chemical communications: only bound AFs communicate with the environment 

in the former through 𝑘on and 𝑘off, whereas both bound and unbound AFs do that in the 

latter through 𝑘on
′  and 𝑘off

′ . 

The mode of creation and disintegration is compared between the physical and chemical 

communication models (Fig. Ⅳ-5c, d). Specifically, a concomitant increase in 𝑘on from 0.2 

to 0.8 and decrease in 𝑘off  from 0.8 to 0.2 are applied to both the physical (Fig. Ⅳ-5c, 

orange dashed; 𝐴  = 1.0) and chemical (Fig. Ⅳ-5c, blue solid) communication models. 

Separately, a concomitant decrease in 𝑘on from 0.8 to 0.2 and increase in 𝑘off from 0.2 to 

0.8 are applied to both the physical (Fig. Ⅳ-5d, orange dashed) and chemical (Fig. Ⅳ-5d, 
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blue solid) communication models. These results suggest that, while the creation is delayed 

compared to disintegration in the physical communication as already observed (Fig. Ⅳ-5a, 

b), both creation and disintegration occur rapidly in the chemical communication. Thus, unlike 

the asymmetric behavior intrinsic to the tension transmission or mechano-signals, the 

chemical communication yields a symmetric response between creation and disintegration, 

suggesting that the minimal model captures the essence of the phenomena of interest. 
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Ⅳ-7. Supporting Material 

 

Figure Ⅳ-S1 

 

Fig. Ⅳ-S1 One case of the percolation simulation, in which 1 is provided if the separate FAs 

are connected, while 0 is provided if they are not connected. 

 

 

Methods for cell preparation in Figure Ⅳ-1 

Rat aortic smooth muscle cell lines (A75r, ATCC) were cultured with low-glucose (1.0 g/L) 

Dulbecco’s Modified Eagle Medium (Wako) containing 10% (v/v) heat-inactivated fetal bovine 

serum (SAFC Biosciences) and 1% penicillin-streptomycin (Wako) in a humidified 5% CO2 

incubator at 37℃. An expression plasmid encoding non-muscle α-actinin-1 was transfected 

to cells using Lipofectamine LTX and Plus Reagent (Thermo Fischer Science) according to 

the manufacturer’s instruction. To initially disrupt SFs, (-)-blebbistatin (10 μM, Wako) was 

applied to cells for 20 minutes. 
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Ⅴ Adaptive flexibility of cells through nonequilibrium entropy production 

 

Ⅴ-1. Summary 

Cellular adaptation to environmental changes relies on the dynamic remodeling of subcellular 

structures. Among these, periodic actomyosin assemblies are fundamental to the 

organization and function of the cytoskeletal architecture. In muscle-type cells, sarcomeres 

exhibit ordered structures of consistent lengths, optimized for stable force generation. By 

contrast, nonmuscle-type cells exhibit greater structural variability, with sarcomere-like 

periodic units of varying lengths that contribute not only to force generation but also to 

adaptive remodeling upon environmental cues. These structural differences have traditionally 

been attributed to the specific protein compositions unique to each cell type. However, the 

functional significance of such periodic unit variability remains poorly understood within a 

unified framework. Here, we propose a conceptual model grounded in nonequilibrium physics 

to provide a unified perspective on structural variability in cytoskeletal adaptation. Specifically, 

we demonstrate that the effective binding strength of these contractile units can be evaluated 

by quantifying structural randomness through Shannon entropy. The increased entropy 

associated with the inherent randomness of sarcomere-like assemblies in nonmuscle-type 

cells lowers the energy barrier for cytoskeletal remodeling, enabling flexible adaptation to 

environmental demands. In contrast, the ordered sarcomere arrangements in muscle-type 

cells correspond to higher binding energies, stabilizing cytoskeletal configurations for 

sustained force generation. While structural disorder is often regarded as a source of 

instability, our analysis reveals that it can serve as a driver of cytoskeletal remodeling and a 

foundation for adaptive cellular behavior. Thus, our study provides a unified theoretical 

foundation for understanding cytoskeletal adaptability across diverse cell types by integrating 

structural randomness into a nonequilibrium framework. 
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Ⅴ-2. Introduction 

Living cells adaptively reorganize their internal structures in response to changes in both their 

internal and external environments (Ⅴ.1,2). This structural adaptability is fundamental to 

individual cellular processes such as differentiation, proliferation, and apoptosis, as well as 

to higher-order processes such as tissue development and wound healing (Ⅴ.3,4). The 

cytoskeleton is central to the physical structure and force generation of cells, maintaining its 

integrity through organized protein complexes. Among these, periodic actomyosin structures, 

primarily composed of actin, myosin II, and α-actinin, function as fundamental units of cellular 

contractile architecture. 

In striated muscles, these periodic assemblies are referred to as sarcomeres and 

constitute the core of myofibrillar organization (Ⅴ.5–9). Meanwhile, similar sarcomere-like 

periodic structures are also present in ventral stress fibers of nonmuscle cells (Ⅴ.10–18). 

Compared to the uniform length and alignment of muscle sarcomeres, these nonmuscle 

counterparts exhibit greater structural variability; and even within muscle cells, interestingly, 

younger ones display broader distributions of sarcomere lengths, indicating greater structural 

randomness than mature ones (Ⅴ.19,20). Furthermore, this variability is more pronounced 

in motile cells than in nonmotile cells (Ⅴ.11,12). Muscle sarcomeres primarily support 

coordinated contractility within tissues (Ⅴ.5), while nonmuscle sarcomere-like structures are 

involved in diverse dynamic cellular processes including migration, division, and structural 

remodeling upon environmental changes (Ⅴ.21–24). 

In biological research, traditionally, these differences have been attributed to the unique 

properties of specific proteins expressed in each cell type, often within a reductionist 

framework. While this molecular perspective is indispensable for identifying components and 

enabling targeted manipulation, it can be complemented by a comparative physical approach 

that seeks a unified interpretation of how architectural variability is intrinsically linked to 

distinct cellular functions. Prior studies from a physical perspective have aimed to elucidate 

the mechanisms for the self-organization of actomyosin periodicity (Ⅴ.20–22,25,26), with 

some attempts in exploring how their contractions generate cellular tension and in turn 

maintain cytoskeletal organization (Ⅴ.5,27,28). However, how the variability of such periodic 

structures contributes to cellular functions remains an open question, as no unified theoretical 

framework has been established. 

Here, we describe a conceptual model based on a nonequilibrium physics framework to 

provide a unified interpretation of the relationship between subcellular structural variability 

and adaptability. We analytically derive constraints on the probability distribution of these 

structures and the effective binding energy among their constituent units to evaluate how 
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structural variability enhances adaptability. To incorporate nonequilibrium effects, we 

formulate a Fokker–Planck equation describing the probability distribution of actomyosin-

based periodic configurations and consider entropy production as an indicator of the 

energetic cost required for maintaining these nonequilibrium structures, specifically referring 

to the cytoskeletal system composed of contractile units. We also analyze the length 

distribution of actomyosin contractile units from experimental results on different cell types 

and interpret its functional implications within our theoretical framework. Finally, we explore 

the parameter space of our model to investigate how variations in structural properties 

influence adaptability. Our results suggest a fundamental physical principle, indicating that 

actomyosin organization should be understood not merely at the scale of individual 

contractile units, but as an emergent system operating at the cellular level to enhance 

adaptive flexibility. Interestingly, while structural randomness often impairs system function 

in engineered systems, it instead serves as a key driver of adaptability in living organisms. 

 

Ⅴ-3. Theory and Methods 

Ⅴ-3.1 Entropy production 

In striated muscle, the sarcomere is a well-defined periodic structure composed mainly of 

actin, myosin, and α-actinin, among other proteins. In contrast, non-muscle cells often exhibit 

actomyosin structures with irregular, sarcomere-like periodicity. In this study, we collectively 

refer to the canonical sarcomeres in muscle cells and the sarcomere-like structures in non-

muscle cells as contractile units, defined by the periodic spacing between α-actinin-rich 

regions along actomyosin bundles (Fig. Ⅴ-1). This operational definition serves as a marker 

of intracellular structural organization. For the purposes of our modeling framework, we 

consider the system to be the cytoskeletal structure composed of contractile units, while the 

surrounding intracellular environment, assumed to be sufficiently large, serves as a heat bath 

that remains close to thermal equilibrium. While many actomyosin-binding proteins contribute 

to remodeling in specific contexts, their roles differ substantially between muscle and 

nonmuscle cells. By contrast, actin, myosin II, and α-actinin represent the only structural 

components whose isoform differences may be directly compared across both systems, and 

thus these can be assumed as elements comprising the cytoskeletal system, without 

excluding possible contributions from other proteins. 

We then express the nonequilibrium entropy production during the growth process 

of the cytoskeletal structure while nearby contractile units bind together or unbind. Given the  
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Fig. Ⅴ-1 Schematic of contractile unit structure. The upper diagram (blue) shows 

ordered sarcomeres with specific lengths, while the lower diagram (orange) shows their 

disordered counterparts with varying lengths. The upper image corresponds to A7r5 cells, 

and the lower to fibroblasts, illustrating representative examples. White rectangles are 

magnified to evaluate the intensity of α-actinin (cyan) along the indicated F-actin bundles 

(magenta). Arrowheads indicate peaks in the intensity curves. Scale, 20 μm (left) and 2 μm 

(magnified).  
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inherent complexity of cytoskeletal systems, including the involvement of over a hundred 

distinct proteins in actin contractile bundles (Ⅴ.29), modeling at the individual protein level 

would inevitably require selective assumptions, potentially obscuring the broader functional 

roles underlying contractile unit fluctuations. To circumvent this, we adopt a coarse-grained 

approach in which the combined action of these proteins is treated as equivalent to 

contractile unit-level binding and unbinding, using the contractile unit as the fundamental unit 

of analysis. 

The total entropy production, considered for both the system and the environment, is 

defined as 

 

𝜎 = ∆𝑆𝑠𝑦𝑠 + ∆𝑆𝑏𝑎𝑡ℎ ≥ 0 (Ⅴ − 1) 

 

where ∆𝑆𝑠𝑦𝑠 and ∆𝑆𝑏𝑎𝑡ℎ are the change in entropy of the system and of the surrounding 

environment, respectively (Ⅴ.30). We consider the probability distribution of the contractile 

unit length in one dimension, describing its randomness, defining the probability of its length 

state 𝑥  as 𝑃(𝑥) . In nonequilibrium systems, ∆𝑆𝑠𝑦𝑠  can be expressed using Shannon 

entropy as follows (Ⅴ.26): 

 

∆𝑆𝑠𝑦𝑠 = −∑𝑃(𝑥)ln𝑃(𝑥). (Ⅴ − 2) 

 

For ∆𝑆𝑏𝑎𝑡ℎ, we assume that the environment can freely exchange constituent contractile unit 

elements and energy with the preexisting cytoskeletal structure and is therefore described 

by a grand canonical distribution under this theoretical assumption. The change in entropy 

of the environment is then given by 

 

∆𝑆𝑏𝑎𝑡ℎ = −𝛽(∆𝐸 − ∆𝜇) (Ⅴ − 3) 

 

where ∆𝐸 is the energy change in the cytoskeletal structure due to contractile unit binding, 

∆𝜇 is the change in chemical potential as contractile units transition from the particle bath to 

within the cytoskeletal structure, and 𝛽 = 1/𝑘𝑏𝑇 representing the inverse thermal energy, 
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with 𝑘𝑏  being the Boltzmann constant (1.38 × 10-23 m2 kg s-2 K-1) and 𝑇  the absolute 

temperature (310.15 K). Using Eqs. (Ⅴ − 2) and (Ⅴ − 3), the total entropy production is 

expressed by 

 

𝜎 = −∑𝑃(𝑥)ln𝑃(𝑥) − 𝛽(∆𝐸 − ∆𝜇) ≥ 0, (Ⅴ − 4) 

 

showing that the entropy production during the forming process of the cytoskeletal structure 

is always positive. 

 

Ⅴ-3.2 Maximum binding energy  

We define ∆𝐸 in Eq. (Ⅴ −3) as the energy change due to contractile unit binding to the 

cytoskeletal structure, corresponding to the binding energy, or ∆𝐸 = ∆𝐸𝑏. From Eq. (Ⅴ −4), 

the maximum binding energy is described by 

 

∆𝐸𝑏 ≤ ∆𝐸𝑚𝑎𝑥
𝑏 = ∆𝜇 −

1

𝛽
∑𝑃(𝑥)ln𝑃(𝑥). (Ⅴ − 5) 

 

Based on the second law of thermodynamics, the nonequilibrium formation of the 

cytoskeletal structure driven by contractile unit binding is accompanied by a positive entropy 

change. This constraint imposes a limit on the binding energy, which represents the strength 

of the interaction between contractile units, with a more negative binding energy indicating a 

stronger binding. While unbinding can also be described by reversing the signs of ∆𝐸 and 

∆𝜇, we focus on the binding process as a representative case that captures the essential 

thermodynamic behavior. 

 

Ⅴ-3.3 Probability distribution of contractile unit structures  

We also define 𝑃(𝑥) based on a simple conceptual model that captures the variations 

in contractile unit length, while using experimental data to examine its quantitative trends 

across different cell types. Given that the contractile unit exhibits a biophysical response 
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characterized by a potential energy landscape that is inherently convex downward with 

respect to its stable length 𝑥0 , we express the potential energy 𝑈(𝑥)  at contractile unit 

length 𝑥 as 

 

𝑈(𝑥) =
1

2
𝑘(𝑥 − 𝑥0)

2 (Ⅴ − 6) 

 

where 𝑘 represents the restoring contribution of the contractile unit. The convexity of this 

function follows from the inherent properties of the actomyosin structure, which we justify 

in Supporting Note 1, and extend to asymmetric configurations in Supporting Note 2. 

Using the Fokker-Planck equation, the time evolution of 𝑃(𝑥, 𝑡) is described by 

 

𝜕𝑃(𝑥, 𝑡)

𝜕𝑡
= −

𝜕

𝜕𝑥
{−𝑘(𝑥 − 𝑥0)𝑃(𝑥, 𝑡)} +

𝜕2

𝜕𝑥2
{𝐷𝑃(𝑥, 𝑡)} (Ⅴ − 7) 

 

where 𝐷 is the diffusion coefficient, representing the probabilistic spread of contractile unit 

configurations in relation to energy stability; in this conceptual model, 𝐷  captures the 

effective diffusive contribution of thermal fluctuations and actomyosin-driven dynamics as a 

coarse-grained representation without explicitly modeling these mechanisms. By solving Eq. 

(Ⅴ −7) under the steady-state condition, we obtain the stationary probability distribution as 

 

𝑃(𝑥) =
exp (−

𝑘(𝑥 − 𝑥0)
2

2𝐷 )

∑exp(−
𝑘(𝑥 − 𝑥0)2

2𝐷 )

(Ⅴ − 8) 

 

where 𝑃(𝑥) satisfies the normalization condition ∑𝑃(𝑥) = 1. We quantitatively analyzed the 

maximum binding energy ∆𝐸𝑚𝑎𝑥
𝑏  in Eq. (Ⅴ-5) by considering specific 𝑃(𝑥). For this analysis, 

𝐷 was set to 10 μm2/s based on typical molecular diffusion coefficients (Ⅴ.31–34), and ∆𝜇 

was estimated to be on the order of 20 kJ/mol from experimental measurements of the energy 

associated with ATP hydrolysis (Ⅴ.35,36). While ∆𝜇  does not correspond to a specific 

reaction, it reflects the average energetic input required to organize disordered components 
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into more ordered structures. Thus, ∆𝜇 serves as a coarse-grained chemical potential that 

integrates diverse chemophysical contributions involved in contractile unit formation. 

 

Ⅴ-3.4 Quantification of contractile unit length 

The actual contractile unit length was estimated as a representative value using previously 

published experimental images from multiple sources, including myofibrils isolated from 

mouse skeletal muscles (Ⅴ.37), primary mice myotubes (Ⅴ.38), and neonatal rat 

cardiomyocytes (Ⅴ.39), which predominantly express striated muscle-type actin and myosin 

molecules; and human fibroblasts (Ⅴ.40), PtK2 long-nosed potoroo epithelial kidney cells 

(Ⅴ.40), gerbil fibroma cells (Ⅴ.40), and A7r5 rat aortic smooth muscle cells (Ⅴ.41), which 

express nonstriated muscle-type actin and myosin molecules. Among them, A7r5 cells also 

express α-SMA, a smooth muscle-specific actin isoform commonly used as a marker for 

smooth muscle cells and myofibroblasts; these cells adopt a synthetic phenotype and 

therefore do not form the side-polar myosin filaments typical of fully differentiated smooth 

muscle cells (Ⅴ.42,43). Images of endogenous α-actinin immunostaining (Ⅴ.38–41) were 

analyzed by using ImageJ/Fiji software (NIH). Fluorescence intensity profiles were analyzed 

along the longitudinal axis of multiple contractile units to measure the distance between 

adjacent α-actinin–positive regions, with their centers defined by intensity maxima (Fig. Ⅴ-

1). The measured inter-peak distance was thus used to define the contractile unit length. We 

analyzed n = 40–48 contractile units for each of the three striated muscle types (myofibrils, 

myotubes, and cardiomyocytes), and n = 53–56 contractile units for each of the four 

nonstriated muscle types (fibroblasts, PtK2, gerbil fibroma, and A7r5 cells) to obtain the 

respective distributions. To illustrate representative sarcomere distributions, we also hereby 

performed immunostaining for α-actinin and actin filaments on A7r5 cells following method 

(Ⅴ.41) and on human foreskin fibroblasts following method (Ⅴ.29) (Fig. Ⅴ-1). Rather than 

performing statistical testing, we focused on extracting characteristic length scales from 

documented samples to provide a comparison across different conditions. 

 

Ⅴ-4. Results 

Ⅴ-4.1 Contractile unit distributions and their biophysical implications 

Contractile structures in both muscle and nonmuscle cells exhibit a common periodic 

organization, yet differ markedly in structural variability. Muscle-type sarcomeres form highly 

ordered, three-dimensional lattices with uniform lengths, whereas nonmuscle contractile 

units lack such precise organization and appear more heterogeneous (Ⅴ.41). This observed 
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variability, however, may not merely be a visual distinction but rather reflect differences in the 

effective binding strength among contractile unit components. To examine this possibility, we 

analyzed contractile unit length distributions across different cell types and quantified their 

structural variability. 

Specifically, in myofibrils isolated from mouse skeletal muscles (hereafter referred to as 

Skeletal myofibrils), primary mouse myotubes (Myotubes), neonatal rat cardiomyocytes 

(Cardiomyocytes), which all predominantly express striated muscle-type actin and myosin 

molecules and are characterized by relatively large contractile forces, sarcomeres were 

consistently observed to maintain a specific length (Fig. Ⅴ-2a). To quantify the consistency 

of sarcomere length, we calculated Shannon entropy for each distribution (Fig. Ⅴ-2b), 

confirming that sarcomeres in muscle-type cell types exhibit lower levels of entropy, indicative 

of a more ordered structural arrangement. In contrast, contractile units in human fibroblasts 

(Fibroblasts), PtK2 long-nosed potoroo epithelial kidney cells (PtK2 cells), and gerbil fibroma 

cells (Fibroma cells), which express nonstriated muscle-type actin and myosin molecules and 

are characterized by less contractile force, exhibited greater length variability and higher 

entropy. Thus, while nonmuscle contractile units retain their periodic structure (Ⅴ.15,44), 

they show a relatively random organization compared to muscle sarcomeres. A7r5 rat aortic 

smooth muscle cells (A7r5 cells), which coexpress both α-SMA and muscle-type α-actin, 

displayed an intermediate level of structural randomness among the analyzed cell types. 

The effective binding energy for different actomyosin structures was estimated using Eq. 

(Ⅴ-5) and the measured distributions, showing its proportionality to the change in system 

entropy at a fixed chemical potential of -20 kJ/mol (Fig. Ⅴ-2c). Nonmuscle contractile units 

exhibit lower binding energies than muscle sarcomeres, suggesting a greater capacity for 

structural remodeling. This trend is consistent with experimental observations (Ⅴ.5,10–

17,45), showing that nonmuscle contractile units undergo more dynamic reorganization than 

their muscle counterparts. Here, we define adaptability as the structural plasticity that 

enables contractile units to reorganize in response to environmental cues. From this 

perspective, a lower binding energy corresponds to a more flexible state, as it allows easier 

structural rearrangement in response to external perturbations. This interpretation supports 

our notion that the ordered arrangement of contractile units is not merely a property of 

individual elements, but an emergent system property that enables structural adaptability at 

the cellular scale. 
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Fig. Ⅴ-2 Quantification of contractile unit length variability and estimation of binding 

energy. (a) The actual contractile unit length was quantified using previously published 

experimental images from multiple sources, including neonatal rat cardiomyocytes (Ⅴ.39), 

mouse skeletal myofibrils (Ⅴ.37), primary mouse myotubes (Ⅴ.38), A7r5 smooth muscle 

cells (Ⅴ.41), gerbil fibroma cells (Ⅴ.40), PtK2 epithelial cells (Ⅴ.40), and human fibroblasts 

(Ⅴ.40). (b) Shannon entropy was calculated for each distribution. (c) The binding energy for 

different types was estimated using Eq. (Ⅴ-8) and the distributions shown in Fig. Ⅴ-3 at a 

fixed chemical potential of -20 kJ/mol. 

 

Ⅴ -4.2 Contractile unit organization and remodeling under energetic and 

environmental constraints 

Next, we extend our investigation using our framework to systematically examine how 

variations in key parameters influence structural stability and adaptability. The probability 

distribution for contractile unit lengths was analyzed using the model described by Eq. (Ⅴ-
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8). These distributions follow a Gaussian distribution with variance √𝐷 𝑘Τ , which arises from 

the balance between stochastic fluctuations and restoring contribution of contractile units (Fig. 

Ⅴ-3a). As 𝑘 increases, the variance in contractile unit length decreases, resulting in more 

stable localization around a specific length. Conversely, as 𝑘  decreases, the variance 

increases, leading to a broader length distribution and a more random actomyosin structure. 

As the restoring contribution 𝑘 increases, structural order becomes higher and entropy 

decreases (Fig. Ⅴ-3a, blue), reducing the thermodynamic drive for progressive assembly. 

Consequently, the maximum achievable binding energy becomes more negative, limiting the 

elongation of cytoskeletal structures as described in Eq. (Ⅴ-5). On the other hand, when the 

restoring contribution is small, the resulting disordered configuration increases entropy (Fig. 

3a, red), diminishing the relative contribution of binding energy and facilitating cytoskeletal 

assembly and hence flexible remodeling. Although the model defines 𝑘 as a parameter that 

determines structural order, the one-to-one correspondence between 𝑘 and the distribution 

𝑃(𝑥) allows reciprocal interpretation, in which ordering may also reflect stronger restoring 

effect. While our model focuses on steady-state organization, such reciprocal interpretation 

also suggests that structural order may dynamically fluctuate in response to temporal 

changes in the effective restoring-to-fluctuation ratio (𝑘/𝐷 ), as may occur under varying 

environmental conditions. For example, increased fluctuations could elevate 𝐷 and thereby 

reduce structural order, whereas suppressed fluctuations may effectively enhance 𝑘  and 

restore order. These results suggest that cytoskeletal structures with random organization, 

such as those found in nonmuscle cells, are more adaptable to dynamic growth and 

remodeling. In contrast, ordered structures, like those in muscle cells, require larger changes 

in binding energy for structural reorganization, indicating lower flexibility for dynamic 

remodeling. Interestingly, the value of 𝑥0 does not affect the limits of the binding energy 

because entropy is determined not by the absolute stable length but by the probability of the 

structure being randomly distributed (Fig. Ⅴ-3b). 

The relationship with the chemical potential reveals a positive correlation with the 

maximum binding energy as explicitly described in Eq. (Ⅴ-5) (Fig. Ⅴ-3c). A small difference 

in chemical potential (Fig. Ⅴ-3c, red regions) corresponds to a reduced impact of the binding 

energy, allowing for easier remodeling of the structures. While our discussion has focused 

on the extent of the contractile unit randomness, it should be noted that chemical potential 

depends on component concentration, which varies with intracellular environmental 

conditions. Therefore, even with the same randomness in the cytoskeletal system, the 

behavior is actually influenced by environmental factors including concentration. 
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Fig. Ⅴ-3 Quantification of maximum binding energy and its dependence on structural 

and energetic factors. (a) Length distribution of contractile units at 𝑘 = 102 [N/μm] (red), 

103 [N/μm] (green), and 104 [N/μm] (blue). With a smaller 𝑘, the distribution of contractile 

unit lengths exhibits greater variability, indicating increased structural diversity. (b) Relation 

between restoring contribution and maximum binding energy. A higher restoring contribution 

corresponds to a lower maximum binding energy, indicating stronger binding between 

constituent elements. (c) Dependence of maximum binding energy on restoring contribution 

and chemical potential. A lower chemical potential results in a lower maximum binding energy. 

Ⅴ-5. Discussion 

In this work, we developed a nonequilibrium physical model as a unified framework to 

reinterpret the relationship between subcellular structural variability and cellular adaptability 

across hierarchical scales. Note that this study does not aim to theoretically explain the origin 

of sarcomere randomness; rather, our conceptual model is designed to describe how the 

intrinsic properties of contractile units are linked to the observed structural variability, which 
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reflects a state of lower energetic barriers and, in turn, allows for more flexible remodeling. 

Although the model is intentionally minimal, while inevitably leaving system-specific 

molecular details outside its scope, this simplification enables clearer insights into the 

relationship between structural variability and adaptability. 

Previous studies have largely focused on self-organizing mechanisms of sarcomere 

patterning (Ⅴ.21,22,25,26), but these mechanisms were often examined in isolation, without 

a unifying framework linking them to cellular adaptive responses. In particular, it remained 

unclear how both muscle sarcomeres and nonmuscle sarcomere-like structures collectively 

contribute to the ability of cells to respond to environmental changes. Our model integrates 

essential physical factors such as restoring effects and fluctuations into an energy-based 

description of actomyosin contractile unit length distributions. Using the Fokker-Planck 

equation, we derived the probability distribution of contractile unit lengths (Eq. (Ⅴ-8)), 

revealing that higher restoring effects induce less random structural variations around a 

specific length. This finding is consistent with experimental observations, in which muscle 

cells exhibit ordered sarcomere structures, whereas nonmuscle cells display more dispersed 

configurations (Ⅴ.5,10–17,45,46). 

To bridge the structural variations with energetic constraints, we analyzed entropy 

production associated with cytoskeletal remodeling caused by contractile unit binding. In our 

model, the cytoskeletal structure, consisting of serially connected contractile units, is treated 

as a system in grand canonical contact with its surrounding environment, resulting in a 

nonequilibrium state characterized by continuous energy exchange and persistent entropy 

production. By determining Shannon entropy (Ⅴ.47) from the probability distribution of 

contractile unit lengths, we derived a limit on binding energy (Eq. (Ⅴ-5)), constrained by the 

requirement of nonnegative entropy production in nonequilibrium systems (Ⅴ.30). Our 

analysis thus provides a framework for understanding how structural randomness governs 

the energy landscape of cytoskeletal remodeling. In muscle-type cells with high restoring 

effect and ordered sarcomere lengths, the requirement for entropy production necessitates 

substantial binding energy for cytoskeletal elongation. In contrast, in nonmuscle-type cells 

with lower restoring effect and more random structures, the entropy resulting from structural 

disorder allows for more flexible cytoskeletal remodeling with minimal binding energy. Thus, 

these cytoskeletal structures achieve flexible responsiveness to environmental cues 

facilitated by the randomness-driven entropy. Interestingly, young muscle cells display 

greater randomness in sarcomeres than mature cells (Ⅴ.19), potentially suggesting that 

early-stage cells may be more adaptable and then gradually form specialized structures 

optimized for stable contractile function as they mature, as supported by recent experimental 
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observations (Ⅴ.48). Note that binding energy is also modulated by the chemical potential, 

which depends on intracellular component concentrations. For example, in environments rich 

in contractility-promoting molecules, stable cytoskeletal structures with strong binding 

energies can form even in the presence of random structures. Thus, cytoskeletal structures 

can remodel in response to conditions within the system as well as those in the environment. 

Our theoretical descriptions capture this cellular behavior, aligning with experimentally 

observed relationships across the different hierarchies, namely between actomyosin 

structures and cells (Ⅴ.5,10–17,45). 

While we have primarily discussed the qualitative features, we also estimated the 

effective binding energy for different types of cytoskeletal structures (Fig. Ⅴ-2). We found 

that the estimated trend is consistent with experimental observations. To interpret this trend, 

we focus here on two major actin cross-linkers, α-actinin and myosin. Nonmuscle α-actinin 

isoforms have been reported to exhibit higher dissociation constants Kd for actin binding, 

ranging from 2.96 to 3.96 μM (Ⅴ.49), compared to muscle α-actinin isoforms, which display 

lower Kd values of 0.4 μM (50) or 0.59 μM (Ⅴ.51). This difference suggests that muscle α-

actinin binds actin more stably, stabilizing the sarcomere more effectively than nonmuscle α-

actinin. Regarding myosin, the Kd value of muscle myosin isoforms (28.2 nM) is higher than 

that of nonmuscle myosin ones (4.6 nM) (Ⅴ.52), suggesting a higher affinity of nonmuscle 

myosin for actin. Functionally, muscle myosin molecules undergo rapid cross-bridging cycles 

to facilitate muscle contraction, whereas nonmuscle myosin molecules remain attached to 

actin to sustain cellular tension along stress fibers. These distinct roles suggest that α-actinin, 

rather than myosin, facilitates structural reorganization through its more flexible interactions 

with actin, thereby supporting dynamic cellular adaptability. 

Such entropy-associated structural variability is also evident in other biological systems. 

For example, the extracellular matrix exhibits tissue-specific differences in collagen 

organization, where highly aligned fibers confer mechanical stability (e.g., tendons), whereas 

disordered networks enhance adaptability and remodeling capacity (e.g., skin, wound 

healing) (Ⅴ.53). A comparable principle is reflected in the evolutionary divergence; for 

example, within the myosin II family, the nonmuscle isoform contributes to heterogeneous 

and dynamic cytoskeletal networks, supporting versatile functions, while the striated muscle 

isoform forms highly ordered sarcomere structures optimized for stable contraction (Ⅴ.54). 

These examples illustrate a common trade-off between structural order and functional 

adaptability, consistent with the core mechanism of our model, in which increased structural 

entropy facilitates flexible responses to environmental demands. 

In conclusion, we developed a physical framework for the unified evaluation of 
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contractile unit variability across different cell types, linking subcellular structural randomness 

to cellular adaptability. We suggest that structural disorder, often perceived as 

disadvantageous, actually enhances cellular adaptability by increasing entropy. This 

randomness is not limited to actomyosin contractile units but also appears inherently in other 

cellular components, indicating that extending our model could reveal additional mechanisms 

working across other biological hierarchies. Thus, our framework provides a basis for 

exploring the complex relationships between cellular physical structures and functions. 

 

  



84 

 

Ⅵ  Hierarchical phase transitions as mechanical checkpoints of intracellular 

organization 

 

Ⅵ-1. Summary 

Living cells inherently reorganize their intracellular structures in response to mechanical cues 

from their environment. Among these responses, the formation of actin-based stress fibers 

exhibits a series of structural transitions depending on substrate stiffness: from disordered 

states on soft substrates, to partial alignment, and eventually to bundled formations as 

stiffness increases. While these transformations have been well documented, the physical 

principles underlying their emergence remain elusive. Here we develop a statistical-

mechanical framework demonstrating that these structural changes arise through a hierarchy 

of threshold-dependent phase transitions dictated by energy–entropy competition. This 

formulation provides a thermodynamic basis for understanding how distinct cytoskeletal 

orders become favored under different mechanical regimes. We propose that these 

transitions serve as mechanical checkpoints that coordinate intracellular organization during 

G1-phase spreading. These findings reveal how mechanical cues guide distinct intracellular 

orders through a physically constrained hierarchy of transitions. 

  



85 

 

Ⅵ-2. Introduction 

Living cells inherently exhibit the ability to adaptively modify their internal architecture in 

response to changes in both internal and external conditions. One striking manifestation of 

this adaptive capacity is the reorganization of actin stress fibers (SFs) in response to the 

mechanical stiffness of the extracellular environment. Numerous experimental studies have 

demonstrated that both the extent and organization of SFs strongly depend on substrate 

stiffness (Ⅵ.1). On highly compliant substrates, SFs are rarely observed; once the stiffness 

exceeds a certain threshold, SFs begin to appear, though they remain randomly oriented. As 

the stiffness increases further, SFs progressively align in a common direction, and eventually, 

at an even higher threshold, these aligned fibers bundle together laterally to form thick actin 

cables (Ⅵ.2–5). These stepwise transformations in actin organization are also observed in 

temporal succession when cells spread on sufficiently stiff substrates (Ⅵ.6–8). 

These structural transitions occur spontaneously in response to environmental 

conditions, without changes to the molecular identity of the system. This behavior is 

reminiscent of phase transitions in physical systems, in which macroscopic order emerges 

through changes in external parameters, even when microscopic constituents remain 

unchanged. Phase transitions have long been a central topic in statistical mechanics and 

condensed matter physics (Ⅵ.9). In recent years, similar concepts have been introduced to 

biology; for example, in the study of liquid–liquid phase separation within cells where 

biomolecular condensates form and dissolve in response to physiological cues (Ⅵ.10). 

However, the stiffness-dependent, stepwise transitions in cytoskeletal organization have not 

yet been examined through this physical framework despite their apparent resemblance to 

phase-transition-like behavior. This gap is notable given that substrate stiffness is known to 

regulate essential cellular processes including proliferation, differentiation, and apoptosis, i.e., 

topics that lie at the core of mechanobiology (Ⅵ.11,12). A deeper understanding of how 

intracellular structure responds to gradual changes in mechanical stiffness could therefore 

provide fundamental insights into the environment-dependent behavior of living systems. 

Here we develop a theoretical framework based on statistical mechanics to explain the 

stiffness-induced transitions in intracellular actin organization. Using a simplified lattice model 

of actin filament arrangement, we characterize distinct states that emerge from different 

spatial configurations of filaments, and we identify the essential conditions under which 

transitions between these states occur. Although other biological factors such as myosin 

activity or molecular signaling pathways are not explicitly modeled, they are implicitly 

embedded in the physical parameters of the system. This approach provides a minimal but 

physically grounded explanation for the spontaneous reorganization of intracellular 

structures in response to mechanical cues. These findings suggest that stepwise structural  
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Figure Ⅵ-1 Overview of cellular stepwise transitions. (a) Intracellular actin structures 

undergo sequential phase transitions in response to control parameters such as substrate 

stiffness. (b) Conceptual illustration of sub-systems within a cell: different cytoplasmic regions 

may occupy distinct structural states, each represented by a lattice-based local domain used 

in the model. (c) Lattice-based cell models to analyze each transition: initially, randomly 

distributed actin particles (green) create long filaments (red) (I), then align along a common 

direction (II), and eventually undergo interfiber coupling (III) with each transition 

characterized by a distinct order parameter. (d) Schematic depiction of a discontinuous 

change in the order parameter at a critical value of the control parameter, illustrating a phase 

transition. 
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transitions may act as successive mechanical checkpoints that coordinate intracellular 

organization with the cell cycle. 

 

Ⅵ-3. Model overview 

Cells exhibit a sequence of structural transitions in actin organization as a function of 

substrate stiffness (Fig. Ⅵ-1) (Ⅵ.3). In response to increasing stiffness, cells progress 

through four qualitatively distinct states: i) a disordered phase in which actin particles are 

randomly distributed; ii) a bundled phase in which these particles aggregate into SFs with 

random orientations; iii) an aligned phase in which SFs acquire a common direction; and iv) 

an aggregated phase in which aligned SFs coalesce laterally. This sequence of state 

changes represents a hierarchy of physical phase transitions that govern how cells adapt to 

mechanical cues. To explore the fundamental principles governing these transitions, we 

construct a theoretical framework based on statistical mechanics. Unlike conventional phase 

transition theories based on a single order parameter, the present framework describes a 

hierarchy of distinct orders, each emerging at a different stiffness threshold and inherited by 

subsequent phases. To analyze this hierarchy, we develop distinct theoretical models for 

each of the three phase transitions, SF formation (Phase Transition I, PT1), directional 

alignment (Phase Transition II, PT2), and fiber aggregation (Phase Transition III, PT3), each 

capturing a different level of structural organization. These models share a common physical 

perspective rooted in statistical mechanics but differ in their formulation according to the 

specific dominant order in each phase. Because actual cells may exhibit different structural 

states in different regions, the current system can be interpreted as a sub-system of a larger 

cellular domain. Each model therefore represents a coarse-grained local portion rather than 

the entire cell. 

 

Ⅵ-3.1 Phase transition 1 – Formation of stress fibers as a physical phase transition 

We begin by considering the phase transition process, in which randomly distributed actin 

particles form SFs, characteristic of PT1. Here, actin particles denote coarse-grained actin-

based structural units that represent material progressing toward the next structural state, 

ranging from monomeric actin that polymerizes into filaments to filament segments that 

assemble into SFs. The cell is represented as a two-dimensional square with a side length 

of 𝑎, on which actin particles are distributed (Fig. Ⅵ-2a), where 𝑎 denotes the side length 

measured in lattice units, with the lattice spacing set to unity; numerically, 𝑎  also 

corresponds to the number of lattice sites per side. We focus on spontaneous phenomena 

that emerge independently of macroscopic changes in cell shape or volume, which are not 

included in the present model. We also assume that the temperature of the cell remains 
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constant. The Helmholtz free energy of the cell is defined as follows: 

 

𝐴 = 𝐸 − 𝑇𝑆 (Ⅵ − 1 − 1) 

 

where 𝐸, 𝑇, and 𝑆 represent energy, temperature, and entropy, respectively. We derive the 

specific form of Eq. (Ⅵ-1-1) by considering the distribution of actin particles. The square cell 

is subdivided into smaller units referred to as a lattice. The total number of lattice sites is 

equal to the area of the cell 𝑉: 

 

𝑉 = 𝑎2. (Ⅵ − 1 − 2) 

 

Let 𝑁𝑎 represent the total number of actin particles within the cell, which remains constant 

as actin works as a "housekeeping" protein. The cell is sufficiently large relative to the area 

occupied by all actin particles to ensure 𝑁𝑎 < 𝑉, and each lattice site can be occupied by at 

most one actin particle. 

We define SFs as the arrangement of actin particles that align in a straight line from one 

edge of the cell to the other (Fig. Ⅵ-2a, red). Any other configurations are considered to be 

randomly distributed actin particles (Fig. Ⅵ-2a, green). Although SFs in actual cells may not 

always form perfect straight lines, we define SFs in this way to enable a strict count of the 

possible microscopic states, or microstates, of this macroscopic cell system. Here note that, 

in statistical mechanics systems such as those applied to biological contexts (Ⅵ.13–17), the 

distinction between macroscopic and microscopic variables is not simply determined by 

physical size. In the case of a protein statistical mechanics, for example, countable degrees 

of freedom typically include the length of the protein chain, while uncountable degrees of 

freedom would refer to the relative coordinates of individual atoms within the protein structure. 

In addition, while SFs in real cells can vary in length and do not necessarily span the entire 

cell, we consider the length 𝑎 in our lattice model as the minimum length required to count 

as an SF. For more complex cases involving SFs of varying lengths or shapes, the current 

system may be interpreted as a sub-system of a larger cellular domain, but such analyses 

are beyond the scope of this study, which focuses on the essential aspects of the phenomena. 

Let 𝐿𝑠 represent the number of SFs formed by actin particles. To characterize the phase 

state, we define an order parameter, which is a macroscopic variable that determines the 

degree of order within the cell, based on the extent to which SFs are formed. Specifically, the 

order parameter 𝑥1 is defined as the ratio of actin particles involved in SF formation to the 
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total number: 

 

𝑥1 =
𝐿𝑠𝑎

𝑁𝑎
(Ⅵ − 1 − 3) 

 

When 𝑥1 = 0, no SFs are formed, indicating a completely disordered state. Meanwhile, when 

𝑥1 = 1, all actin particles form SFs, representing a fully ordered state within the cell. We 

determine the specific form of the entropy by counting the possible microstates. Actin 

particles can exist in two distinct states: as part of non-SFs or as part of SFs. First, the number 

of possible microstates of actin particles or non-SFs (Fig. Ⅵ-2a, green) is given by: 

 

𝑊𝑝 =
(𝑉 − 𝐿𝑠𝑎)!

(𝑁𝑎 − 𝐿𝑠𝑎)! (𝑉 − 𝑁𝑎)!
(Ⅵ − 1 − 4) 

 

where the available lattice sites are those not involved in SF formation (i.e., 𝑉 − 𝐿𝑠𝑎), and 

the number of available actin particles and empty lattice sites are 𝑁𝑎 − 𝐿𝑠𝑎  and 𝑉 − 𝑁𝑎 , 

respectively. Similarly, the number of possible microstates of SFs (Fig. Ⅵ-2a, red) is given 

by 

 

𝑊𝑠 =
2𝑎!

𝐿𝑠! (2𝑎 − 𝐿𝑠)!
, (Ⅵ − 1 − 5) 

 

in which the number of possible configurations is calculated for arranging a total of 𝐿s SFs. 

We do not distinguish between SF configurations that are symmetrical with respect to the 

starting position, either vertically or horizontally. The number of possible microstates is thus 

calculated within the range of 𝑎 + 𝑎 = 2𝑎. Taken together, the system entropy is described, 

with the Stirling approximation, by 

 

𝑆1 = 𝑘𝑏ln𝑊𝑝𝑊𝑠 

= 𝑘𝑏 {

(𝑉 − 𝑁𝑎𝑥1) ln(𝑉 − 𝑁𝑎𝑥1) − 𝑁𝑎(1 − 𝑥1)ln𝑁𝑎(1 − 𝑥1) − (𝑉 − 𝑁𝑎)ln(𝑉 − 𝑁𝑎)

+4𝑎ln𝑎 − 2𝑎ln2 −
𝑁𝑎

𝑎
𝑥1ln𝑁𝑎𝑥1 − (2𝑎 −

𝑁𝑎

𝑎
𝑥1) ln(2𝑉 − 𝑁𝑎𝑥1)

} (Ⅵ − 1 − 6) 

 

where 𝑘𝑏 is the Boltzmann constant (Fig. Ⅵ-S1). 

Next, to describe the energy 𝐸1, we define the single-particle energy of an actin particle as 

𝜇1
0 and the interaction energy due to binding as 𝜇1

𝑠, respectively; 𝜇1
0 is an intrinsic energy that 



90 

 

reflects the inherent properties of the actin particle and is considered a constant, while 𝜇1
𝑠 

represents the energy associated with the stability of the binding and is generally a function that 

can vary depending on chemical and physical influences from the surrounding environment. A 

stiffer substrate allows cells to generate larger traction forces due to the law of action and reaction  

(Ⅵ.12), and given that actin–myosin complexes including SFs become more stable under such 

increased tension, a property known as a catch bond (Ⅵ.18–22), the interaction energy is 

expressed as a function of tension 𝐹1: 

 

𝜇1
𝑠(𝐹1) = 𝐵exp(−𝐶𝐹1) (Ⅵ − 1 − 7) 

 

where 𝐵 is the interaction energy due to binding in the absence of tension, and 𝐶 is the constant 

that determines the effect of 𝐹1. The total energy of the cell is expressed using the number of 

non-SF actin particles, 𝑁𝑎 − 𝐿𝑠𝑎, and the number of particles forming SFs, 𝐿𝑠 (Fig. Ⅵ-S2): 

 

𝐸1 = 𝜇1
0(𝑁𝑎 − 𝐿𝑠𝑎) + 𝜇1

𝑠𝐿𝑠𝑎 (Ⅵ − 1 − 8) 

 

From Eqs. (Ⅵ-1-6) and (Ⅵ-1-8), the free energy of Eq. (Ⅵ-1-1) is expressed as 

 

𝐴1 = 𝜇1
0(𝑁𝑎 − 𝑥1𝑁𝑎) + 𝐵𝑁𝑎𝑥1exp(−𝐶𝐹1)

−𝑇𝑘𝑏 {

(𝑉 − 𝑁𝑎𝑥1) ln(𝑉 − 𝑁𝑎𝑥1) − 𝑁𝑎(1 − 𝑥1)ln𝑁𝑎(1 − 𝑥1) − (𝑉 − 𝑁𝑎)ln(𝑉 − 𝑁𝑎)

+4𝑎ln𝑎 − 2𝑎ln2 −
𝑁𝑎

𝑎
𝑥1ln𝑁𝑎𝑥1 − (2𝑎 −

𝑁𝑎

𝑎
𝑥1) ln(2𝑉 − 𝑁𝑎𝑥1)

} . (Ⅵ − 1 − 9)
 

 

To derive the conditions for PT1, we take the partial derivative of Eq. (Ⅵ-1-9) with respect to 

𝑥1: 

 

𝜕𝐴1

𝜕𝑥1
= 𝑁𝑎 [(𝜇1

𝑠 − 𝜇1
0) − 𝑘𝑏𝑇 {− ln(𝑉 − 𝑁𝑎𝑥1) + ln𝑁𝑎(1 − 𝑥1) −

1

𝑎
ln𝑁𝑎𝑥1 +

1

𝑎
ln(2𝑉 − 𝑁𝑎𝑥1)}] (Ⅵ − 1 − 10) 

 

The order parameter 𝑥1
∗ that satisfies 𝜕𝐴1 𝜕𝑥1Τ  = 0 is  

 

𝑥1
∗ ≈ 1 −

𝑉

𝑁𝑎
exp

𝜇1
𝑠 − 𝜇1

0

𝑘𝑏𝑇
, (Ⅵ − 1 − 11) 
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Figure Ⅵ-2 Analysis of Phase Transition I (PT1). (a) Schematic of a cell lattice model. 

Actin particles are classified as non-SF (green) or SF (red). (b) Free energy as a function of 

the order parameter and sustained tension. (c) Map of free energy as a function of the order 

parameter and sustained tension. (d) Order parameter that minimizes free energy as a 

function of sustained tension. (e) Free energy as a function of the order parameter and actin 

concentration. (f) Map of free energy as a function of the order parameter and actin 

concentration. (g) Critical order parameter as a function of the effective actin concentration 

and sustained tension. 

 

 

in which the approximation 𝑉 ≫ 𝑁𝑎 is used. The free energy has an extremum in 0 < 𝑥1
∗ < 

1, indicating that a symmetry-breaking phase transition is induced at 𝑥1
∗  ≠ 0. Thus, the 

criterion for PT1 is given by 
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𝜇1
𝑠 − 𝜇1

0 < 𝑘𝑏𝑇ln
𝑁𝑎

𝑉
, (Ⅵ − 1 − 12) 

 

suggesting that if the interaction energy 𝜇1
𝑠 is low, the cell system becomes stable by forming 

SFs and establishing order. In other words, the system spontaneously moves towards an 

ordered state characterized by SF formation when substrate stiffness is high. Conversely, if 

𝜇1
𝑠 is high, the cell is more stable when actin particles remain randomly distributed without 

forming SFs. While this model assumes constant cell volume and actin particle number, the 

result suggests that a higher effective concentration of actin particles, 𝑁𝑎 𝑉Τ , facilitates SF 

formation. Interestingly, even though this model does not explicitly consider the effect of 

concentration, its impact on the cell stability is revealed within the framework of statistical 

mechanics.  

Using the more rigorous Eq. (Ⅵ-1-10), we numerically show the relationship between 

the order parameter 𝑥1  and the free energy 𝐴1  (Figs. Ⅵ -2b-2g). Hereafter, unless 

otherwise stated, these parameters are used: 𝑁𝑎 = 200 (corresponding to 20 actin particles 

per filament in the calculation), 𝑇 = 309.5 K, 𝑘𝑏 = 1.38×10-23 J/K, 𝐹1 = 1×10-12, 𝑎 = 20, 

𝐵 = 1.5×10-20, and 𝐶 = 2.5×1012. 𝐵 and 𝐶, which affect the magnitude of the energy, are 

determined given that the binding free energy of proteins generally falls within the range of 

1–10 kcal/mol ( Ⅵ .23). These parameter magnitudes were chosen within physically 

reasonable orders consistent with intracellular conditions, such as typical levels of 

actomyosin-generated tension. Because the model is necessarily conceptual and not 

intended to reproduce absolute experimental values, the use of biologically plausible orders 

ensures that the resulting phase transitions reflect realistic cellular regimes rather than 

numerically arbitrary choices. Under conditions where the tension 𝐹1  is small, the free 

energy 𝐴1 reaches its minimum at 𝑥1 = 0 (Fig. Ⅵ-2b, blue and orange), indicating that the 

cell system is stable in a disordered state where actin particles are randomly distributed 

without forming SFs. Once 𝐹1 exceeds a certain threshold described by Eqs. (Ⅵ-1-7) and 

(Ⅵ-1-11), 𝐴1  shifts to its minimum at higher values of 𝑥1  (Fig. Ⅵ-2b, green and red), 

suggesting that in environments with larger forces, such as those with greater substrate 

stiffness, the cell system is more stable as it adopts an ordered phase characterized by the 

presence of one or more SFs. In environments where the total number of effective actin 

particles 𝑁𝑎 is small, the free energy 𝐴1 reaches its minimum at 𝑥1 = 0 (Fig. Ⅵ-2e, blue), 

suggesting that the cell system is stable in a state where actin particles are randomly 

distributed. As 𝑁𝑎 increases, in contrast, the free energy minimum shifts to a larger value of 

𝑥1 (Fig. Ⅵ-2e, green and red), indicating that cells with higher actin concentrations are more 

stable in an ordered phase where SFs are formed (Figs. Ⅵ-2f and 2g). The analytical results 
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for the order parameter 𝑥1
∗, at which the free energy is minimized, also demonstrate a similar 

phase transition as in the numerical analysis (data not shown). 

 

Ⅵ-3.2 Phase Transition II – Directional alignment of stress fibers as a physical phase 

transition 

We explore the mechanism of the phase transition from a cell structure with SFs formed in 

random directions to one where SFs acquire a specific orientation, characteristic of Phase 

Transition II (PT2). In the previous phase, the presence of SFs alone was regarded as an 

ordered state. In contrast, PT2 is interpreted as the emergence of a new order, where SFs 

align in a particular direction. In this new phase, SFs align either vertically or horizontally (Fig. 

Ⅵ-3a). Although in actual cells not all actin particles form SFs, we consider that the cell is 

entirely in an SF-forming phase to focus on the essential aspects of this specific phase 

transition. In addition, while actual SFs can align in various directions, we count only those 

aligning vertically or horizontally. While our current model focuses on the actin cytoskeleton 

within a simplified two-dimensional lattice, it can be extended to include additional cellular 

components, higher-dimensional lattices, or curved SF arrangements. These extensions 

would increase the complexity of energetic and entropic terms while retaining the core 

theoretical structure. In particular, cases involving SFs of varying lengths, shapes, or 

orientations can be addressed by interpreting the current model as a sub-system within a 

larger cellular domain. 

Within the square lattice framework as used for PT1, let us consider the case where the 

total number of SFs is 𝑛2. We denote the number of SFs aligning along the 𝑥-axis as 𝑛2
𝑥 

(Fig. Ⅵ-3a, green) and those aligning along the 𝑦-axis as 𝑛2
𝑦
 (red), and thus 

 

𝑛2 = 𝑛2
𝑥 + 𝑛2

𝑦
(Ⅵ − 2 − 1) 

 

The new order parameter that determines the phase state here is defined as follows to 

evaluate the extent to which SFs are aligned in the same specific directions.  

 

𝑥2 =
𝑛2

𝑥 − 𝑛2
𝑦

𝑛2
(Ⅵ − 2 − 2) 

 

When 𝑥2  = 0, SFs are evenly distributed between the two axes, indicating a disordered 

state; meanwhile, when 𝑥2 = 1 or 𝑥2 = -1, SFs are aligned only along either the 𝑥-axis or 

𝑦 -axis, reflecting a state with directional order. The number of possible microstates 
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determined from the distribution of SFs is described by 

 

𝑊 =
𝑛2!

𝑛2
𝑥! 𝑛2

𝑦
!
, (Ⅵ − 2 − 3) 

 

and then the entropy is described, with the Stirling approximation, by 

 

𝑆2 = 𝑘𝑏ln𝑊 

= 𝑘𝑏 (𝑛2ln𝑛2 −
1 + 𝑥2

2
ln (

1 + 𝑥2

2
𝑛2) −

1 − 𝑥2

2
ln (

1 − 𝑥2

2
𝑛2)) (Ⅵ − 2 − 4)  

 

(Fig. Ⅵ-S3). We define the energy of a single SF bearing a tension of 𝐹2 based on the 

catch-bond properties: 

 

𝜇2(𝐹2) = 𝜇2
0 exp(−

𝐹2

𝐹2
0) , (Ⅵ − 2 − 5) 

 

in which 𝐹2 (= 𝑓2𝑎) is the maximum tension that fully formed single SFs can sustain; 𝑓2 is 

the unit tension, 𝐹2
0 is a normalizing factor, and 𝑎 is the cell edge length as in PT1. Tension 

in proliferative cells is known to be produced by the interaction between ubiquitous 

nonmuscle actin and myosin II filaments, which occurs when these proteins align in a straight 

configuration (Ⅵ.24,25). Based on this, we assume that when one SF crosses another 

perpendicularly, the intersection point lacks the linear structure effective for tension 

generation and maintenance. If an SF does not experience such interference from others, 

the tension it can generate reaches its maximum value of 𝐹2. The tensions in the 𝑥-axis and 

𝑦-axis directions are then given as follows: 

 

𝐹2
𝑦

= 𝑓2(𝑎 − 𝑛2
𝑥)

𝐹2
𝑥 = 𝑓2(𝑎 − 𝑛2

𝑦
) (Ⅵ − 2 − 6)

 

 

From Eqs. (Ⅵ-2-5) and (Ⅵ-2-6), the energy 𝐸2 and free energy 𝐴2 are given by: 
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Figure Ⅵ-3 Analysis of Phase Transition II (PT2). (a) Schematic of a cell lattice model for 

PT2. Actin particles align in the 𝑥 -axis (green) or 𝑦 -axis (red) to form SFs, in which the 

tension generation is abrogated at the intersection (gray). (b) Free energy as a function of 

the order parameter and sustained tension. (c) Map of free energy as a function of the order 

parameter and sustained tension. (d) Order parameter corresponding to the minimum free 

energy as a function of the sustained tension. (e) Order parameter corresponding to the 

minimum free energy as a function of the total number of actin particles and sustained tension. 

 

 

 

𝐸2 = 𝑛2
𝑦
𝜇2(𝐹2

𝑦
) + 𝑛2

𝑥𝜇2(𝐹2
𝑥) (Ⅵ − 2 − 7) 

 

(Fig. Ⅵ-S4) and 

 

𝐴2 = 𝜇2
0 {

1 − 𝑥2

2
𝑛2𝜇2

0 exp(−
𝑓2 (𝑎 −

(1 + 𝑥2)𝑛2
2 )

𝐹2
0 ) +

1 + 𝑥2

2
𝑛2𝜇2

0 exp(−
𝑓2 (𝑎 −

(1 − 𝑥2)𝑛2
2 )

𝐹2
0 )}

−𝑇𝑘𝑏 (𝑛2ln𝑛2 −
1 + 𝑥2

2
ln (

1 + 𝑥2

2
𝑛2) −

1 − 𝑥2

2
ln (

1 − 𝑥2

2
𝑛2)) , (Ⅵ − 2 − 8)

 

 

respectively. To analyze the critical condition, taking the second derivative of Eq. (Ⅵ-2-8) 

with respect to 𝑥2 and substituting 𝑥2 = 0 yield 
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𝜕2𝐴2(0)

𝜕𝑥2
2 =

𝑛2
2𝑓2𝜇2

0

4𝐹2
0 (−4 +

𝑓2𝑛2

𝐹2
0 )exp(−

𝑓2 (𝑎 −
𝑛2
2 )

𝐹2
0 ) + 𝑛2𝑇𝑘𝑏. (Ⅵ − 2 − 9) 

 

With the approximation 𝑓2 (𝑎 −
𝑛2

2
) 𝐹2

0⁄ ≪ 1 and solving 𝜕2𝐴2(0) 𝜕𝑥2
2Τ  = 0,  

 

𝑓2
∗ =

2(𝐹1
0𝜇2

0𝑛2 − 𝐹2
0√𝜇2

02
𝑛2

2 − 𝑘𝑏𝜇2
0𝑛2

2𝑇)

𝜇0𝑛2
2 , (Ⅵ − 2 − 10)

 

 

and thus the cell system stabilizes at 𝑥2 = 0 when 𝑓2 < 𝑓2
∗, and at 𝑥2 ≠ 0 when 𝑓2 > 𝑓2

∗. 

Using the rigorous Eq. (2-8) with 𝜇2
0 = 10-19, 𝐹2

0 = 10-9, and 𝑛2 = 10 (i.e., 10 fiber units), 

we visualized the relationship between the free energy 𝐴2 and the order parameter 𝑥2 (Fig. 

Ⅵ-3b, bule and orange), showing that 𝐴2 reaches its minimum at 𝑥2= 0 when the force 𝑓2 

is small. Meanwhile, the free energy has a convex shape and reaches its minimum at 𝑥2 ≠ 

0 when the force is large (Fig. Ⅵ-3b, green). Thus, SFs sustaining low tension remain stable 

with random orientation, but once the tension exceeds a certain threshold the influence of 

energy becomes more dominant than entropy, leading to a phase where SFs align in a 

consistent direction (Fig. Ⅵ-3c, d). When the total number of distinct SFs, 𝑛2, is small, the 

order parameter corresponding to the minimum free energy begins to change at higher force 

levels (Fig. Ⅵ-3e). In contrast, when 𝑛2 is large, the change in the order parameter starts 

at lower force levels, suggesting that PT2 occurs more easily with more SFs under the same 

force conditions than with fewer SFs. 

 

Ⅵ-3.3 Phase Transition III – Lateral aggregation of aligned stress fibers as a physical 

phase transition 

Next, we focus on the mechanism of Phase Transition III (PT3) in which SFs, after acquiring 

directional alignment in PT2, undergo further transformation to undergo interfiber coupling. 

As in the previous sections, we consider a simple model where directionally aligned SFs are 

distributed within a square cell lattice of side length 𝑎 with constant volume and temperature 

(Fig. Ⅵ-4a). In actual cells, not all SFs align in a single direction, but we focus on the key 

aspects of how directionally aligned SFs cluster after PT2. Let the total number of SFs be 

𝑛3  , and let 𝑛3
𝑆𝐹  and 𝑛3

𝑎𝑠𝑠  represent the number of independent and assembled ones, 

respectively: 
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𝑛3 = 𝑛3
𝑆𝐹 + 𝑛3

𝑎𝑠𝑠 (Ⅵ − 3 − 1) 

 

We consider the case where a single aggregate is present. Although multiple aggregates 

form in actual cells, this complexity can be addressed by adjusting entropy calculations. Here, 

however, the focus is on establishing a framework for analyzing the fundamental principles 

and significance of PT3. The order parameter is defined as follows to evaluate the extent to 

which SFs form aggregates: 

 

𝑥3 =
𝑛3

𝑎𝑠𝑠

𝑛3
(Ⅵ − 3 − 2)  

 

SFs are independently distributed at 𝑥3 = 0, reflecting a disordered state, while they undergo 

interfiber coalescence at 𝑥3  = 1. The number of microstates is expressed as follows, 

focusing on the distribution patterns:  

 

𝑊 =
(𝑎 + 1 − 𝑛3

𝑎𝑠𝑠)!

(𝑛3 − 𝑛3
𝑎𝑠𝑠)! (𝑎 − 𝑛3

𝑎𝑠𝑠)!
(Ⅵ − 3 − 3) 

 

The entropy is described, with the Stirling approximation, by 

 

𝑆3 = 𝑘𝑏ln𝑊 

= 𝑘𝑏{(𝑎 + 1 − 𝑛3𝑥3) ln(𝑎 + 1 − 𝑛3𝑥3) − 𝑛3(1 − 𝑥3) ln 𝑛3(1 − 𝑥3) − (𝑎 − 𝑛3) ln(𝑎 − 𝑛3)} (S3 − 4) 

 

(Fig. Ⅵ-S5). The energy of individual SFs is given by Eq. (Ⅵ-2-5) as used in PT2, 

 

𝜇3 = 𝜇3
3 exp(−

𝑐𝑓3

𝐹3
0) , (Ⅵ − 3 − 5) 

 

but the interpretation here is that 𝑐  is a concentration-dependent parameter of binding 

proteins such as α-actinin that stabilize the connections between SFs. The energy and free 

energy are then be expressed by 

 

𝐸3 = 𝑛3 {(1 − 𝑥3)𝜇3
0 exp(−

𝑐𝑆𝐹𝑓3

𝐹3
0 ) + 𝑥3𝜇3

0 exp(−
𝑐𝑎𝑠𝑠𝑓3

𝐹3
0 )} (Ⅵ − 3 − 6) 
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(Fig. Ⅵ-S6), and 

 

𝐴3 = 𝑛3 {(1 − 𝑥3)𝜇3
0 exp(−

𝑐𝑆𝐹𝑓3

𝐹3
0 ) + 𝑥3𝜇3

0 exp(−
𝑐𝑎𝑠𝑠𝑓3

𝐹3
0 )}

−𝑇𝑘𝑏{(𝑎 + 1 − 𝑛3𝑥3) ln(𝑎 + 1 − 𝑛3𝑥3) − 𝑛3(1 − 𝑥3) ln 𝑛3(1 − 𝑥3) − (𝑎 − 𝑛3) ln(𝑎 − 𝑛3)}, (Ⅵ − 3 − 7)

 

 

respectively, where 𝑐𝑆𝐹 and 𝑐𝑎𝑠𝑠 are 𝑐 for independently distributed SFs and assembled 

SFs, respectively. To Differentiating Eq. (Ⅵ-3-7) with respect to 𝑥3 is 

 

𝜕𝐴3

𝜕𝑥3
= 𝑛3 (−𝜇3

0 exp(−
𝑐𝑎𝑠𝑠𝑓3

𝐹3
0 ) + 𝜇3

0 exp(−
𝑐𝑆𝐹𝑓3

𝐹3
0 )) − 𝑇𝑘𝑏(ln(𝑎 + 1 − 𝑛3𝑥3) + ln(𝑛3 − 𝑛3𝑥3)), (Ⅵ − 3 − 8) 

 

and the order parameter at 𝜕𝐴3 𝜕𝑥3Τ  = 0 is expressed as 

 

𝑥3
∗ =

(𝑎 + 1)exp (

−𝜇3
0 exp (−

𝑐𝑎𝑠𝑠𝑓3
𝐹3

0 ) + 𝜇3
0 exp(−

𝑐𝑆𝐹𝑓3
𝐹3

0 )

𝑇𝑘𝑏
) − 𝑛3

𝑛3 (exp (

−𝜇3
0 exp(−

𝑐𝑎𝑠𝑠𝑓3
𝐹3

0 ) + 𝜇3
0 exp(−

𝑐𝑆𝐹𝑓3
𝐹3

0 )

𝑇𝑘𝑏
) − 1)

. (Ⅵ − 3 − 9)
 

 

The free energy reaches an extremum and stabilizes at this specific 0 < 𝑥3
∗ < 1, as long as 

𝑥3
∗ is not equal to 0. The condition for PT3 is now described by 

 

−𝜇3
0 exp(−

𝑐𝑎𝑠𝑠𝑓3

𝐹3
0 ) + 𝜇3

0 exp(−
𝑐𝑆𝐹𝑓3

𝐹3
0 ) < 𝑇𝑘𝑏ln

𝑛3

𝑎 + 1
, (Ⅵ − 3 − 10) 

 

indicating that even when the energy difference on the left side remains unchanged, PT3 

can still occur if the total number of SFs is high. 

Visualization of PT3 with 𝑛3  = 10 (i.e., 10 fiber units) and 𝐹3
0  = 1×10-9 shows that 

entropy dominates when the tension is weak with a low binding protein concentration, leading 

to a state where the free energy is minimized at 𝑥3 = 0 (Fig. Ⅵ-4b, blue and orange). On 

the other hand, a high binding protein concentration leads to stabilization of the cell system 

with SF aggregates (Fig. Ⅵ-4b, green). One straightforward interpretation of the parameter  
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Figure Ⅵ-4 Analysis of Phase Transition III (PT3). (a) Schematic of a cell lattice model 

for PT3. Directionally aligned SFs are either distributed independently (green) or organized 

into assembled structures (red). (b) Free energy as a function of the order parameter and 

effective binding protein concentration. (c) Map of free energy as a function of the order 

parameter and binding protein concentration. (d) Order parameter corresponding to the 

minimum free energy as a function of binding protein concentration. (e) Order parameter 

corresponding to the minimum free energy as a function of the total number of SFs and 

binding protein concentration. 

 

 

𝑐𝑎𝑠𝑠  is the concentration of actin binding proteins that allow SFs to engage in interfiber 

coupling, but another is that 𝑐𝑎𝑠𝑠 also represents the internal and external factors that drive 

changes in the size of SFs through the enlargement of focal adhesions and consequently 

increase the sustained tension, which is also enhanced by substrate stiffness (Fig. Ⅵ-4c, d) 

(Ⅵ.26–30). The threshold concentration decreases as the total number of SFs increases (Fig. 

Ⅵ -4e). This observation is consistent with the theoretically derived phase transition 

conditions (Eqs. (Ⅵ-3-9) and (Ⅵ-3-10)). 
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Ⅵ-4. Experimental verification of cellular phase transition induced by the stiffness 

The hierarchical structural reorganization of the actin cytoskeleton was experimentally 

investigated across varying substrate stiffnesses to validate the theoretical framework (Fig. 

Ⅵ-5). We revealed that HFF-1 cells on soft 7 kPa substrates exhibit a disordered actin 

phase (Fig. Ⅵ-5a, top). As the substrate stiffness increases to 20 kPa and 41 kPa, a 

distinct transition to a filamentous phase becomes evident, with glass substrates supporting 

the development of prominent stress fiber bundles (Fig. Ⅵ-5b–d, top). The corresponding 

orientation maps further illustrate this progression, showing a transition from random local 

orientations on soft gels to high directional alignment on rigid substrates (Fig. Ⅵ-5a–d, 

bottom). 

 To quantitatively evaluate the emergence of structural order, spatial autocorrelation 

analysis was performed on local cytoplasmic domains (Fig. Ⅵ-5e). To eliminate variations in 

absolute intensity between different imaging settings, each autocorrelation function g(r) was 

normalized by its maximum value at 𝑟 = 0. The resulting decay profiles demonstrate that 

structural correlation persists over significantly longer distances on stiffer substrates. The 

correlation length 𝜉, calculated as the distance at which the correlation intensity, shows a 

significant and monotonic increase from 7 kPa to glass (Fig. Ⅵ -5f). Furthermore, the 

anisotropy values, which evaluate the degree of global fiber alignment, exhibit a 

corresponding rise with increasing substrate stiffness (Fig. Ⅵ-5g). 

 These experimental observations provide direct evidence for the hierarchical phase 

transitions predicted by our thermodynamic model. The extension of the correlation length 𝜉 

corresponds to PT1, representing the spontaneous transition from a disordered particulate 

phase to a bundled filamentous phase, which validates the behavior of the order parameter 

𝑥1 . Simultaneously, the increase in anisotropy marks the onset of PT2, reflecting the 

directional alignment of the formed fibers as represented by the order parameter 𝑥2 . 

Collectively, these results demonstrate that substrate stiffness acts as a key control 

parameter that sequentially triggers cytoskeletal ordering through the competition between 

thermodynamic energy and entropy. 
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Figure Ⅵ -5 Experimental validation of stiffness-dependent hierarchical structural 

transitions. (a-d) Top panels: HFF-1 cells stained for F-actin on polyacrylamide gel 

substrates with stiffnesses of 7 kPa, 20 kPa, and 41 kPa, and glass substrate. Bottom panels: 

Corresponding local orientation maps for actin staining, where the different colors indicate 

the local orientation of actin filaments as defined by the provided color map. (e) The 

normalized spatial autocorrelation function. To eliminate absolute intensity variations 

between different imaging settings, each autocorrelation curve was normalized by its 

maximum value at 𝑟 = 0 . The curves represent the mean values for each condition 

(𝑛=10~15 cells per group), with the shaded areas indicating the standard deviation (SD). (f) 

Box plot showing the correlation length 𝜉 across the different substrate stiffnesses. 𝜉 was 

determined by fitting the decay curves in (e) with an exponential function 𝑔(𝑟) ∝ exp (−𝑟/𝜉), 

serving as an experimental proxy for the order parameter 𝜉 in PT1. A significant increase in 

𝜉 on stiffer substrates indicates the emergence of structural order (fiber formation) through 

energy–entropy competition. (g) Comparison of anisotropy values calculated. Higher 

anisotropy values on rigid substrates reflect the transition from a randomly oriented bundled 

phase to a directionally ordered aligned phase. 
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Ⅵ-5. Discussion 

Many studies have described how living cells reorganize their internal structures in response 

to mechanical cues in terms of signaling molecular pathways ( Ⅵ .31–35), but such 

approaches often leave open the question of what makes those responses necessary rather 

than merely possible. The present study addresses this gap by developing a statistical-

mechanical framework that accounts for intracellular reorganization as a physically inevitable 

response to environmental stiffness. Statistical-mechanical perspectives have previously 

been applied mainly at higher biological scales, for example by modeling collections of cells 

as interacting ensembles (Ⅵ.36). In contrast, the present formulation operates at a more 

microscopic level by treating a single cell as an ensemble of interacting molecular units. 

Within this perspective, intracellular reorganization can be understood as a physically 

inevitable consequence of the trade-off between energy and entropy governed by extrinsic 

or intrinsic stiffness. This viewpoint moves beyond descriptive accounts and provides a 

principle-based explanation for the stepwise formation and organization of actin structures, 

highlighting the physical logic that underlies cytoskeletal adaptation. 

A key contribution of this study is the identification of hierarchical phase transitions that 

progressively govern the organization of actin structures in response to increasing substrate 

stiffness. Unlike previous approaches that rely on the fine-tuning of molecular signaling 

parameters, these transitions arise from threshold-dependent shifts in free energy 

landscapes driven by substrate stiffness-dependent actin interactions (Fig. 6). Our theoretical 

framework captures how distinct intracellular orders emerge sequentially, each inheriting 

structural features from the preceding state. Much like minimal models in statistical physics 

that extract essential behavior from complex systems, our approach isolates the fundamental 

energetic relationships that make such transitions physically favored under specific 

mechanical conditions. 

These phase transitions have implications beyond structural stability. When cells fail to 

maintain a stable phase, especially when SFs cannot properly form or align under 

mechanical stress, they may enter a pro-inflammatory state, potentially leading to chronic 

inflammatory diseases like atherosclerosis (Ⅵ.37–39). Focal adhesions at the termini of SFs 

convert mechanical tension into biochemical signals, with insufficient tension leading to 

sustained activation of pathways such as MAPK and subsequent disease progression 

(Ⅵ.40,41). While previous studies have elucidated these molecular mechanisms in detail 

(Ⅵ.42,43), our model offers a complementary, systems-level perspective that explains how 

such states may arise from failures in physically governed structural organization. 

The sequence of structural transitions observed as cells spread on stiff substrates can 

be interpreted as a gradual process of internal mechanical maturation. This progression is 
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driven by intracellular percolation (Ⅵ.27), in which actin–myosin interactions increasingly 

form SFs that support tension generation, leading to a rise in intracellular stiffness. As cells 

thus also stiffen internally, they become more capable of proceeding to subsequent structural 

transitions, with each state providing a foundation for the next. While cell cycle progression 

is canonically regulated by biochemical checkpoints such as those involving cyclins and 

cyclin-dependent kinases, it is during the G1 phase when cells must attach and spread that 

essential cytoskeletal reorganization (Ⅵ .3–5) occurs to support entry into later phases 

(Ⅵ.44). This stepwise maturation of intracellular structures, for which we have described the 

underlying physical conditions, may serve as a series of “mechanical” checkpoints that align 

cytoskeletal organization with the timing required for proper cell cycle progression. 

Figure Ⅵ -6 Hierarchical free-energy landscape of mechanical cue-dependent 

intracellular transitions. A schematic free-energy surface illustrating three discrete 

cytoskeletal transitions (PT I–III) driven by increasing control parameters such as substrate 

stiffness and the extent of cell spreading. Representative configurations highlight the 

structural regimes associated with each transition. The right panel relates this hierarchy to 

G1-phase mechanical checkpoints that coordinate cytoskeletal maturation with cell-cycle 

progression. 
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While the notion of mechanical checkpoints has appeared in previous studies, typically 

referring to threshold-dependent behaviors in cell polarization ( Ⅵ .45), focal adhesion 

dynamics ( Ⅵ .46,47), or mechanosensitive differentiation processes ( Ⅵ .48–50), these 

descriptions have remained largely phenomenological. In contrast, our framework reveals 

that such transitions are not merely empirically observed switching behaviors but are 

thermodynamically inevitable, governed by the competition between energy and entropy. We 

reinterpret mechanical checkpoints as emergent outcomes of physical constraints, offering a 

more principled understanding of how intracellular structure and potentially cell fate become 

mechanically coordinated. Another area of research that may be relevant to our theory is the 

study of topological defects in aligning multicellular structures ( Ⅵ .51). Within this 

thermodynamic viewpoint, the resulting free-energy landscapes can be viewed as a 

conceptual molecular-scale analogue of the classical Waddington landscape, illustrating how 

mechanical inputs reshape the structural fate of intracellular assemblies and highlighting the 

hierarchical nature of the experimentally observed transitions (Fig. 6). 

Given that SFs comprise more than one hundred associated proteins as revealed in our 

recent work (Ⅵ.52), their full molecular diversity lies far beyond the scope of any model. In 

addition, because cytoskeletal architecture varies across regions of a cell, individual parts of 

the cytoplasm can be at distinct stiffening stages during spreading. From this combined 

perspective, each phase transition in our framework is naturally interpreted as the dominant 

structural behavior within a local sub-system rather than the entire cytoplasm. The present 

model focuses on the essential physical elements governing actin organization, while 

remaining extensible because additional molecular influences can be represented by 

modifying the statistical weights or constraints that determine which filament configurations 

contribute most to the ensemble. For example, regulation by actin-destabilizing molecules 

such as cofilin (Ⅵ.24) can be modeled, without introducing explicit dynamical descriptions, 

by biasing the weighting toward shorter filament states within the same statistical-mechanical 

framework. 

In recent years, the concept of liquid–liquid phase separation has provided a valuable 

framework for understanding the dynamic organization of membraneless compartments in 

cells (Ⅵ.53). Equilibrium thermodynamics and statistical physics have proven powerful for 

explaining how complex molecular behaviors can emerge through physically interpretable 

transitions without invoking specific signaling pathways. Our study shares a similar spirit but 

extends it to a distinct class, namely cytoskeletal systems shaped adaptively by mechanical 

cues. By incorporating the catch-bond behavior, an essential property of actin–myosin 

mechanobiology ( Ⅵ .54), into our statistical mechanical model, we demonstrate that 

cytoskeletal structures undergo a hierarchy of phase transitions, extending the framework 
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beyond chemical condensation. 

While living cells are fundamentally nonequilibrium systems, structural changes such as 

cytoskeletal organization often occur under conditions where equilibrium-based approaches 

remain highly effective. This perspective is consistent with successful equilibrium-based 

analyses in biological physics, including those applied to protein folding ( Ⅵ .55), the 

mechanosensitivity of focal adhesions ( Ⅵ .56,57), and lipid and biomolecular phase 

separations (Ⅵ.53,58), where equilibrium thermodynamics and statistical mechanics have 

yielded valuable insights despite the underlying systems being intrinsically open. By showing 

how much of the observed behavior can be explained within this equilibrium framework, our 

study can help clarify where nonequilibrium effects such as temporally varying mechanical 

inputs or spatially heterogeneous energy landscapes may begin to play a defining role, 

suggesting that cells likely integrate both equilibrium and nonequilibrium strategies for 

structural regulation. 

Our statistical mechanical analysis establishes a framework for understanding how 

stepwise phase transitions in SF organization arise as a physically inevitable response to 

environmental stiffness. While our current formulation focuses on the actin cytoskeleton 

within a simplified two-dimensional lattice, it can be extended to include additional cellular 

components, higher-dimensional lattices, or curved SF arrangements, allowing for more 

accurate representations of actual cellular architecture. These extensions would increase the 

complexity of energetic and entropic terms but retain the core theoretical structure. In 

particular, cases involving SFs of varying lengths or shapes can be accommodated by 

interpreting the current model as a sub-system within a larger cellular domain. Although such 

detailed modeling is beyond the scope of this study, our work provides a foundation upon 

which future research can build and may contribute to a unifying understanding of how living 

systems reorganize their internal structures across diverse biological contexts. 
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Ⅵ-6. Supporting Information 

 

 

Fig. Ⅵ-S1 Entropy vs. order parameter for PT1. 

 

 

 

Fig. Ⅵ-S2 Energy vs. order parameter for PT1. 
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Fig. Ⅵ-S3 Entropy vs. order parameter for PT2. 

 

 

 

Fig. Ⅵ-S4 Energy vs. order parameter for PT1. 
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Fig. Ⅵ-S5 Entropy vs. order parameter for PT3. 

 

 

 

Fig. Ⅵ-S6 Energy vs. order parameter for PT3. 
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Methods for cell and hydrogel preparation in Figure Ⅵ-5 

Primary human foreskin fibroblasts (HFF-1, ATCC) were cultured as a monolayer in high-

glucose Dulbecco's Modified Eagle's Medium (DMEM, Wako) supplemented with 15% fetal 

bovine serum (Sigma-Aldrich) and 1% penicillin-streptomycin solution (Wako). Cells were 

kept at 37ºC in a humidified incubator with 5% CO2. The medium was changed once every 

3 days, and cells were passed at a split ratio of 1:3 when 80% confluence was reached. 

 Polyacrylamide (PAA) gels were synthesized on activated glass coverslips to 

provide substrates with defined elastic moduli. The coverslips were initially cleaned with 70% 

ethanol for 30 minutes, functionalized with 2% (3-aminopropyl) APTES in acetone for 10 

minutes, and subsequently treated with 2.5% glutaraldehyde in phosphate-buffered saline 

(PBS) for 30 minutes to ensure covalent gel adhesion. The mechanical properties of the PAA 

gels were controlled by varying the weight ratios of acrylamide to bis-acrylamide (8:0.48, 

8:0.264, 5:0.3, and 5:0.1 % w/v), with polymerization initiated by ammonium persulfate (APS) 

and TEMED. 
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Ⅶ Revealing cellular functional fluctuations through nonequilibrium physics 

Ⅶ-1. Summary 

Living cells have a remarkable ability to sense environmental changes and adapt their 

internal structure, morphology and motility with high accuracy. However, at the microscopic 

scale, all cellular components, molecules, structures and even entire cells, are continuously 

exposed to stochastic fluctuations. Although the molecular pathways and signaling 

mechanisms underlying adaptive responses have been extensively studied, how cells 

preserve such sophisticated adaptability in a noise-dominated environment remains poorly 

understood. Here, we propose a quantitative framework based on nonequilibrium physics to 

distinguish intrinsic cellular fluctuations from thermal noise, thereby revealing functional 

fluctuations actively regulated by cells. By integrating fluorescence correlation spectroscopy 

with theoretical analyses of nonequilibrium dynamics, we identified nonthermal fluctuations 

that reflect active regulation within living cells. Our results reveal that, surprisingly, 

intracellular fluctuations are not predominantly governed by microtubule-based motors such 

as kinesin or dynein, but are instead influenced by actomyosin activity. Furthermore, we 

demonstrate that cellular senescence reshapes the fluctuation landscape, with increased 

magnitude while decreased diversity of fluctuations. This reduction in fluctuation 

heterogeneity suggests a decline in regulatory flexibility and provides a mechanistic link 

between intracellular fluctuations and the reduced adaptive capacity observed in senescent 

cells. Together, these findings suggest intracellular fluctuations as a functional readout of 

cellular adaptability and highlight their active regulation as a key determinant of the 

physiological state of cells. Our work elucidates the physical basis of how cells maintain 

adaptability among pervasive fluctuations and introduces fluctuation dynamics as a means 

to explore cellular senescence. 
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Ⅶ-2. Introduction 

Living cells possess a remarkable capacity to sense environmental cues and adapt their 

biological processes such as their structure and motility (Ⅶ.1,2). his adaptive behavior is 

fundamental to physiological processes such as proliferation and differentiation, and its 

impairment is often linked to pathological states ( Ⅶ .3,4). While biochemical signaling 

pathways have been extensively mapped, cells must execute these precise responses in a 

microscopic environment dominated by stochastic noise. Understanding how cells maintain 

robust adaptability amidst such fluctuations requires integrating physical principles with 

molecular biology. 

The mechanical landscape of the cytoplasm is largely shaped by the activity of motor 

proteins like the interaction between nonmuscle myosin II and actin filaments, ubiquitous 

cytoskeletal components, kinesin, and dynein (Ⅶ.5). By consuming ATP, motor proteins 

generates nonthermal forces that are transmitted through the cytoskeleton network, driving 

structural rearrangements necessary for cellular adaptation ( Ⅶ .1,6,7). Through 

mechanotransduction, cells convert these physical signals into biochemical responses 

(Ⅶ.8,9). While the forces of individual motors have been characterized in vitro (Ⅶ.10,11), 

quantifying the collective nonthermal forces that drive adaptive responses within the complex 

environment of a living cell remains a significant challenge. 

These intracellular forces drive the system far from thermodynamic equilibrium, resulting 

in persistent molecular fluctuations (Ⅶ.7,12–15). The molecular fluctuations observed in cells 

thus include not only thermal fluctuations due to Brownian motion but also nonthermal ones 

driven by the universal forces intrinsic to proliferative cells. Analysis of these fluctuations can 

provide insights into the mechanical properties of cells arising from nonequilibrium dynamics. 

In this regard, Einstein demonstrated the connection between microscopic thermal 

fluctuations and macroscopic quantities (Ⅶ.16), laying the groundwork for the Fluctuation-

Dissipation Theorem (FDT), a cornerstone of statistical physics that links thermal fluctuations 

to the response of a system to external stimuli. Extensive research has focused on analyzing 

cellular mechanical properties by examining the violation of the FDT in molecular dynamics, 

allowing the nonthermal forces that drive fluctuations, elastic moduli, and energy dissipation 

in cells to be quantified (Ⅶ.7,12,13,17–24). However, these studies primarily require the 

measurement of both active fluctuations and passive responses to external stimuli in single 

particle measurements. This approach using specialized equipment is not easily accessible 

to most cell biologists, which limits detailed understanding of the intracellular collective 
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fluctuations and their functional roles. 

Here, we propose a quantitative framework based on nonequilibrium physics to 

distinguish intrinsic cellular fluctuations from thermal noise. By integrating fluorescence 

correlation spectroscopy (FCS) with an analytical model of nonequilibrium dynamics, we 

identify nonthermal fluctuations that reflect active cellular regulation. Our results demonstrate 

that intracellular fluctuations are primarily governed by actomyosin activity rather than 

microtubule-based motors. Furthermore, we show that cellular senescence reshapes this 

fluctuation landscape, where a reduction in fluctuation heterogeneity correlates with a decline 

in adaptive capacity. This work establishes intracellular fluctuations as a functional readout 

of cellular adaptability and provides a physical basis for exploring the physiological shifts 

associated with aging.  

 

Ⅶ-3. Material and methods 

Ⅶ-3.1 Cell culture and treatments 

Primary human foreskin fibroblasts (HFF-1, ATCC) were cultured as a monolayer in high-

glucose Dulbecco's Modified Eagle's Medium (DMEM, Wako) supplemented with 15 % fetal 

bovine serum (Sigma-Aldrich) and 1 % penicillin-streptomycin solution (Wako). Cells were 

kept at 37 °C in a humidified incubator with 5 % CO2. The medium was changed once every 

3 days, and cells were passaged at a split ratio of 1:3 when 80 % confluence was reached. 

For cellular senescence experiments, HFF-1 cells were passaged until they reached passage 

26 (p26), considered as senescent cells, which were compared with younger cells at passage 

9 (p9). 

For pharmacological treatments, cells were incubated with various inhibitors prior to and 

during the measurements. To inhibit myosin II activity, cells were treated with (-)-blebbistatin 

at concentrations of 10 µM or 20 µM. calyculin A (5 nM) was used to enhance myosin II 

activity. To investigate the role of other motor proteins, cells were treated with the dynein 

inhibitor ciliobrevin D (10 µM and 20 µM) or the kinesin inhibitor monastrol (10 µM and 20 

µM). The role of the actin cytoskeleton was assessed using the actin polymerization inhibitor 

cytochalasin D (10 µM and 20 µM) and the actin filament stabilizer jasplakinolide (100 nM). 

Microtubule polymerization was inhibited using nocodazole (10 µM and 20 µM). Combined 
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inhibition of actomyosin was performed using a mixture of (-)-blebbistatin and cytochalasin 

D. 

Ⅶ-3.2 Plasmid construction and transfection 

The fluorescent protein mClover2 was used as a tracer for intracellular fluctuation 

measurements. The primary plasmid used in this study was mClover2-C1 (Add gene plasmid 

#54577, a gift from Michael Davidson). For experiments investigating the effect of tracer 

particle size, tandem constructs of mClover2 were created. The plasmids of 2-mClover2 and 

3-mClover2, containing two and three mClover2 units respectively, were constructed by 

Gibson assembly. Fragments were obtained by PCR amplification of the mClover2-C1(Ⅶ.25). 

Cells were transfected with the plasmids 8 hours after seeding using Lipofectamine LTX and 

Plus Reagent (Thermo Fischer Scientific) according to the manufacturer’s instructions. 

 

Ⅶ-3.3 Fluorescence correlation spectroscopy (FCS) 

To probe intracellular dynamics, we utilized fluorescence correlation spectroscopy (FCS), a 

technique that analyzes the spontaneous fluctuations of fluorescence intensity, 𝐼(𝑡), from 

diffusing molecules in a microscopic observation volume. The statistical properties of these 

fluctuations are quantified by the fluorescence intensity time-autocorrelation function (ACF), 

𝐺(𝜏), defined as: 

 

𝐺(𝜏) =
〈𝛿𝐼(𝑡)𝛿𝐼(𝑡 + 𝜏)〉

〈𝐼(𝑡)〉2
(Ⅶ − 1) 

 

where 𝛿𝐼(𝑡) represents the fluctuation from the mean intensity, and 𝜏 is the lag time. 

FCS measurements were performed on a confocal laser scanning microscope 

(Olympus FV3000) equipped with a 60× oil-immersion objective (NA 1.42). Live cells, 

cultured on glass-bottom dishes for 24 hours post-transfection, were maintained at 37°C and 

5% CO₂ using a stage-top incubator. The pinhole was set to 200 µm, which defined a 3D 

Gaussian observation volume with a radial dimension of 𝜔𝑥𝑦 = 0.211 μm and a structural 

parameter of 𝜔𝑧/𝜔𝑥𝑦 =2.67. 
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The autocorrelation function can be expressed in terms of the diffusion coefficient 

𝐷 and the average particle number 𝑁̅ as follows 

 

𝐺(𝜏) =  
1

𝑁̅
(1 +

4𝐷𝜏

𝑊𝑥𝑦
2
)

−1

(1 +
4𝐷𝜏

𝑊𝑦
2
)

−1

. (Ⅶ − 2) 

 

Ⅶ-3.4 Nonequilibrium model for analyzing nonthermal forces 

To quantify the nonthermal forces within cells, we develop a nonequilibrium physical 

framework derived from the violation of the Einstein relation. The time evolution for the 

intracellular particle density 𝜌 at position 𝑥 is described by 

 

𝜕𝜌

𝜕𝑡
= 𝑢

𝜕𝜌

𝜕𝑥
+ 𝐷

𝜕2𝜌

𝜕𝑥2
(Ⅶ − 3) 

 

where 𝑢 is the average particle velocity, 𝑡 is time, and 𝐷 is the diffusion coefficient, under 

a natural assumption that the intracellular space in question is sufficiently large relative to the 

size of the individual particles. At a steady state with negligible macroscopic particle flow, 𝜌 

remains constant over time, allowing the steady state density 𝜌𝑠𝑡(𝑥) to be described as 

 

𝜌𝑠𝑡(𝑥) = 𝜌0 exp(−
𝑢

𝐷
𝑥) (Ⅶ − 4) 

 

where 𝜌0 is the particle density at 𝑥 = 0. In the presence of a constant external force 𝑓, the 

potential energy of a particle at 𝑥 is 𝑓𝑥. The statistical average of the potential energy per 

particle is described by  
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∫ 𝑑𝑥𝑓𝑥𝜌𝑠𝑡(𝑥)
∞

0

∫ 𝑑𝑥𝜌𝑠𝑡(𝑥)
∞

0

=
∫ 𝑑𝑥𝑓𝑥𝜌0 exp (−

𝑢
𝐷

𝑥)
∞

0

∫ 𝑑𝑥𝜌0 exp(−
𝑢
𝐷

𝑥)
∞

0

= 𝑓
𝐷

𝑢
. (Ⅶ − 5) 

 

Within living cells, there exist both the random thermal force 𝑓𝑇 due to molecular collisions 

and the nonthermal force 𝑓𝐴 generated by the interaction between ubiquitous motor proteins 

(Fig. Ⅶ-1). The total force 𝑓 per particle is then 

 

𝑓 = 𝑓𝑇 + 𝑓𝐴. (Ⅶ − 6) 

 

Only the potential energy associated with 𝑓𝑇 follows the law of equipartition of energy, in 

which it equals the energy received from the surroundings as seen in Brownian motion. From 

Eqs. (Ⅶ-5) and (Ⅶ-6),  

 

(𝑓 − 𝑓𝐴)
𝐷

𝑢
= 𝑘𝐵𝑇 (Ⅶ − 7) 

 

where 𝑘𝐵 is the Boltzmann constant, and 𝑇 is the absolute temperature. 

FCS is a technique that measures diffusion coefficients by analyzing fluctuations in the 

fluorescence intensity of molecules. The fluctuations observed in FCS arise from the 

combined effect of both thermal and nonthermal forces. Using parameters obtained with FCS, 

specifically the effective volume length 𝑙  and the correlation time representing the 

probabilistic equivalent of a particle passing through this volume 𝜏𝐵, the average velocity 𝑢 

is expressed as 

 

𝑢 =
𝑙

𝜏𝐵
. (Ⅶ − 8) 

 



116 

 

From the macroscopic relationship between average particle velocity and force, 

 

𝑢 = 𝜇𝑓 (Ⅶ − 9) 

 

where 𝜇 is the transfer coefficient, or mobility, indicating how easily particles move. From 

Eqs. (Ⅶ-8) and (Ⅶ-9), Eq. (Ⅶ-7) is rewritten as 

 

𝑓𝐴 =
𝑙

𝐷𝜏𝐵
(
𝐷

𝜇
− 𝑘𝐵𝑇) . (Ⅶ − 10). 

 

The second term on the right side of Eq. ( Ⅶ -10) represents the thermal fluctuation 

component. By measuring the deviation of observed fluctuations from those predicted from 

thermal fluctuations, we can determine the nonthermal forces. Note that in the first term on 

the right side of Eq. (Ⅶ-10), for a spherical particle, 𝜇  is determined from the Stokes-

Einstein relation, and the other parameters are obtained from FCS data. In other words, by 

analyzing the microscopic motion of particles subject to thermal and nonthermal forces, we 

quantitatively derive the macroscopic driving forces unique to biological systems. Unlike 

previous studies (Ⅶ.7,12,13,17–24), this approach does not require measuring passive 

responses of individual particles to externally applied mechanical stimuli. 

 

Ⅶ-3.5 Analysis of diffusion heterogeneity 

To further characterize the intracellular environment beyond the overall magnitude of active 

fluctuations, we analyzed the shape of individual FCS autocorrelation functions (ACFs) to 

assess the heterogeneity of diffusion dynamics. ACFs were categorized based on coefficient 

of determination 𝑅2 to either a single-component diffusion model (Single), a two-component 

diffusion model (Double), or a third category (Other) included curves not well described by 

either model (Fig. Ⅶ-5a). We then examined how the distribution among these categories, 

as well as the characteristic diffusion times 𝜏 , derived from the fits, varied with cellular 

senescence and Myosin II inhibition.  
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Fig. Ⅶ -1 Schematic overview of the theoretical framework and experimental 

approach. Diagram illustrating the nonequilibrium model used to quantify intracellular 

nonthermal forces acting on diffusing particles. Thermal fluctuations arise from Brownian 

motion, whereas nonthermal forces are generated by actomyosin activity. Fluorescence 

Correlation Spectroscopy (FCS) captures intensity fluctuations from fluorescent probes 

(mClover2 constructs) within a submicron observation volume, allowing extraction of 

diffusion coefficients and subsequent calculation of nonthermal active forces via violation 

of the Einstein relation. 
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Ⅶ-4. Results 

Ⅶ-4.1 Modulation of myosin activity directly impacts cellular active fluctuations 

To elucidate the sources of active fluctuations within the cytoplasm, we employed FCS and 

calculated the nonthermal active forces 𝑓𝐴 derived from our nonequilibrium model (Eq. (Ⅶ-

10)). In control cells, 𝑓𝐴 driving active fluctuations was approximately 47 pN. It is known that 

individual molecular motors, such as actomyosin, typically generate forces on the order of 1-

10 pN (Ⅶ.27–29). The diffusion of inert tracers like GFP within the cytoplasm is thought to 

be influenced by the combined effect of such forces, acting randomly and without a net 

direction from various active sources. Notably, the nonthermal forces in control conditions is 

roughly 5 to 10 times larger than the force generated by individual motors, suggesting that 

the fluctuations probed by FCS reflect collective or amplified effects arising from the active 

cellular machinery. 

We investigated the specific role of myosin II, a key motor protein binding to actin 

filaments and undergoing an ATP-dependent power stroke (Ⅶ.30), by both inhibiting and 

increasing its activity. Treatment with blebbistatin, inhibiting myosin II, resulted in a 

statistically significant decrease in the calculated 𝑓𝐴 compared to the control (Fig. Ⅶ-2a). 

Furthermore, treatment with calyculin A, a phosphatase inhibitor that promotes myosin II 

activity by increasing myosin light chain phosphorylation, also led to a significant reduction 

in 𝑓𝐴 . This suggests that excessive contractility may lead to a frozen or overly rigid 

cytoskeletal state, thereby suppressing active fluctuations. Conversely, overexpression of 

myosin II led to a statistical increase in 𝑓𝐴. These results demonstrate that the level of myosin 

II activity directly and significantly determines the magnitude of the nonthermal force which 

controls active cytoplasmic fluctuations. 
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Ⅶ-4.2 Kinesin and dynein are not responsible for the fluctuations 

To evaluate the contributions of the molecular motors, kinesin and dynein, to intracellular 

active fluctuations, we quantified 𝑓𝐴 based on FCS and Eq. (Ⅶ-10). The cells were treated 

with specific inhibitors: ciliobrevin D, which inhibits dynein, and monastrol, which inhibits 

kinesin, at concentrations of 10 µM and 20 µM respectively (Fig. Ⅶ-2b). There was no 

statistically significant difference in 𝑓𝐴 between the control group and any of the inhibitor-

treated groups. This suggests that, unlike myosin, kinesin and dynein do not play a dominant 

Fig. Ⅶ -2 Actomyosin contractility is the dominant origin of nonthermal 

intracellular forces. (a) Inhibition of myosin II with blebbistatin significantly reduces 

nonthermal active forces, while activation of myosin II increases them. (b) In contrast, 

inhibition of dynein (ciliobrevin D) or kinesin (monastrol) does not affect nonthermal 

forces. (c) Disruption of actin filaments with cytochalasin D decreases nonthermal forces, 

whereas microtubule depolymerization with nocodazole produces no effect. (d) 

Combined inhibition of myosin II and actin polymerization synergistically suppresses 

nonthermal forces. Together, these results demonstrate that the actomyosin network acts 

as the primary generator of intracellular nonthermal forces. 
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role in modulating the magnitude of active fluctuations in the cytoplasm under these 

conditions. 

 

Ⅶ-4.3 Actin filaments, but not microtubules, regulates nonthermal forces 

To investigate the role of cytoskeletal components in regulating intracellular active 

fluctuations, we examined the effects of actin and microtubule disruption on 𝑓𝐴 (Fig. Ⅶ

-2c). The cells were treated with cytochalasin D, an inhibitor of actin polymerization, and 

nocodazole, a reversible inhibitor of microtubule assembly. They target key cytoskeletal 

structures involved in cell shape maintenance, motility, intracellular transport, and mitosis. 

Treatment with cytochalasin D at both 10 µM and 20 µM led to a statistically significant 

reduction in 𝑓𝐴 compared to the control group. This suggests that actin filaments play a 

crucial role in maintaining nonthermal forces generation in the cytoplasm. In contrast, 

cells treated with nocodazole did not exhibit significant changes in 𝑓𝐴, indicating that 

microtubule disruption alone does not strongly affect the magnitude of intracellular active 

fluctuations under these conditions. These results highlight the importance of actin-

based structures in the regulation of nonthermal forces within the cytoplasm, consistent 

with the critical roles of actin in cell morphology and mechanical dynamics through 

fluctuations.  

 

Ⅶ-4.4 Combined inhibition of myosin activity and actin polymerization 

To further dissect the role of actomyosin dynamics in intracellular active fluctuations, we 

simultaneously treated cells with blebbistatin and cytochalasin D, which inhibit myosin II 

activity and actin polymerization, respectively (Fig. Ⅶ -2d). The magnitude of 𝑓𝐴  was 

significantly reduced compared to control cells. Notably, the reduction in 𝑓𝐴 observed in the 

co-treatment condition is greater than that seen with either blebbistatin or cytochalasin D 

treatment alone (Figs. Ⅶ -2a and b), suggesting a synergistic effect of inhibiting both 

actomyosin contractility and actin filament formation. These results indicate that both the 

structural integrity and contractile activity of the actin cytoskeleton contribute to the 

generation of intracellular nonthermal forces. Together, our findings highlight the central role 

of the actomyosin cytoskeleton in regulating active fluctuations within the cellular 

environment. 
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Ⅶ-4.5 Cellular senescence leads to significantly increase active fluctuation 

We compared 𝑓𝐴  in young (p9) versus senescent (p26) cells. Senescent cells exhibited 

significantly higher 𝑓𝐴  compared to young cells (Fig. Ⅶ -3). This result suggests that 

senescent cells possess stronger active fluctuations in the intracellular environment. 

Previous studies have reported an increased number of SFs in senescent cells, reflecting 

enhanced cytoskeletal organization and tension maintenance (Ⅶ.31). Our observation of 

elevated 𝑓𝐴  is consistent with these findings, and implies that actomyosin activity is 

upregulated during senescence, thereby enabling the cells to sustain greater intracellular 

forces and accelerate active fluctuation.  

 

Ⅶ -4.6 Smaller particles experience stronger fluctuations and respond more 

sensitively to actomyosin modulation 

To investigate how the size of diffusing particles influences their interaction with intracellular 

nonthermal forces, we analyzed three structurally distinct fluorescent protein constructs, 

monomeric (1-mClover2), dimeric (2-mClover2), and trimeric (3-mClover2) forms, each 

representing progressively larger effective particle sizes (Fig. Ⅶ-4). Notably, the smallest 

probe, 1-mClover2, exhibited the highest levels of nonthermal forces under control, indicating  

Fig. Ⅶ -3 Cellular senescence enhances nonthermal forces while simplifying 

diffusion dynamics. (a) Images for young (p9) and senescence cells (p26). They show 

different mechanical structure such as size and actin networks. (b) Senescent cells (p26) 

exhibit increased nonthermal active forces relative to young cells (p9). 
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that smaller particles are subject to more pronounced active fluctuations within the cytoplasm. 

Interestingly, 3-mClover2 showed higher mean nonthermal forces and greater variability than 

2-mClover2, despite its larger size. This apparent deviation from the expected monotonic 

trend likely reflects structural heterogeneity: the trimeric construct can adopt a range of 

conformations in the intracellular environment, thereby sampling distinct local mechanical 

landscapes. 

Strikingly, upon inhibition of myosin II with blebbistatin, only 1-mClover2 displayed a 

statistically significant reduction in nonthermal forces, whereas the larger constructs showed 

minimal or no change. These results suggest that the mechanisms driving active fluctuations, 

and their sensitivity to cytoskeletal regulation, are particle-size dependent. In particular, 

smaller particles appear to be more directly influenced by dynamic actomyosin activity, 

possibly due to their ability to probe shorter length scales and faster timescales of force 

generation. Conversely, larger particles or extended molecular assemblies may require 

remodeling of broader cytoskeletal features, such as the actin meshwork, to experience 

comparable changes in fluctuation behavior. This size-dependent sensitivity highlights the 

multiscale nature of intracellular mechanics, where distinct physical regimes govern the 

coupling between nonthermal forces and diffusing entities. 

Fig. Ⅶ -4 Smaller particles experience stronger fluctuations and respond 

sensitively to actomyosin modulation. (a) Schematic diagram of fluorescent 

molecules and their effective diameters. (b) Nonthermal forces measured for monomeric 

(1-mClover2), dimeric (2-mClover2), and trimeric (3-mClover2) probes reveal a size 

dependence of intracellular fluctuations. 1-mClover2 shows the highest forces under 

control conditions, followed by 3- and 2-mClover2. Myosin II inhibition markedly 

decreases forces only for 1-mClover2, with little effect on larger constructs. 
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Ⅶ-4.7 Cellular senescence simplifies diffusion mode 

Comparison of young (p9) and senescent (p26) cells revealed a marked divergence in their 

intracellular diffusion profiles (Fig. Ⅶ-5b). Senescent cells exhibited a significant increase in 

the proportion of ACFs best fitted by a single-component model, while the prevalence of 

double-component dynamics was concomitantly reduced. These findings indicate that 

senescence-associated changes promote a transition toward a more uniform cytoplasmic 

environment characterized by simplified fluctuation modes. 

Fig. Ⅶ-5 Cellular senescence alters diffusion heterogeneity by shifting toward 

single-mode behavior.  (a) Representative autocorrelation functions (ACFs) are 

classified into single-component, double-component, and other categories based on the 

coefficient of determination for each fitting model. (b) Percentage of fitting modes 

observed in young (p9) and senescent (p26) cells (c, d) Comparison of characteristic 

diffusion times between single and double fitting models shows significant differences, 

indicating that the multi-component mode reflects a distinct mechanical complexity within 

the diffusion process. (e) Characteristic diffusion times for the single-mode category in 

p9 and p26 cells4. (f) Characteristic diffusion times for the double-mode category in p9 

and p26 cells5. 
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Further analysis focused on the diffusion timescales derived from these fits. The 

characteristic 𝜏 obtained from single fits were significantly different from those derived from 

double fits (Figs. Ⅶ -5c and Ⅶ -5d), suggesting the double mode reflects increased 

complexity affecting the diffusion process itself, not just superposition. The diffusion times 

associated with the second, slower component in double fits, showed greater variance 

compared to 𝜏 from others, possibly indicating contributions from multiple variable factors. 

When comparing age groups, 𝜏 within the single category was found to be significantly 

smaller, implying faster diffusion in senescent cells compared to young cells, consistent with 

the reduced 𝑓𝐴 observed in senescence (Fig. Ⅶ-5e). However, 𝜏 values associated with 

the double fits showed no significant difference between young and senescent cells, 

suggesting that while the probability of complex diffusion decreases with senescence, its 

characteristic timescale, when observed, is unchanged (Fig. Ⅶ-5f). 

 

Ⅶ-4.8 Impact of myosin activities on diffusion modes 

We next examined the effect of blebbistatin, which significantly impacted 𝑓𝐴, to further probe 

the factors influencing diffusion modes. Treatment with blebbistatin led to a significant 

increase in the proportions of both single and double fits, with a corresponding decrease in 

the proportion of others fits, compared to control cells (Fig. Ⅶ-6a). This suggests that myosin 

II inhibition distinctly influences the cellular conditions leading to both classified diffusion 

states, reducing the prevalence of poorly characterized fluctuations.  

Analysis of diffusion times showed that, similar to young and senescent cells, 𝜏 values 

from single fits were significantly different from those associated with double fits in both 

control and blebbistatin treated conditions (Figs. Ⅶ-6b and c). blebbistatin treatment caused 

a significant increase in 𝜏 for ACFs classified in the single category, indicating that inhibition 

of myosin II slows the primary diffusion process (Fig. Ⅶ-6d). However, there was no 

significant difference in 𝜏  associated with the double fits between control and cells with 

blebbistatin (Fig. Ⅶ-6e). This suggests that while inhibition of myosin II alters the likelihood 

of observing both single and double diffusion states, it does not significantly alter the 

characteristic timescale of the double state when it occurs. 
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Fig. Ⅶ-6 Myosin II activity regulates the likelihood of distinct diffusion modes. (a) 

Proportions of fitting modes in control cells and cells treated with blebbistatin. (b,c) 

Characteristic diffusion times or single and double fitting models under control (b) and 

blebbistatin-treated (c) conditions. (d) Comparison of characteristic diffusion times for the 

single-mode category between control and blebbistatin-treated cells. (e)  Comparison of 

characteristic diffusion times for the double-mode category between control and 

blebbistatin-treated cells. 
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Ⅶ-5. Discussion 

In this study, we established a quantitative framework that integrates FCS with 

nonequilibrium physics to characterize the intracellular force landscape and its modulation 

by cellular state. By deriving nonthermal forces from the violation of the einstein relation, we 

successfully decoupled active cellular fluctuations from passive thermal noise without the 

need for external mechanical perturbations. Nonthermal forces generated by motor proteins 

such as actomyosin are essential for cellular adaptability and homeostasis ( Ⅶ . 

1,5,6,10,11,26). Our approach provides a statistical readout of the collective dynamics within 

the cytoplasm, offering an advantage over previous studies that required temporal tracking 

of individual particles under artificially applied mechanical stimuli (Ⅶ.7,12,13,15,17–19,33). 

The primary finding of our work is that the actomyosin network serves as the dominant 

driver of active fluctuations in the cytoplasm. The calculated nonthermal force in control cells 

(~47 pN) significantly exceeds the force generated by individual actomyosin motors (1–10 

pN), suggesting that FCS probes emergent collective dynamics. We propose that these 

fluctuations arise from stress propagation through a mechanically percolating actin network, 

where contractile events are amplified and transmitted across the cytoplasm. The synergistic 

reduction of 𝑓𝐴  upon simultaneous inhibition of myosin activity and actin polymerization 

further underscores that both the contractile motor and the structural scaffold are 

indispensable for generating these functional fluctuations. 

Our analysis of cellular senescence reveals a striking reconfiguration of this mechanical 

environment. Senescent cells (p26) exhibited significantly higher 𝑓𝐴  compared to young 

cells (p9), a result consistent with enhanced stress fiber formation and elevated cytoskeletal 

tension (Ⅶ. 31). However, this increase in force magnitude was accompanied by a marked 

simplification of diffusion dynamics, evidenced by a shift toward single-component fluctuation 

modes. This transition toward a more uniform yet rigid cytoplasmic state may reflect a loss 

of regulatory flexibility, potentially explaining the reduced adaptive capacity characteristic of 

the senescent phenotype. 

Furthermore, the discovery of size-dependent sensitivity to nonthermal forces highlights 

the multiscale organization of intracellular fluctuations. Smaller probes (1-mclover2) exhibit 

rapid and sensitive responses to subtle, myosin-driven changes, likely because their 

dimensions allow them to sample local, high-frequency dynamics within the actin meshwork. 

In contrast, larger molecular assemblies appear robust against background disturbances, 
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responding primarily to significant, global remodeling of the cytoskeletal architecture. These 

findings suggest a potential spatiotemporal hierarchy of fluctuations, where the sensitivity 

and response characteristics of intracellular components are tuned by their physical scale, 

distinguishing between fast local activity and stable mesoscale dynamics. This size-

dependent sensitivity provides a mechanistic framework to interpret how diverse intracellular 

components experience and respond to mechanical noise. 

In conclusion, our results position actomyosin-driven fluctuations as a central functional 

readout of the cellular physiological state. The transition from complex, heterogeneous 

fluctuations in young cells to simplified, high-magnitude forces in senescent cells provides a 

physical basis for understanding the senescence process. This nonequilibrium framework 

opens new avenues for exploring how cells regulate their internal physical environment and 

how this regulation fails in aging and disease. 
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Ⅷ Conclusion 

We have explored the fundamental mechanisms underlying cellular adaptability and 

tensional homeostasis, positing that these quintessential features of "livingness" are 

governed not only by biochemical signaling pathways but also by inevitable physical 

principles. Through a series of theoretical and experimental investigations spanning from 

molecular distributions to macroscopic cellular behaviors, we have demonstrated that the 

complex and often stochastic nature of cellular organization can be understood through the 

frameworks of statistical mechanics, thermodynamics, and nonequilibrium physics. 

 We first identified the theoretical requirements for maintaining tensional 

homeostasis, revealing that the probability distribution of actin filament lengths is physically 

constrained to maximize entropy while sustaining intracellular tension (Chapter Ⅱ). Building 

on this, we elucidated how cells can transition between different homeostatic set-points. By 

modeling the force-dependent recruitment of α-SMA, we showed that the emergence of 

supermature focal adhesions and stress fibers is a bistable transition driven by mechanical 

parameters, allowing cells to adapt to varying substrate stiffness (Chapter Ⅲ). 

 Furthermore, we addressed the dynamic aspects of cytoskeletal remodeling. Using 

percolation theory, we uncovered the physical origin of the asymmetric response between 

the formation and disintegration of stress fibers, demonstrating that the connectivity of the 

force-bearing network intrinsically dictates the speed of adaptation (Chapter Ⅳ). We also 

highlighted the functional role of structural disorder. Contrary to the intuitive view that 

randomness implies inefficiency, our analysis of sarcomere-like structures revealed that 

inherent structural variability increases entropy, thereby lowering the energetic barrier for 

remodeling and enhancing adaptive flexibility (Chapter Ⅴ). 

 Extending this thermodynamic perspective to intracellular structure, we established 

that the stiffness-dependent reorganization of the cytoskeleton, from disordered meshes to 

aligned bundles, proceeds through a hierarchy of phase transitions. This finding suggests 

that cells utilize mechanical checkpoints governed by energy-entropy competition to 

coordinate intracellular order with environmental cues (Chapter Ⅵ). Finally, we linked these 

physical states to the physiological condition of the cell by quantifying nonthermal fluctuations. 

We demonstrated that actomyosin-driven active fluctuations are a hallmark of cellular vitality, 

and that cellular senescence is characterized by a "freezing" of these functional fluctuations, 

leading to a loss of regulatory flexibility (Chapter Ⅶ). 

 Based on these findings, we propose that a fundamental characteristic sustaining 
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"livingness" is the inherent "sloppiness" or imprecision arising from cellular fluctuations and 

noise. Artificial machines, engineered with high precision for specific goals, often exhibit 

fragility when facing inputs outside their design parameters. In contrast, while biological 

systems may exhibit lower precision in many contexts compared to machines, the degrees 

of freedom generated by this "surplus of sloppiness" provide the necessary buffer to maintain 

flexible adaptive functions in the face of unexpected environmental changes. 

 To quantitatively understand these phenomena beyond the scope of the current 

work, future inquiries using information thermodynamics may prove instrumental in 

elucidating the relationship between information flow arising from cellular fluctuations and 

adaptive functions. It is plausible to speculate that life utilizes the continuous flow of 

information inherent in noise fluctuations—not merely as interference to be suppressed like 

binary digital signals, but potentially as a vital energetic resource that fuels its functional 

resilience. 

 In conclusion, this work provides a unified physical framework for understanding 

how cells navigate the delicate balance between stability and plasticity. We argue that while 

biochemical signals provide the "possibility" for cellular responses, physical laws dictate their 

"inevitability." By viewing cellular phenomena through this lens of physical necessity, we not 

only deepen our understanding of basic cell biology but also offer new insights into the 

mechanical breakdowns associated with aging and disease, paving the way for future 

mechanobiological interventions. 
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