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General introduction 
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Protein is one of the most fundamental elements in living organisms together with lipid membranes, 

nucleic acids, and small molecules. Proteins, which are synthesized as nascent polypeptide chains on 

ribosomes, fold spontaneously into their unique and specific three-dimensional structures based on the code 

of the primary structure (Fig. 1). Three-dimensional structures of proteins are determined using X-ray 

crystallography, nuclear magnetic resonance spectroscopy, and electron microscopy [1]. These unique 

conformations are, in many cases, required for biological functions, including enzymatic catalysis, electron 

transfers, proton tunneling, signal transfers, and so on. Some proteins function through direct intermolecular 

interactions. Intermolecular interactions are driven by many physical forces such as electrostatic attractive and 

repulsive forces, van der Waals forces, and hydrogen bonding [2] which are controlled intrinsically and 

precisely through internal factors including interactions among amino acid residues. In addition, the external 

environment factors including ionic strength, temperature, pH, and crowding effects influence and regulate 

intermolecular interactions [3-5]. Although internal and external factors control protein interactions with 

binding partners for function and are related to the stress responses for homeostasis, much remains to be 

understood on effects of how internal and external factors on protein function and disease based on systematic 

studies. 

Fig. 1. Representative protein behaviors.  

Unstructured proteins folded to native functional structures ensembles of isoenergetic conformers (Folding 

region), native proteins interact with partner molecules using intermolecular forces (Complex formation). 

Destabilized proteins with partial or largely unfolded proteins aggregate into disease related states (Misfolding 

and aggregation region). 
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Native proteins are often destabilized by many types of stresses. Although partially or fully unfolded 

proteins are capable of being correctly refolded into native states or degraded to short polypeptides or amino 

acids under the well-regulated biological machinery and quality control system [6, 7]. Failure in these controls 

make unfolded proteins insoluble and induce irreversible aggregates such as ordered β-structured amyloid 

fibrils or amorphous aggregates [8]. (Fig. 1) These aggregated proteins are closely responsible for a number 

of diseases, listed in table 1. Importantly, dysfunctional and disease-causing protein aggregate are products of 

misconducted and misregulrated intermolecular interactions among proteins and other molecules [8, 9]. 

However, the mechanism of how native proteins play roles in biological activity with functional and controlled 

intermolecular interactions and destabilized proteins form deleterious aggregates as a result of misregulated 

intermolecular interactions is required to be clearly understood, which is hopefully helpful for the advance in 

the research fields of basic science, medical science, and material science. 

In this thesis, I focused on both functional and pathogenic interactions in order to obtain comprehensive 

and general understanding of intermolecular interactions. Functional interpotein interactions were studied by 

classifying two-types of interactions, intrinsic factors such as mutagenesis which affects interprotein 

interactions as well as extrinsic factors which mimic physiological conditions where proteins of interest exist, 
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using biochemical and biophysical approaches. Amyloid formation of proteins by pathogenic interprotein 

interactions under varying extrinsic factors was examined in details from the view point of thermodynamics 

and kinetics. 

In the chapter 2, I studied how mutation of ferredoxin (Fd) [10, 11] influences interprotein interactions 

with ferredoxin dependent enzymes and enzymatic activity, especially Fd-NADP+ reductase (FNR). In the 

chapter 3, I examined how physiological conditions in chloroplasts such as not only pH gradients but also 

changes in temperature and ionic strength [12]. Fd and FNR, used for model proteins, are localized in 

chloroplasts and important players for electron transfer and biomolecule metabolisms.  

In chloroplasts of plants, the electron transfer (ET) photosystem, mainly composed of type-I 

photosystem (PSI), cytochrome b6f, and type-II photosystem (PSII), is an essential energy source (Fig. 2) [13]. 

In the terminal part of the ET system, an electron is transferred to Fd which is a small acidic protein (~10 kDa) 

including one [2Fe-2S] cluster for electron tranfer. Electrons in reduced Fd are further distributed to various 

Fig. 2. Electron distribution by Fd flow in plant chloroplasts.  

Electrons produced from water were transferred to cytochrome b6f complex through photosystem II and subsequently 

flow photosystem I. Fd receives an electron activated in photosystem I and distributes electrons to various enzymes 

including FNR, sulfite reductase, and nitrite reductase for metabolisms. 
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enzymes for metabolic systems, for instance, NADP+ reduction for carbon assimilations, nitrogen assimilation, 

and sulfite assimilation (Fig. 2). 

In general, the distance between electron donors and acceptors is the major factor for ET efficiency.[14] 

Thus, complex formation between Fd and Fd-dependent partner enzymes in a specific orientation where the 

optimized distance and local environments adequate for an electron flow is markedly important. On the other 

hand, complexation between Fd and Fd-dependent enzymes occurs based on various physicochemical 

intermolecular interaction forces which are largely classified to electrostatic and non-electrostatic interactions. 

Electrostatic interactions include salt bridges between negatively and positively charged atomic groups, and 

dipolar-dipolar interactions between weekly-charged atoms [15]. Non-electrostatic interactions include 

representatively hydrogen bonding, pi-pi stacking interaction, hydrophobic interactions, and van der Waals 

interactions [16]. 

Fd accommodates acidic patches on its surface which consists a lot of acidic amino acids, glutamate acid 

and aspartic acid, and shows a relatively low isoelectric point (pI ~ 3.9). Oppositely, Fd-dependent enzymes 

have patches which are composed of basic amino acids and have been implicated as main binding sites for Fd. 

For this reason, it has been generally considered that electrostatic interactions are main actors for the complex 

formation Fd and Fd-dependent enzymes [17]. However, recent studies raised questions on roles of non-

electrostatic interactions for complex formation, electron transfer, and enzyme activity [18]. 

In the chapter 2, I show that the importance of non-electrostatic forces for interprotein interactions 

between Fd and FNR and FNR activity using biochemical and biophysical methods. I investigated the role of 

non-covalent interactions by focusing residues on hydrophobic surfaces of Fd for FNR binding using mainly 

mutagenesis, enzymatic assay, isothermal titration calorimetry (ITC), solution NMR spectroscopy, and MD 

simulations. I revealed that non-electrostatic interactions on hydrophobic surfaces are also important for 

controlling of interprotein affinity, configuration of complex, and FNR activity together with electrostatic 

interactions, and that intrinsic factors such as mutation impact interprotein interactions and protein funtion. In 

the chapter 3, I performed in-depth studies on Fd and FNR interactions by changing physiological conditions 

from the thermodynamic point of view using ITC. It was demonstrated that, even for changes in extrinsic 

environmental factors, both non-covalent forces, electrostatic and non-electrostatic interactions, are decision 

makers to determine affinity between proteins. Interprotein interactions were well regulated with 
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thermodynamics depending on external stresses. 

 

In the chapter 4, I examined thermodynamics and kinetics of amyloid formation which is a result of 

pathogenic and misregulated interprotein interactions using ITC and other biophysical methods. Protein 

misfolding and aggregations have been recognized as the main cause of the numerous and serious diseases 

(Table 1). Especially, formation of amyloid fibrils and amyloid fibrils themselves show strongly relation to 

various neurodegenerative disorders, such as Alzheimer’s and Parkinson’s diseases [19]. Amyloid aggregation 

damaged various tissues, cells, organelles and thereby bringing about pathogenesis. 

Proteins in the denatured state, i.e., unstable proteins, have a high aggregation propensity due to exposure 

of hydrophobic regions which are buried to cores of native protein structures. Amyloid aggregation is one type 

of insoluble protein aggregation. Amyloid fibrils are defined by their fibrillary morphology and β-sheet rich 

structures. (Fig.3) A number of hydrogen bonds among monomers in β-sheets are formed and arranged along 

the fibril axis, known as the cross-β-sheet structure which are easily discriminated based on the characteristic 

far-UV circular dichroism (CD) spectra. 

A unique feature is in the self-assembling process. Amyloid fibrils form by way of two successive 

processes: nucleation and subsequent elongation. (Fig. 3) In the nucleation process, amyloidogenic monomer 

proteins (i.e., precursors) assemble and aggregate into the small amyloid nucleus, which is energetically 

unfavorable with the high activation energy and thus produces the lag time. Elongation (i.e., fibril growth) is 
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faster than nucleation due to with the low activation energy. Precursor monomers are adsorbed on the 

preformed fibril edges and rearranged their structures into the cross-β-sheet structures [19]. 

Amyloid aggregation in vivo and in vitro is detected using various fluorescent dyes including Congo-red 

and Thioflavin-T (ThT). These fluorophores bind to the hydrophobic fibril surfaces and emit fluorescence and 

thus ThT-based assay is the most popular and general method for observation of formation of amyloid fibrils 

and for detecting of amyloid fibrils. Atomic force microscopy (AFM) and transmission electron microscopy 

(TEM) are also widely used for detecting amyloid fibrils as they provide direct evidence of amyloid fibrils. 

Solid-state NMR spectroscopy, X-ray crystallography, and cryo-EM further revealed three-dimensional 

structures of amyloid fibrils at the atomic resolution (Table 2). 

With the improvement and development of new instruments and methodologies, structures of amyloid 

fibrils and basic mechanisms of amyloidogenesis have been increasingly revealed. However, information on 

detailed processes of amyloid formation based on systematic studies with the view of thermodynamics and 

kinetics is still limited as amyloid formation is heterogeneous, dynamic, and transient process in nature. 

Especially, the polymorphic property, that is, formation of various types of fibrillar structures or morphologies 

from the same amyloidogenic proteins, is largely unknown although polymorphs must be a generic nature of 

amyloid formation. Generation of polymorphism has been considered to be induced by the distinct 

surrounding extrinsic factors, such as pH, temperature, ionic strength, and type of agitation due to generation 

of context-dependent nucleation [20]. 

Thus, I challenged characterization of thermodynamic and kinetic processes of polymorphic amyloid 

formation of β2-microgroblin (β2m), a causative protein for dialysis-related amyloidosis, under various 

extrinsic stresses such as temperature, the strength of agitation, and crowding effects, using ITC. I previously 

showed the powerful usage of ITC for studying protein aggregation. I further expanded utility of ITC for 

protein aggregation by incorporating kinetic analyses and constructing energy landscape of amyloid formation 

in terms of polymorphism. Amyloid formation of 2m formed through pathogenic and misleaded interprotein 

interactions was susceptible to extrinsic factors and thereby causing polymorphic amyloidogenesis which was 

difficult to detect but could be distinguishable based on thermodynamic an kinetic parameters of ITC. 
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In summary, I focused largely on functional and pathogenic interprotein interactions. Both functional and 

dysfunctional interactions were controlled by internal protein interactions which were affected by extrinsic 

surrounding factors. The environment in the living systems is easy to be changed depending on the change in 

external environments, and the intermolecular interaction of proteins must be affected by these changes. 

Capability of adaptation of internal protein interactions using both electrostatic and non-electrostatic forces 

stimulated by exogenous stresses may be viewed as a general way of proteins to be survived. When control 

Fig. 3. Characters of amyloid fibrils. 

 A) An AFM image of fibrils (left), famous model of an amyloid atomic structure (center), and representative structural 

character of an amyloid fibril. From left to right, viewpoint becomes detailed. B) Explanation of fibril formation using 

ThT fluorescence, In Lag-phase (light blue), amyloidogenic monomer peptides/proteins form small seed aggregates. 

In Elongation-phase (purpe), seeds elongate to protofibril through adsorption of monomer to their edges, and finally 

most of peptides/protein are in fibrils, i.e. a system is in equilibrium (light green). 
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systems work normally and correctly, even misregulated protein interactions may be recovered for keeping 

homeostasis. However, when systems fail to handle misconducted interprotein interactions, it may be in the 

risky pathogenic states by forming disease-causing protein aggregates such amyloid fibrils. Although more 

detailed in vitro and in vivo information is required for thorough understanding of protein behaviors, the study 

in this thesis is expected to contribute to improvement of our understanding in a variety of scientific disciplines 

and application fields. 
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NADP+ reductase activity through its interprotein 

interactions with ferredoxin. 
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Abstract 

Although acidic residues of ferredoxin (Fd) are known to be essential for activities of various Fd-dependent 

enzymes, including ferredoxin NADP+ reductase (FNR) and sulfite reductase (SiR), through electrostatic interactions with 

basic residues of partner enzymes, non-electrostatic contributions such as hydrophobic forces remain largely unknown. I 

herein demonstrated that intermolecular hydrophobic and charge–charge interactions between Fd and enzymes were both 

critical for enzymatic activity. Systematic site-directed mutagenesis, which altered physicochemical properties of residues on 

the interfaces of Fd for FNR /SiR, revealed various changes in activities of both enzymes. The replacement of serine 43 of Fd 

to a hydrophobic residue (S43W) and charged residue (S43D) increased and decreased FNR activity, respectively, while S43W 

showed significantly lower SiR activity without affecting SiR activity by S43D, suggesting that hydrophobic and electrostatic 

interprotein forces affected FNR activity. Enzyme kinetics revealed that changes in FNR activity by mutating Fd correlated 

with Km, but not with kcat or activation energy, indicating that interprotein interactions determined FNR activity. Calorimetry-

based binding thermodynamics between Fd and FNR showed different binding modes of FNR to wild-type, S43W, or S43D, 

which were controlled by enthalpy and entropy, as shown by the driving force plot. Residue-based NMR spectroscopy of 15N 

FNR with Fds also revealed distinct binding modes of each complex based on different directions of NMR peak shifts with 

similar overall chemical shift differences. I proposed that subtle adjustments in both hydrophobic and electrostatic forces were 

critical for enzymatic activity, and these results may be applicable to protein-based electron transfer systems. 

 

 

1. Introduction 

 

A large number of biological processes are regulated by intermolecular interactions among various biomolecules, small 

compounds, and metal ions under the control of kinetics and thermodynamics, with the aim of maintaining homeostasis [1–

3]. The regulation of protein interactions with target molecules is of particular importance because misguided intermolecular 

interactions often lead to impaired enzymatic activities and protein functions, thereby resulting in dysfunctional organelles 

and numerous diseases [4]. 

One of the most controlled protein-based physiological processes is the electron transport chain in photosynthesis and 

respiration [5]. In these metabolic processes, a series of soluble proteins/enzymes and membrane protein complexes play 

pivotal roles in electron transfer by communicating with target and binding molecules in response to changes in environmental 
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conditions such as variations in pH, temperature, and the redox state [6–8]. Detailed studies on enzyme activities and electron 

transfer rates based on the static and dynamic structures determined by X-ray crystallography and solution NMR spectroscopy 

have increased our understanding of the molecular mechanisms underlying electron flow and enzymatic activities in 

photosynthesis and respiration [3,9–12]. Solution NMR spectroscopy and calorimetry have provided further information on 

the dynamic structures of proteins and molecular origins of intermolecular interactions for protein functions [3,13].  

Several key electron-carrying proteins, such as plastocyanin and ferredoxin (Fd), have been identified in the chloroplasts 

of higher plants for photosynthesis [14,15]. Electron carrier proteins transport an electron to their physiological redox partner 

molecules in a manner that has been shown to depend on differences in redox potential [16]. On the other hand, well-regulated 

protein–protein interactions between electron-carrier proteins and redox partner proteins/enzymes were found to maximize 

efficient intermolecular electron transfer and relayed enzymatic reactions [8], which emphasized the consequences of the 

formation of electron transport-competent protein complexes. However, the dominant factors controlling interprotein 

interactions have not yet been examined in detail from the viewpoints of enzymatic kinetics and binding thermodynamics 

together with the determination of an available complex structure. 

Fd is considered to be a good model protein because it transfers an electron obtained from photosystem I to several target 

enzymes, including ferredoxin-NADP+ reductase (FNR), sulfite reductase (SiR), nitrite reductase (NiR), and hydrogenase 

[17], through the formation of electron transfer protein complexes [9,11,18]. Fd is a small acidic protein (~10.5 kDa) that 

accommodates the redox center of the [2Fe–2S] cluster [5]. Previous studies suggested that the negatively-charged residues 

of Fd stabilized a complex through complementary electrostatic interactions with the positively-charged residues of partner 

enzymes, as previously reported in Fd and FNR binding in photosynthesis and Fd and SiR binding in sulfur assimilation 

[11,18,19]. 

Although diverse biochemical methods are useful for indirectly elucidating the interprotein electrostatic interactions of 

Fd with several enzymes [20,21], the three-dimensional structure of the complex provides straightforward information for 

identifying interprotein interactions at the atomic level [22]. The complex structure between maize leaf Fd and FNR, which 

was the only available structure among several complexes between Fd and partner enzymes in plants, showed that interfaces 

mostly consisted of electrostatic interactions, including five salt bridges, a large number of hydrogen bonds, and hydrophobic 

contacts [22,23]. FNR is a relatively large multidomain enzyme (~35.5 kDa) that reduces NADP+ to NADPH by transferring 

two electrons via flavin adenine dinucleotide (FAD) in FNR and hydride [23–25]. Solution NMRbased investigations on Fd 

further supported electrostatic interactions between the oppositely-charged residues of Fd and FNR [20,22,26]. 
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A recent thermodynamic study using solution NMR spectroscopy and calorimetry reported that increases in the FNR 

backbone flexibility of regions remote from interfaces and dehydration from both apolar and polar surfaces were important 

for the formation of the Fd:FNR complex [3,22]. These findings indicated the contribution of hydrophobic interactions, which 

have received less attention than electrostatic contributions, to FNR activity. The strong potential for charge clusters on the 

surfaces of electron transfer proteins [25,27] and NMR invisible hydrophobic regions of Fd due to paramagnetic relaxation 

enhancements from the unpaired electrons of iron [9] may have led to the biased interpretation of electrostatic interactions by 

masking hydrophobic contributions. 

By using the biochemical approaches of systematic site-directed mutagenesis and activity measurements in combination 

with the biophysical methods of isothermal titration calorimetry, solution NMR spectroscopy, and docking simulations, I 

herein investigated the contribution of hydrophobic interactions between Fd and FNR to FNR activity together with charge–

charge interactions. I showed that the hydrophobic forces of Fd were also key to FNR activity together with conventional 

electrostatic forces, and that the delicate balance between these two forces regulated FNR activity by controlling interprotein 

interactions between Fd and FNR. 

 

2. Materials and methods 

2.1. Preparation of proteins 

All site-directed Fd mutants on the hydrophobic surfaces of maize leaf-type Fd (Fd I) were prepared using a QuikChange 

Lightning Site Directed mutagenesis kit (Agilent Technologies, USA) and recombinant maize-FdI plasmid DNA as a template 

[28]. The mutation sites and sequence integrity of the entire coding region were confirmed by DNA sequencing. Wild-type 

and mutant Fds were expressed from Escherichia coli BL21 (DE3) cells and purified according to previously described 

methods [29].  

The preparation of recombinant maize leaf FNR (L-FNR I) and 15N-labeled FNR was based on previous studies [19,30]. 

Fd and FNR concentrations were determined using the molar extinction coeffi- cients of 9680 M−1 cm−1 at 423 nm and 10,000 

M−1 cm−1 at 460 nm, respectively. 

 

2.2. Assay for electron transfer activity of FNR 

The nicotinamide adenine dinucleotide phosphate (NADPH)-dependent reduction of Fd by FNR was measured at 298 K, 

as described previously [19], by monitoring increases in reduced cytochrome c (Nacalai Tesque, Japan) at 550 nm in an assay 
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mixture of 50 mM Tris–HCl buffer (pH 7.5) containing 50 μM NADPH, 20 nM FNR, 2.5 μM (Fig. 1C) or 1.25 μM Fd (Fig. 

1E), and 200 μM cytochrome c, which represented the NADPH-generating system. The Michaelis constant (Km) at 298 K and 

turnover number (kcat) at various temperatures (288, 293, 298, and 303 K) were calculated by fitting to the following 

Michaelis– Menten equation: 

 

m

0cat

]Fd[

][FdFNR][

K

k
v


  

Equation (1) 

 

where v indicates the initial velocity of the catalytic reaction of FNR, and [FNR]0 and [Fd] indicate the concentrations of 

FNR and Fd in the reaction mixture, respectively. 

 

2.3. Assay for electron transfer activity of SiR 

Fd-dependent sulfite reduction by SiR was assayed by monitoring the final product of cysteine using a reconstituted 

electron transfer system [11]. Reaction mixtures in 50 mM Tris–HCl (pH 7.5) consisted of 200 nM SiR, 2 mM Na2SO3
2−, 0.4 

units of cysteine synthase, O-acetyl serine, and 10 μM (Fig. 1D) or 20 μM Fd (Fig. 1F). SiR reduction was initiated by an 

intermolecular electron transfer from Fd, which was reduced by Na2S2O4. Reduced SiR sequentially converted sulfite to 

sulfide. Cysteine synthase, in the presence of O-acetyl serine, produced cysteine from sulfide. The reaction was stopped 0, 3, 

6, and 9 min after reducing SiR by the addition of trichloroacetic acid at a final concentration of 20% (v/v). The solution was 

promptly centrifuged at 15,000 rpm for 3 min and 150 μl of the supernatant was collected. After the addition of 150 μl acetic 

acid and 150 μl acid-ninhydrin reagent to the supernatant, the solution was heated at 95 °C for 10 min. The addition of 450 μl 

ethanol to the solution allowed the production of cysteine to be monitored by increases in absorption intensity at 546 nm. 

Specific activity was obtained by the slope of time-dependent activity at each incubation time. 

 

2.4. Circular dichroism (CD) measurements 

All CD measurements of Fd solutions were performed in 50 mM Tris–HCl buffer (pH 7.5) using a J720 

spectropolarimeter (Jasco, Japan) at 25 °C. Far-UV CD spectra at 0.2 mg ml−1 Fd (~20 μM) were recorded using a quartz 

cuvette with a 1-mm path length. Near-UV and visible CD spectra with 1 mg ml−1 Fd (~100 μM) were obtained using a quartz 



16 

 

cuvette with a 1-cm path length. Spectra were expressed as mean residue ellipticity, [θ] (deg cm2 dmol−1 ), after subtracting 

the solvent background. 

 

2.5. Isothermal titration calorimetry (ITC) measurements 

Protein solutions were dialyzed against 50 mM Tris–HCl (pH 7.5) and degassed for 3 min before being loaded into the 

calorimeter. Calorimetric experiments were performed with a VP-ITC instrument (GEHealthcare Biosciences, USA) at 288, 

293, 298, and 303 K. In the injection syringe, 1 mM FNR was titrated into 50 μM wild-type or mutant Fds in the ITC cell. 

Titration experiments consisted of 40 injections spaced at intervals of 400–500 s. The injection volume was 7 μl and the cell 

was continuously stirred at 264 rpm [3]. 

Observed enthalpy changes (ΔHbind) for binding and the dissociation constant (Kd) were directly calculated from the 

integrated heat using the one-set of independent binding sites model supplied by the MicroCal Origin 7.0 software. The 

equation of this binding model was: 
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where Q is the change in heat in the system, V0 is the effective volume of the calorimeter cell (1.43 ml), LR is the ratio of 

the total Fd concentration to total FNR concentration ([P]t) at any given point during the titration, and n is the binding 

stoichiometry of Fd per FNR. Using ΔHbind and Kd, the observed Gibbs energy change for binding (ΔGbind) and observed 

 

dbind ln KRTG   

Equation (3) 

bindbindbind STHG      Equation (4) 

where R is the gas constant and T is the temperature in Kelvins. 
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2.6. Solution NMR measurements of FNR 

FNR samples uniformly labeled with 15N were prepared using 50 mM Tris–HCl buffer (pH 7.5) containing 10% D2O for 

1H–15N heteronuclear single quantum correlation (HSQC) measurements. All HSQC spectra of 0.2 mM 15N-labeled FNR in 

the absence and presence of 0.4 mM wild-type or mutant Fd (S43W and S43D) were obtained at 25 °C in an AVANCE-III 

H/D 800 spectrometer equipped with a cryogenic probe (Bruker BioSpin, Germany). Data were processed by NMRPipe and 

analyzed by Sparky [31]. 

A chemical shift perturbation (Δδtot) in the cross-peaks of FNR by the addition of Fd was calculated using the relationship: 

 

     5.02

NHtot 158.0  

Equation (5) 

 

where ΔδH and ΔδN are the changes in the 1H and 15N chemical shifts in ppm, respectively. The weighting factor of 0.158 

was used to adjust the relative magnitudes of the amide nitrogen chemical shift range and amide proton chemical shift range. 

 

2.7. Computational docking simulation between FNR and Fd 

Homology modeling of S43W- (S43W) and S43D-substituted Fd (S43D) was performed using the Modeller program 

v9.11 and crystal structure of wild-type Fd (PDB/3B2F) [12] for a template structure. The qualities of the modeled structures 

of the Fd mutants were con- firmed using the VERIFY3D program [32]. 

The docking simulation between Fd (wild-type, S43W, or S43D) and FNR was performed using the HADDOCK easy 

interface server with semi-flexible refinements. Active residues for interaction restraints were defined based on the chemical 

shift perturbation data observed in our present and previous NMR studies [33] and were filtered for the accessible surface 

area calculated by VARDAR (version 1.8) [34]. The active residues of Fd and FNR obtained are listed in Table S1. Passive 

residues were defined automatically around the active residues. A total of 40 possible Fd:FNR complexes were obtained (see 

the Supplementary data section). 
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3. Results 

 

3.1. Interface mutations differentially affected enzymatic activity between FNR and SiR 

In order to examine the contribution of hydrophobic forces around serine 38 to 46 on the interface of Fd for FNR and 

SiR to enzymatic activities, I constructed six Fd mutants in which hydrophobicity was increased (S38W, R40W, A41W, S43W, 

S45W, and S46W) on the basis of our previous FNR-bound Fd structure (Fig. 1A and B), and performed FNR and SiR activity 

assays (Fig. 1C and D). 

The mutants exhibited various activity changes. The SiR and FNR activities of R40W and S43W mutants were opposite 

(here designated as a partner enzyme-dependent activity change): R40W and S43W mutants exhibited an increase and 

decrease in SiR activity (Fig. 1D) and a decrease and increase in FNR activity (Fig. 1C), respectively. No recognizable activity 

changes were observed among the other mutants; however, the FNR activity of the S46W mutant increased (Fig. 1C). 

Based on the largest change in activities depending on enzymes, high conservation in higher plants (Fig. S1), and 

locational importance for electron transfer between the [2Fe–2S] cluster in Fd and FAD in FNR, we focused on mutagenic 

analyses of serine 43. In order to obtain a more general insight into the effects of physicochemical properties on enzymatic 

activity, more Fd mutants were prepared in terms of hydrophobic and electrostatic natures: S43L, S43H, S43F, S43Y, and 

S43D. 

The hydrophobic mutants, S43F, S43Y, and S43W, exhibited marked increases in FNR activities, whereas that of the 

S43D mutant was markedly decreased by increases in acidity, and the remaining mutants did not show significant activity 

changes (Fig. 1E). The SiR activities of the S43H, S43F, and S43Y mutants decreased and that of S43W was markedly reduced. 

However, no significant activity changes were observed with the S43L and S43D mutants (Fig. 1F). 

 

3.2. NADPH-dependent FNR activity using wild-type and mutant Fds 

I measured the steady-state kinetics of reductions in cytochrome c in order to determine the effects of site-directed 

mutations in Fd on FNR activity. I selected the two mutants, S43W and S43D because their enzyme activities markedly 

differed in a partner enzymedependent manner, i.e., a partner enzyme-dependent activity change (Fig. 1E and F). The 
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maximum velocity (v) for reductions in cytochrome c at various concentrations of wild-type Fd was saturated at a low Fd 

concentration (less than 5 μM) at 298 K (25 °C) (Fig. 2A), indicating steadystate kinetics with the formation of the Fd:FNR 

complex. Thus, data were fit using the Michaelis–Menten equation (see the Materials and Methods section). The Michaelis 

constant (Km) and turnover number (kcat) were 2.1 μM and 53.5 s−1, respectively (Table 1). The results obtained for the two 

Fig. 1. Structure-based mutagenesis of Fd and enzymatic activity.  

(A–B) The structure of the Fd:FNR complex (PDB /1GAQ) (A) and position of Fd residues for mutations (B) are shown. 

FNR and Fd are displayed in green and light blue colors, respectively. FAD- and NADP+-binding domains are shown 

in light and dark green, respectively. Red and yellow spheres in Fd represent iron and sulfur, respectively. Magenta 

sticks in FNR indicate FAD. (C–F) The results of the activity assay for FNR (C, E) and SiR (D, F) are shown with bar 

graphs. 
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variants also showed Michaelis–Menten kinetics. Although no significant changes were observed in kcat, Km values increased 

to 0.8 μM for S43W and 9.0 μM for S43D (Table 1). 

The temperature dependence of kcat was then examined. The kcat values with wild-type Fd increased from 37.8 to 72.5 

s−1 with elevations in temperature from 288 to 303 K (15 to 30 °C) (Fig. 2B and Table 1). The kcat values with Fd variants 

showed a very similar temperature dependence to wild-type Fd. Accordingly, activation energy (Ea), which was deduced from 

the Arrhenius equation, was similar regardless of the types of Fds (Fig. 2C and Table 1). On the other hand, although the Km 

values for wild-type and S43W Fds did not show a notable dependency on temperature, that for S43D varied in an opposite 

manner to the temperature increase (Fig. 2D and Table 1). 

 

Fig. 2. FNR activity depended on mutations and temperature. 

(A) The steady-state kinetics of FNR based on the reduction of cytochrome c at 298 K (25 °C) are shown. The 

concentrations of wildtype Fd used were 1.25, 2.5, 5, 10, 20, and 40 μM while those of S43W Fd were 0.25, 0.5, 1, 

2.5, 5, and 10 μM. S43D Fd was used at concentrations of 5, 10, 20, and 40 μM. The continuous lines indicate the 

fitting curves based on the Michaelis–Menten equation. (B) kcat values were plotted against temperature. (C) Schematic 

bar presentations of activation energies (Ea). (D) Temperature dependence of Km values. Values corresponding to 

wide-type, S43W, and S43D Fds are shown in black, blue, and red, respectively 
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3.3. Investigation of structural changes in Fd mutants by various spectroscopies 

I demonstrated whether structural changes were caused by substitution mutations using CD and absorption spectroscopy. 

In CD spectroscopy, I performed measurements at three regions of wavelengths: far-UV (195–250 nm) to examine the 

secondary structure (Fig. S2A), near-UV (250–300 nm) for the structure near aromatic residues (Fig. S2B), and visible (300–

600 nm) regions for [2Fe–2S] for environment-containing clusters (Fig. S2C). 

No significant changes were observed in the far-UV CD spectra of the three types of Fds (wild-type, S43W, and S43D), 

which indicated that the content of alpha helices, beta strands, and random coils was constant in all Fd variants. In the near-

UV region, no significant differences were noted in the CD spectra among Fds. Only slight changes were observed in the 

visible-spectra near 500, 375, and 325 nm. This result indicated that appreciable geometry changes did not occur around the 

[2Fe–2S] clusters, which was further supported by absorbance spectra. Each of the absorbance spectra of the Fd variants was 

similar, except for the region near 280 nm of S43W (Fig. S2D), and was mainly attributed to the substitution of tryptophan, 

showing absorption near 280 nm. 

I defined the mutation effects on Fd structures negligible for activities between FNR and each Fd variant. However, I 

did not exclude the possibility that mutations may have caused changes in midpoint potentials in free Fd and/or FNR-bound 

Fd that may, in turn, have affected activities. A previous study reported that a mutation in S47A in Anabaena Fd, which 

corresponded to S45 in maize Fd, markedly affected the midpoint redox potential and rate of FNR reduction [35]. 

 

3.4. Thermodynamic characterization of Fd:FNR interactions monitored by calorimetry 

I performed ITC measurements using three types of Fds (wild-type, S43W, and S43D) and FNR (Fig. 3) in order to 

examine thermodynamically interprotein interactions between Fd and FNR at the molecular level in solution. 

The titration of wild-type Fd to FNR at 298 K showed a series of positive heat peaks, which indicated complex formation 

with heat uptake (Fig. 3A) and was consistent with our previous findings [3]. The change in enthalpy (ΔHbind) was calculated 

as 32.6 kJ mol−1 based on an integration of the peak area (Table 2). The positive ΔHbind value displayed energetically 

unfavorable endothermic binding reactions. The dissociation constant (Kd) obtained by fitting to the binding isotherm (see the  

Table 1. Summary of various parameters of FNR enzymatic activity obtained by steady-state kinetics. The 

average and error values were obtained from measurements in triplicate. 
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Materials and Methods section) was 1.0 ± 0.1 μM (Table 2), which was similar to the value of Km (Fig. S3A). The n 

value of approximately 0.8 suggested one-to-one binding stoichiometry between Fd and FNR. By using thermodynamic 

relationships, I obtained changes in free energy (ΔGbind) and entropy (−TΔSbind) (Table 2). Negative ΔGbind (−34.2 ± 0.2 kJ 

Fig. 3. Thermodynamic characterization of binding reactions between Fd and FNR using ITC and a driving 

force plot. 

 (A) ITC thermograms of the titration of wild-type Fd (left), S43W Fd (middle), and S43D Fd (right) to FNR are shown 

in the upper panel. Normalized heat values were plotted against the molar ratio ([Fd]/[FNR]) in the lower panel. Fitted 

curves are exhibited using continuous lines. (B) Changes in the driving force (ΔHbind and −TΔSbind) and ΔGbind value 

after the formation of each complex are shown. The broken diagonal lines in black, red, and blue signify the ΔΔGbind 

lines of 0, 2.63, and −3.28 kJ mol−1, respectively. Thermodynamically favorable and unfavorable directions on mutation 

are guided by blue arrows and “F” and red arrows and “UF”, respectively, in and out of the panel. The blue and red 

triangular regions indicate increases and decreases in affinity. Transverse and longitudinal axes indicate ΔΔHbind and 

Δ(−TΔSbind), respectively. The black sphere indicates no change in ΔGbind (i.e., ΔΔGbind = 0). Red and blue spheres 

show ΔΔGbind following changes in ΔGbind with the mutation of serine at 43 to tryptophan (i.e., S43W) or aspartic acid 

(i.e., S43D), respectively. The four rectangular regions were classified by driving forces: region “I” (upper right), region 

“II” (lower right), region “III” (lower left), and region “IV” (upper left). In each region, a thermodynamically favorable 

driving force is indicated in parentheses. “I(X)” represents no driving force for favoring binding reactions. 
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mol−1 ) and −TΔSbind (−66.8 ± 0.4 kJ mol−1 ) indicated spontaneous Fd:FNR complex formation driven purely by positive 

ΔSbind. 

ITC measurements at 298 K were performed for S43W and S43D and endothermic binding heat was also detected (Fig. 

3A). The thermodynamic and physical parameters analyzed (ΔHbind, Kd, ΔGbind, −TΔSbind, and n) were summarized in Table 

2. Kd values were similar to Km: the Kd values of S43W (0.3 ± 0.1 μM) and S43D (3.0 ± 0.4 μM) were lower and higher than 

that of wildtype Fd (1.0 ± 0.1 μM), respectively (Fig. S3A). Therefore, the order of ΔGbind was S43D (−31.6 ± 0.3 kJ mol−1) 

> wild-type (−34.2 ± 0.2 kJ mol−1) > S43W (−37.5 ± 0.7 kJ mol−1) (Fig. S3B). The complex formation of FNR with Fd variants 

was also only favored by the positive entropy change (Fig. S3B). The ΔHbind value was in the order of S43W (40.3 ± 0.5 kJ 

mol−1) > wild-type (32.6 ± 0.2 kJ mol−1) > S43D (19.4 ± 0.2 kJ mol−1), and S43D (−51.0 ± 0.2 kJ mol−1) > wild-type (−66.8 

± 0.4 kJ mol−1) > S43W (−77.8 ± 0.3 kJ mol−1) for the −TΔSbind value.] 

 

3.5. Temperature dependence of thermodynamic parameters for Fd:FNR complexation 

The thermodynamic properties of interprotein interactions are a function of temperature. Thus, temperature-dependent 

changes in thermodynamic parameters reflect the influences of physicochemical properties on intermolecular interactions. 

Therefore, I examined changes in various thermodynamic parameters for the interactions between wild-type Fd and FNR 

in the range of 288 to 303 K (15 to 30 °C) (Fig. 4). Kd values decreased from 1.5 ± 0.4 to 0.9 ± 0.2 μM with an increase in 

temperature from 288 to 303 K (15 to 30 °C) (Table 2). As observed for Km values, Kd values also decreased from 1.5 ± 0.4 

to 0.9 ± 0.2 μM with increases in temperature from 288 to 303 K (15 to 30 °C) (Table 2), indicating an increase in interprotein 

affinity with a decrease in ΔGbind by −3.1 kJ mol−1 (Fig. 4A). ΔHbind and −TΔSbind both became gradually favorable with 

increases in temperature from 32.1 ± 0.6 kJ mol−1 at 288 K (25 °C) to 30.7 ± 0.0 kJ mol−1 at 303 K (30 °C) and from −64.2 ± 

0.1 kJ mol−1 at 288 K (25 °C) to −65.9 ± 0.6 kJ mol−1 at 303 K (30 °C), respectively. These results revealed that the two 

energetic terms were stabilizers for the Fd:FNR complex regardless of the temperatures examined here. 

Table 2. Summary of various thermodynamics parameters of complex formation between Fd and FNR 

obtained by ITC. The average and error values were obtained from measurements in duplicate. 
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The binding of S43W to FNR showed similar temperature responses to those of wild-type Fd. However, the temperature 

dependence of ΔHbind and −TΔSbind for S43D binding was markedly different. ΔHbind values markedly increased from 13.7 ± 

0.0 kJ mol−1 at 288 K (25 °C) to 21.2 ± 2.0 kJ mol−1 at 303 K (30 °C) (Fig. 4C), whereas and −TΔSbind values markedly 

decreased from −43.2 ± 0.7 kJ mol−1 at 288 K (25 °C) to −54.0 ± 1.0 kJ mol−1 at 303 K (30 °C) (Fig. 4B). 

The change in heat capacity (ΔCp) was obtained from the slope of the temperature dependence of ΔHbind (i.e., ∂ΔHbind 

/∂T). Although the ΔCp values of wild-type and S43W binding to FNR were similar to each other, that of S43D binding was 

largely distinct. The ΔCp values for the binding of wild-type Fd, S43W, and S43D to FNR were −87, −76, and 507 J mol−1 

K−1 , respectively (Fig. 4D and Table 2). 

No clear decrease was observed in Km for wild-type and S43W Fds with increases in temperature (Table 1); however, 

increases in temperature led to reductions in Kd for all three types of Fds (Table 2). Although the underlying mechanism and 

Fig. 4. Temperature-dependent thermodynamic parameters.  

(A–C) The values of ΔGbind (A), −TΔSbind (B), and ΔHbind (C) were plotted as a function of temperature. (D) The ΔCp 

values of wild-type, S43W, and S43D Fds are shown. Thermodynamic parameters for FNR binding to wild-type, S43W, 

and S43D Fds are shown in black, blue, and red, respectively. 
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reason for these discrepancies remain unclear, the physical binding properties of Kd between complexes and free proteins 

directly obtained by the thermodynamic measurement of ITC may not be always consistent with Km obtained from Michaelis–

Fig. 5. NMR spectroscopy of 15N-labeled FNR with and without Fd and chemical shift perturbation analyses.  

(A) The superposition of 1H–15N HSQC spectra of FNR without Fd (black) and with wild-type (green), S43W (blue), or 

S43D Fds (red). (B) Shifts in the peak (V28, L156, and R305) are representatively magnified. (C) Chemical shift 

perturbations with the addition of each type of Fd were plotted against the residue number of FNR. The secondary 

structure elements determined from the X-ray structure (PDB/1GAW) are displayed in the top part. Alphahelices and 

beta-strands are colored in orange and green, respectively. The residues of FNR interacting with Fd are shown by the 

colored rectangles below the secondary structure elements. Green and red indicate positively-charged and non-

charged residues, respectively 
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Menten kinetics depending on changes in temperature. The components present in reconstituted activity assay systems, but 

absent in ITC measurement systems, such as cytochrome c, may be involved in distinct responses between Kd and Km at 

different temperatures. Alternatively, the distinct approaches utilized produced different values to some extent, which is often 

observed in Kd values obtained by different methods such as ITC, NMR, and surface plasmon resonance [36,37]. 

 

3.6. Residue-based investigation of Fd–FNR interactions using NMR spectroscopy 

In order to obtain more detailed information on the binding mode and interfaces of FNR for Fds at the residue level, two-

dimensional 1H–15N HSQC measurements on uniformly-labeled FNR with 15N were performed in the absence and presence 

of Fds (wild-type, S43W, and S43D) (Fig. 5A). 

The NMR cross-peaks of FNR in the absence of Fd were sharp and widely dispersed, which indicated the well-folded 

state of FNR. Based on the Kd values obtained from ITC measurements, the amounts of Fd added were 2-fold that of FNR in 

order to saturate FNR with Fd. The population of each Fd:FNR complex was close to 100%. The addition of each Fd changed 

a large number of the NMR peak positions of FNR without significantly altering the number of peaks in the absence of Fds 

(Fig. 5A). This result indicated the formation of individual Fd:FNR complexes and a fast exchange regime of interactions 

between each Fd and FNR. 

Although the direction of changes in peak shifts depended on the types of Fd (Fig. 5B), the overall perturbed regions of 

FNR were all similar, as shown by the plot of the chemical shift perturbation (CSP) (Fig. 5C) and mapping of CSP values on 

a crystal structure of FNR (Fig. S4). These results were consistent with our previous findings [18]. Perturbed residues were 

mainly located in the N-terminal and β2–β3 (around K88 and K91) regions on the FAD-binding domain, the interdomain 

region around D154, and the β1–α1 (around G173), β4–α5 (around K275), and C-terminal (around K304) regions on the 

NADP+-binding domain, which is in accordance with those suggested by the crystal structure of the wild-type Fd:FNR 

complex [22]. The hydrophobic residues of I68, V83, I147, and L156 and polar residues of T29, Q74, and C132 also showed 

perturbations. 

The representative residues that showed large perturbations regardless of the types of Fd were in the N- and C-terminal 

regions and also in the β4–α5 region around K275. R93 and K153 of FNR in the presence of S43D showed larger CSP values 

than those in the presence of wild-type Fd. 
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4. Discussion 

 

4.1. Importance of hydrophobic and electrostatic residues of Fd for activities of partner enzymes 

The electrostatic interaction between Fd and a partner enzyme has predominantly been reasoned as a key contributor to 

the efficient activity of a partner enzyme. However, I questioned this interpretation because the buried nonpolar surface area 

of the Fd:FNR complex was previously shown to account for approximately 50% of the total buried apolar surface area [22]. 

Therefore, I focused on the effects of the physicochemical properties of interfacial residues around the [2Fe–2S] cluster from 

the viewpoint of enzyme activity by addressing hydrophobic and electrostatic contributions.  

Partner enzyme-dependent activity changes in most of the tryptophan mutants, except for S45W (Fig. 1C and D), 

demonstrated that hydrophobic interactions on binding interfaces around S38 to S46 of Fd, which have not received much 

attention, were essential for the regulation of FNR and SiR activities. A set of S43 mutants also showed the contribution of 

hydrophobic forces to changes in activity depending on partner enzymes. A similar finding was also reported in the plant-type 

photosynthetic electron transport ferredoxin (PETF) [17]. The PETF mutants, D19A and D58A, exhibited the differential 

recognition and activity between FNR and hydrogenase HYDA1.  

Partner enzyme-dependent activity changes in S43 mutants (S43H and S43D) provided further insights into electrostatic 

contributions (Fig. 1E and F). S43H, which increased the repulsive charge–charge interaction with Fd, decreased SiR activity, 

but had no effects on FNR activity. In contrast to the general expectation that attractive electrostatic interactions increase 

activity, S43D exhibited a decrease in FNR activity without a change in SiR activity.  

Taken together, our results suggested that activity changes were not always predictable by the general electrostatic 

contribution alone, and the physicochemical properties of hydrophobic and electrostatic residues on interprotein interfaces 

were important in the regulation of FNR and SiR activities. 

 

4.2. Interprotein interactions dominated FNR activity 

The overall activity of FNR comprised physical processes including intermolecular interactions among Fd, FNR, and 

the substrate of NADP+ as well as the chemical reactions of electron and hydride transfer.  

In order to identify the dominant factor regulating FNR activity, I introduced a site-directed mutation to Fd because a 
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mutation in FNR may include changes in the intrinsic catalytic capability of FNR as well as in the intermolecular interaction 

with Fd and NADP+. By mutating Fd, I expected a simpler system that predominantly reflected a mutation effect stemming 

Fig. 6. Modeled Fd:FNR complexes and their binding interfaces.  

(A) The complex structures of wild-type Fd and FNR determined by X-ray crystallography and three docking simulation 

structures with HADDOCK in combination with NMR data are shown. Each complex, which showed the lowest energy, 

was selected from 40 complexes. FNR is colored in gray. Wild-type, S43W, and S43D Fds are shown in green, blue, 

and red, respectively. Magenta sticks in FNR indicate FAD. Red and yellow spheres in Fd represent iron and sulfur, 

respectively. The distance between FAD and iron guided by the broken line is shown in parentheses. (B, C) Interprotein 

surfaces between FNR and wild-type Fd determined by X-ray crystallography (B) and a docking simulation with 

HADDOCK in combination with NMR data (C) are magnified for comparisons. (D, E) The interacting surfaces between 

FNR and S43W Fd (D) or S43D Fd (E), as modeled by HADDOCK, are also shown. 
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from interprotein interactions directly linked to interprotein electron flow from FNR to Fd. 

I again selected the two mutants of Fd that displayed the most prominent changes in enzymatic activity (Fig. 1E and F), 

S43W and S43D. Although no appreciable alternations were observed in the chemical reaction (kcat) or activation energy (Ea) 

for S43W and S43D (Fig. 2B and C), physical changes identified in Km indicated that the interprotein interaction was a 

dominant factor controlling the overall activity of FNR (Fig. 2). The similar dependence of changes in enzymatic activities 

due to interprotein interactions was observed in other electron transfer proteins. I previously reported that changes in 

enzymatic activities by the neutralization of acidic residues on the binding surfaces of Fd for SiR [24] and NiR [9] primarily 

depended on Km values, not kcat values. Similar findings were also found in cytochrome c-related electron transfer and activity 

assays [38]. 

Our results and previous findings demonstrated that physicochemical properties at the location of 43 on the interface of 

Fd were important for determining overall FNR activity by adjusting interprotein interactions between Fd and FNR. 

Furthermore, I suggested that this concept may be applicable to other enzyme activity studies utilizing electrontransport 

proteins. 

 

4.3. Fd–FNR interactions under thermodynamic controls 

Since physical interactions between Fd and FNR regulated FNR activity and interprotein interactions were fundamentally 

under thermodynamic control, binding energetics between two proteins were characterized at the molecular level using ITC 

(Figs. 3 and 4). ITC is one of the most powerful approaches for elucidating the physical, mechanical, and energetic natures of 

binding systems including molecular association mechanisms, binding modes, and driving forces for complexation [2,3,39].  

Complexation-interrupting positive ΔHbind values were detected in all complexes formed as a result of energy costs for 

the dehydration of charged residues, which drove complex formation solely with entropy (Fig. S3B) [3]. The higher affinity 

of S43W for FNR than the wild-type was attributed to the gain of entropy (increases in ΔSbind), which overwhelmed the 

unfavorable enthalpic loss (increases in ΔHbind) (Fig. S3B), as shown in the driving force plot (Fig. 3B). The dehydration of 

water from hydrophobic regions around the tryptophan residue, i.e., the hydrophobic effect, and electrostatic/polar regions 

may have largely stabilized the Fd:FNR complex. 

The driving force plot rationalized the weakened affinity of S43D for FNR with the loss of ΔΔG = 2.63 kJ mol−1 in 

terms of the penalty of entropy (Figs. 3B and S3B). The formation of an electrostatic and hydrogen bond network around the 

negative charge of the aspartic acid at 43 (Fig. 3B) may have engendered favorable contributions to the formation of the 
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S43D:FNR complex by reducing ΔHbind. Furthermore, since attractive intermolecular interactions have been shown to 

promote molecular recognition [40], a decrease in affinity may also be kinetically explained by a markedly faster dissociation 

rate than association rate. 

Electrostatic and hydrophobic interactions are a function of temperature. Elevations in temperature are generally 

accepted to be accompanied by reductions in electrostatic forces and the reinforcement of hydrophobic forces [41,42]. Hence, 

perturbations to a binding system by changes in temperature support an informative measure of the relative contributions of 

these two intermolecular forces to complex formation. In all three binding systems, ΔGbind decreased linearly with increases 

in temperature (Fig. 4A). Furthermore, ΔCp, a thermodynamic indicator of physicochemical properties for the buried surface 

area, showed small negative values for wild-type Fd:FNR binding and S43W:FNR binding, which demonstrated that the 

thermodynamic contributions of buried hydrophobic surface areas were slightly more dominant than those of 

electrostatic/polar surface areas. These results indicated the thermodynamic importance of hydrophobic forces in stabilizing 

the Fd:FNR complex (Fig. 4D). A positive ΔCp value was obtained for S43D:FNR binding, which was suggestive of the large 

contribution of the burial of electrostatic/polar surface areas. A positive ΔCp was previously observed in binding reactions 

between nucleic acids and proteins or in protein misfolding and aggregation due to the burial of charges [43]. 

Distinct individual thermodynamic parameters for complexation depending on the type of Fds proposed different binding 

modes and/or orientations of individual Fds to FNR, which were fit toward maximizing energetic merits for physical 

interactions between proteins under given conditions. Our comprehensive driving force plot showed the capability of proteins 

for thermodynamic trades based on enthalpy–entropy compensation, which may be one of the properties of evolution pressure 

(Fig. 3B). 

 

4.4. Interfacial physicochemical properties determined the physical binding mode between Fd and FNR 

A residue-based investigation with NMR spectroscopy provided further insights into interprotein interactions. Although 

the plotting and mapping of CSP indicated the similar binding interfaces of FNR for each Fd (Figs. 5C and S4), the direction 

of shifts in many peaks such as V28, L156, and R305 differed depending on the type of Fd (Fig. 5B). This was mostly 

attributed to the distinct strength of hydrogen bonds, backbone dihedral angles, and influences of surrounding residues [44], 

which reflected an alternative binding mode and/or orientation between proteins. 

The visualization of the three Fd:FNR complexes by a docking simulation with the incorporation of the CSP of NMR as 

a restraint (Fig. 6A) revealed detailed images of binding interfaces (Fig. 6B–E). Binding interfaces between wild-type Fd and 
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FNR consisted of electrostatic and hydrophobic interactions together with polar interactions including several H-bonds (Fig. 

6C). Serine at 43 of Fd formed several hydrogen bonds with the neighboring residues of V92, L94, and V151 of FNR. 

Although interactions between interfacial residues were similar in solutions (Fig. 6C) and crystals (Fig. 6B), the binding 

interfaces in solutions were wider to some extent than those in crystals (Figs. 5C and 6A–C), which implicated the more 

flexible binding of Fd and FNR in solution in favor of matching and tuning courses for a preferable complex conformation. 

The binding interface of the S43W:FNR complex showed the insertion of the indole side chain of tryptophan at 43 of Fd 

to a small binding cavity of FNR through various non-covalent interactions with the side chains of FNR; however, the 

orientation of Fd differed from that of wild-type Fd (Fig. 6D). 

Although interacting sites between the surface of S43D around an aspartic acid at 43 and FNR led to predominant 

electrostatic interactions (Fig. 6E), the interacting site of FNR for Fd shifted to a more central part of FNR, a loop between 

the FAD- and NADP+-binding domains, than wild-type Fd and S43W binding. The negative charge of aspartic acid at 43 

formed a salt bridge with the positive charge of a lysine residue (K153) and a hydrogen bond with the backbone of a glycine 

(G152). These intermolecular electrostatic networks provide a clue for the positive value of ΔCp due to the burial of charges 

(Fig. 4D). 

The orientation between Fd and FNR was appropriate for interprotein electron transfer. The distance between the 

isoalloxazine ring in FAD and iron in the [2Fe–2S] cluster in each Fd:FNR complex was sufficiently small in all cases (6.3 

Å–9.1 Å) (Fig. 6A–D) for electron transfer to not be rate-limiting. These results suggested that the binding mode and 

orientation of each Fd to FNR were different at the residue level and this physical interprotein binding was changeable through 

alternations in the physicochemical properties of the interfacial residues of Fd by means of varying electrostatic and 

hydrophobic natures. 

 

4.5. Thermodynamic and physical balances of non-covalent intermolecular interactions limited FNR activity 

I previously demonstrated that the entropic gain from conformational flexibility and dehydration was the only driving 

force for the complex formation of Fd and FNR under mildly acidic conditions in spite of the formation of five salt bridges 

[3]. I herein obtained a more detailed rationale by combining biochemical and biophysical approaches as well as an improved 

understanding of the molecular origins of the regulation of FNR activity. 

Large increases in favorable electrostatic interactions may be disadvantageous for the best orientation for intermolecular 

electron transfer and/or weakened interprotein affinity, thereby decreasing activity, as observed in the binding of S43D with 
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FNR (Figs. 3B and 6E). On the one hand, large increases in hydrophobicity may promote faster sampling of the 

conformational space of complex structures by taking advantage of short-range hydrophobic interactions and, in turn, reaching 

a more optimal complex structure with high stability, thereby enhancing FNR activity by increasing the rate of electron transfer 

and interprotein affinity (Figs. 2, 3B, and 6D). 

Therefore, even a single mutation in a hydrophobic environment without the disruption of Fd integrity is sufficient to 

limit overall FNR activity through the delicate balance of enthalpy and entropy in the form of non-covalent interactions and 

dehydration, which determines interprotein affinity and orientation (Fig. 3B). Further systematic studies using SiR and/or SiR 

and FNR mutants are required to obtain more general conclusions. 

I suggest that proteins sensitively cope with changes in environmental conditions and spontaneous mutations in a 

thermodynamically favorable way to reduce global energy. However, an enzyme responds in a functionally favorable way, 

including thermodynamics and kinetics. 
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Supplementary information 

 

  

Table S1. Active residues of Fd and FNR used for HADDOCK calculations. 
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Fig. S2. Structural comparison of wild-type Fd and mutant Fds using various spectroscopies. 

 (A) Far-UV CD spectra. (B) Near-UV spectra. (C) CD spectra of the visible region. (D) UV-visible absorption spectra. 

The CD and absorption spectra of wild-type Fd (black), S43W Fd (blue), and S43D Fd (red) are shown. 
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Fig. S3. Thermodynamic parameters of binding reactions between Fd and FNR obtained from ITC.  

(A, B) The values of Kd (A) and various thermodynamic parameters (∆Gbind, ∆Hbind, and -T∆Sbind) (B) for FNR binding 

to wild-type (black), S43W (blue), and S43D Fds (red) are schematically shown by the colored bars. The values of 

Km obtained by fitting to the Michaelis-Menten equation are indicated with asterisks in (A). 
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Fig. S4. Mapping of chemical shift perturbation onto the X-ray crystal structure of FNR. 

(A-C) The degree of the chemical shift perturbation (CSP) was mapped onto the crystal structure of FNR 

(PDB/1GAQ) in the presence of wild-type (A), S43W (B), and S43D Fd (C). The color code represents as follows: 

Red, CSP  0.14; orange, 0.14  CSP  0.07; light green, CSP  0.07. The unassigned residues due to ambiguity of 

assignments are shown by pink. 
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Fig. S5. Modeled wild-type Fd:FNR complexes.  

The complex structures of wildtype Fd and FNR predicted by a docking simulation with HADDOCK in combination 

with NMR data are shown. Wild-type Fd and FNR are shown by green and gray, respectively. The likelihood of 

complex structures among 40 complexes obtained is this order of Complex (1st)  Complex (5th)  Complex (9th)  

Complex (13th)  Complex (17th)  Complex (21th)  Complex (25th)  Complex (29th)  Complex (33th). The 

modeled structure of Complex (1th) is used in Figure 6. 
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Fig. S6. Modeled S43W Fd:FNR complexes.  

The complex structures of S43W Fd and FNR predicted by a docking simulation with HADDOCK in combination with 

NMR data are shown. S43W Fd and FNR are shown by blue and gray, respectively. The likelihood of complex 

structures among 40 complexes obtained is this order of Complex (1st)  Complex (5th)  Complex (9th)  Complex 

(13th)  Complex (17th)  Complex (21th)  Complex (25th)  Complex (29th)  Complex (33th). The modeled 

structure of Complex (1th) is used in Figure 6. 
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Fig. S7. Modeled S43D Fd:FNR complexes.  

The complex structures of S43D Fd and FNR predicted by a docking simulation with HADDOCK in combination with 

NMR data are shown. S43D Fd and FNR are shown by red and gray, respectively. The likelihood of complex 

structures among 40 complexes obtained is this order of Complex (1st)  Complex (5th)  Complex (9th)  Complex 

(13th)  Complex (17th)  Complex (21th)  Complex (25th)  Complex (29th)  Complex (33th). The modeled 

structure of Complex (1th) is used in Figure 6. 
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Chapter 3  

 

Energetic basis on interactions between ferredoxin and 

ferredoxin NADP+ reductase at varying physiological 

conditions. 
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Abstract 

In spite of a number of studies to characterize ferredoxin (Fd):ferredoxin NADP+ reductase (FNR) interactions at 

limited conditions, detailed energetic investigation on how these proteins interact under near physiological conditions and its 

linkage to FNR activity are still lacking. I herein performed systematic Fd:FNR binding thermodynamics using isothermal 

titration calorimetry (ITC) at distinct pH (6.0 and 8.0), NaCl concentrations (0-200 mM), and temperatures (19-28C) for 

mimicking physiological conditions in chloroplasts. Energetically unfavorable endothermic enthalpy changes were 

accompanied by Fd:FNR complexation at all conditions. This energetic cost was compensated by favorable entropy changes, 

balanced by conformational and hydrational entropy. Increases in the NaCl concentration and pH weakened interprotein 

affinity due to the less contribution of favorable entropy change regardless of energetic gains from enthalpy changes, 

suggesting that entropy drove complexation and modulated affinity. Effects of temperature on binding thermodynamics were 

much smaller than those of pH and NaCl. NaCl concentration and pH-dependent enthalpy and heat capacity changes provided 

clues for distinct binding modes. Moreover, decreases in the enthalpy level in the Hammondʼs postulate-based energy 

landscape implicated kinetic advantages for FNR activity. All these energetic interplays were comprehensively demonstrated 

by the driving force plot with the enthalpy-entropy compensation which may serve as an energetic buffer against outer stresses. 

I propose that high affinity at pH 6.0 may be beneficial for protection from proteolysis of Fd and FNR in rest states, and 

moderate affinity at pH 8.0 and proper NaCl concentrations with smaller endothermic enthalpy changes may contribute to 

increase FNR activity. 

 

 

1. Introduction 

 

Enzymes function through not only physical binding reactions between enzymes and binding partners including 

substrates but also catalysis of chemical reactions in enzymes. Thus, the binding reaction of enzymes with partner molecules, 

i.e., complex formation, is the most underlying process for enzymatic activity [1,2,3,4]. Formation of complexes and 

molecular recognition depend on environmental conditions such as ionic strength, temperature, pH, or crowders [2,3,4,5,6]. 

Decreases in the intermolecular binding affinity or the alternation of the binding mode due to changes in ambient conditions 

and mutation often leads to inactivation of enzymes without the impairment of intrinsic catalytic power of enzymes [3,4,6]. 

All of intermolecular interactions including protein complex formation are controlled by thermodynamics. Thus, 
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thermodynamics provide useful information on the formation of protein complexes for enzymatic activity depending on 

conditions. Isothermal titration calorimetry (ITC) is the most efficient approach to thermodynamically investigate binding 

systems at diverse conditions by taking advantages of direct detection of reaction heat [2,3,4,7,8,9]. 

I previously examined binding thermodynamics between ferredoxin (Fd) and either ferredoxin-NADP+ reductase (FNR) 

[2,3,10,11] or sulfite reductase (SiR) [4] using ITC at limited conditions. Fd:FNR and Fd:SiR complex formation have shown 

similar interprotein affinity with distinct favorable driving forces, which indicated the importance of ITC-based 

thermodynamics to reveal binding properties in solution. 

In order to improve our understanding on how Fd and Fd-dependent enzymes such as FNR, SiR, nitrite reductase, or 

glutamate synthase [12,13] interact energetically for enzyme activity, I herein performed in-depth thermodynamic study on 

the complex formation between Fd and FNR from derived from maize leaf using ITC at biologically relevant conditions. 

Fd is a small acidic electron-carrying proteins and distributes electrons to many enzymes [12]. FNR is a relatively large 

multi-domain enzyme and catalyzes the reduction of NADP+ to NADPH for the Calvin cycle during photosynthesis using 

electrons transferred from Fd [2,3,5,10,11,14,15]. Thus, the formation of an electron transfer complex between Fd and FNR 

is a prerequisite for FNR activity. In our previous studies, it was revealed that one Fd bound to one FNR using X-ray 

crystallography, analytical ultracentrifugation, solution NMR spectroscopy, and ITC [2,3,14,15]. Fd and FNR provide an 

excellent in vitro model system for examining binding thermodynamics at physiologically relevant experimental conditions 

because two proteins interact in the chloroplast stroma where pH, ionic strength, and temperature vary [4,15,16,17,18]. 

I describe ITC-based thermodynamics on Fd:FNR complex formation at changing pH, NaCl concentration, and 

temperature for mimicking physiological environments, and discuss how energetic interplay in response to external stresses 

plays a role in the Fd:FNR interaction and FNR activity. The current study will be particularly useful for energetic insights 

into electron transfer complex formation and their relation to enzyme function. 

 

 

2. Materials and Methods 

 

2.1. Preparation of Fd and FNR 
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Recombinant Fd and FNR from the maize leaf were overexpressed in Escherichia coli strain JM109 and TG1 cells, 

respectively, at 37 ºC using Luria-Bertani medium. Detailed methods for purification of Fd and FNR are described in the 

supplementary data. 

 

2.2. Isothermal titration calorimetry (ITC) measurements 

Protein solutions were dialyzed against 20 mM sodium phosphate buffer (pH 6.0) or 50 mM Tris-HCl (pH 8.0) and 

degassed for 3 min before being loaded into the calorimeter. Calorimetric experiments were performed with a PEAQ-ITC 

instrument (Malvern Instruments, UK) at the various temperature (19, 22, 25, and 28 C) and the NaCl concentration (0, 30, 

60, 100, and 200 mM) at pH 6.0 and 8.0. Fd at 1-2 mM in the injection syringe was titrated into 50 µM FNR in the ITC cell. 

Titration experiments consisted of 19 or 27 injections spaced at intervals of 100 sec. The injection volume was 0.1 or 1.5 μL 

and the cell was continuously stirred at 750 rpm. Differential power was set to 5 cal sec-1. Thermodynamic parameters were 

calculated as described in the supplementary data. 

 

 

3. Results and Discussion 

 

3.1. Observation of heat for the Fd:FNR complex formation by ITC 

I performed systematic ITC measurements for complex formation between oppositely-charged Fd and FNR (Fig. S1) at 

pH 6.0 and 8.0 by increasing the NaCl concentration from 0 to 200 mM and temperature from 19 to 28C (Figs. 1 and S2). 

All of ITC thermograms for Fd titration to FNR showed positive ITC peaks and their saturation to the level of small heat of 

dilution, which suggested that Fd bound to FNR by uptaking of heat, i.e., an endothermic reaction, and Fd:FNR binding ended 

within the molar ratio set (Figs. 2 and S3). Observed endothermic heat was susceptible to the change in conditions. The 

increase in the NaCl concentration or pH decreased the magnitude of endothermic heat although temperature change caused 

slight variation of the amplitude of heat. 
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Fig. 1. ITC thermograms of Fd titration to FNR at various conditions. 

ITC thermograms of the titration of Fd to FNR obtained at 19 (A, C, E, G, I, K, M, O, Q, and S), 28C (B, D, F, H, J, 

L, N, P, R, and T) under distinct pH values (pH 6.0 (A, B, E, F, I, J, M, N, Q, and R) and 8.0 (C, D, G, H, K, L, O, P, 

S, and T)) in the presence of 0 (A-D), 30 (E-H), 60 (I-L), 100 (M-P), and 200 mM NaCl (Q-T). 
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Fig. 2. Fd:FNR binding isotherms obtained using ITC at various conditions. 

Fd:FNR binding isotherms obtained at 19 (A, C, E, G, I, K, M, O, Q, and S), 28 C (B, D, F, H, J, L, N, P, R, and T) 

under distinct pH values (pH 6.0 (A, B, E, F, I, J, M, N, Q, and R) and 8.0 (C, D, G, H, K, L, O, P, S, and T)) in the 

presence of 0 (A-D), 30 (E-H), 60 (I-L), 100 (M-P), and 200 mM NaCl (Q-T). Fit curves based on one-to-one and 

one-to-two binding models between Fd and FNR are shown with solid and dotted lines. Normalized values and fit 

curves in O, Q, and R magnified are shown in insets. 
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3.2. Energetic cost of enthalpy for complex formation and its possible biological role 

The enthalpy change (Hbind) for the Fd:FNR complex formation was first calculated, which is one of the two driving 

forces, H and the change in entropy (S). As expected from upward ITC peaks, positive Hbind for endothermic complex 

formation was obtained at all conditions. Hbind values depended on the conditions and ranged from 2 to 30 kJ mol-1 (Fig. 

3A, B and Tables S1, S2). Thermodynamic analyses at pH 8.0 and all temperature in the presence of 200 mM NaCl were 

hampered by gradual decreases in heat with small magnitudes. 

These results indicated obviously that enthalpy is thermodynamically unfavorable for the complex formation. The 

increase in the NaCl concentration and pH decreased the magnitude of positive Hbind, indicating that disadvantageous 

enthalpic contributions became energetically preferable at higher NaCl concentrations and pH. The variation in Hbind 

depending on temperature was small, which indicated that enthalpy for the complex formation responds more sensitively to 

the NaCl concentration and pH than temperature.  

Fig. 3. Thermodynamic parameters of the formation of the Fd:FNR complex at various conditions. 

The change in enthalpy (Hbind) (A and B), entropy (Sbind) (C and D), heat capacity (Cp,bind) (E and F), and Gibbs 

free energy (Gbind) (G and H) at pH 6.0 (A, C, E, and G) and 8.0 (B, D, F, and H) were plotted against the 

temperature. Data obtained at distinct NaCl concentrations are represented with the color code. In A and B, fitted 

curves for Cp,bind are indicated with straight lines. Dotted lines in C-H were drawn for showing comprehensively a 

trend in changes. 
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I consider a biological role of enthalpy and endothermic Fd:FNR complexation as follows. First, from the viewpoint of 

thermodynamics, a positive enthalpy change is an inhibitor for the complex formation which in turn blocks the interprotein 

electron transfer for FNR activity. However, enthalpy may play a role in tuning of the conformation or configuration of a 

protein complex (e.g., orientation of each protein in a complex) for enzymatic activity in the NaCl concentration or pH-

dependent way (Fig. 4A and C, right cartoon) as enthalpy reflects heat responsible for direct molecular contacts at protein 

interfaces including formation of intermolecular hydrogen bonds and salt bridges as well as van der Waals interactions. 

The concept of energetic tuning is also supported by the distinct value and sign of the change in heat capacity (Cp) at 

the distinct NaCl concentration and pH (refer to the next section) (Fig. 4A and C, right cartoon) and by our previous 

thermodynamic studies on interactions of Fd with its partner enzymes [2,3,4]. Strong electrostatic interactions between 

molecules are readily expected to be an exothermic reaction. Thus, interactions between negatively-charged Fd and positively-

charged patches of FNR [2,3,14,19] or SiR [6] (Fig. S1) were both expected to be exothermic. However, the binding of the 

same Fd to FNR or SiR, even with similar binding sites of Fd [4,6,14,20], resulted in an opposite sign of Hbind: endothermic 

Fd:FNR complex formation (Tables S1 and S2) [2,3] and exothermic Fd:SiR complex formation [4], indicating that enthalpy 

is a sensitive energetic probe for detecting even subtle differences in binding modes. 

Second, in order to relate thermodynamics to kinetics for enzymatic function, the Hammondʼs postulate-based energy 

landscape was constructed (Fig. 4A and C). This hypothesis provided that, in an endothermic reaction, the energy level of 

Fd:FNR complex is higher than that in free states in terms of thermodynamics, and the high activation energy barrier for 

complexation exists in terms of kinetics. As the NaCl concentration (Fig. 4A) or pH (Fig. 4C) increases, the extent of positive 

Hbind and activation energy (Ea) diminishes (Fig. 4A and C, middle) with distinct final complex configurations due to tuning 

as mentioned above (Fig. 4A and C, right cartoon). Hence, the association rate between Fd and FNR may become faster due 

to the decrease in Ea, which may enhance overall activity of FNR at pH 8.0 and higher NaCl concentrations since faster 

association between electron transport proteins has shown to increase electron transfer rates [21]. 

However, it should be noted that tuning and kinetic effects are only valid when interprotein affinity is recognizable since 

too high pH and NaCl concentrations disturb significantly binding events themselves. 
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Fig. 4. Hammondʼs postulate-based energy landscape and driving force plot for the Fd:FNR complex 

formation. 

(A and C) Energy landscapes based on the Hammondʼs postulate at pH 6.0 with (red landscape) and without 200 

mM NaCl (blue landscape) (A) and at pH 6.0 (blue landscape) and 8.0 without NaCl (green landscape) (C) are 

shown. Fd and FNR in free states (left) and the Fd:FNR complex (right) are schematically represented. Distinct 

binding modes of complexes at each condition are also illustrated. Signs of Cp are shown based on values obtained 

from ITC measurements (Tables S1 and S2). In A, Ea, 0 mM and Ea, 200 mM represent the activation energy at 0 and 200 

mM NaCl, respectively. H0 mM and H200 mM indicate endothermic enthalpy changes at 0 and 200 mM NaCl, 

respectively. In C, Ea, pH 6.0 and Ea, pH 8.0 represent the activation energy at pH 6.0 and 8.0, respectively. HpH 6.0 and 

HpH 8.0 indicate endothermic enthalpy changes at pH 6.0 and 8.0, respectively, without NaCl. (B and D) Driving 

forces for Fd:FNR complex formation at pH 6.0 (closed symbols) (B) and 8.0 (open symbols) (D) with various NaCl 

concentration and temperature were plotted. Diagonal broken lines indicate Gbind of -35, -30, -25, and -20 kJ mol-1 

(from the left line). Increases and decreases in affinity are also colored by green and orange, respectively, inside the 

panel. Favorable and unfavorable directions for complexation are shown with F and U, respectively, outside the 

panel. In B, the change in affinity at pH 6.0 and 25C on increasing NaCl concentration from 0 to 200 mM is 

energetically explained with guidance of dotted line and arrow. 
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3.3. Heat capacity change reflects binding modes between Fd and FNR 

Cp is also a key thermodynamic parameter which provides information on interprotein interactions since Cp in a 

biomolecular system is mostly interpreted by the change in the accessible surface area (ASA) buried on protein complex 

formation [2,3,6,7,8,22]. The burial of polar and apolar ASA has been considered to increase and decrease Cp, respectively. 

Although this is not always applicable to protein-protein interaction systems, the sign and magnitude of Cp are still useful 

criteria for comparing binding modes between proteins at different conditions. 

I obtained Cp,bind for Fd:FNR binding (Tables S1 and S2) from the linear dependence of H against temperature (Fig. 

3A and B). Cp,bind changed dynamically and ranged from -0.75 to 0.21 kJ mol-1 K-1 (Fig. 3E and F). At pH 6.0 with increasing 

the NaCl concentration, negative Cp,bind decreased its magnitude and was converted to a positive value over 100 mM NaCl 

(Fig. 3E). Although the magnitude of Cp,bind was different, a similar response of Cp,bind to the NaCl perturbation was also 

detected at pH 8.0 (Fig. 3F). 

These thermodynamic findings implicated that structural rearrangements at interfaces in the Fd:FNR complex may occur 

because the same binding modes with the same ASA should show the same Cp,bind values. Therefore, distinct binding modes 

at the different NaCl concentration and pH (Fig. 4A and C, right cartoon) were expected as described in the previous section, 

which may be involved in the control of overall FNR activity since the complex configuration affects electron transport rates 

[23] and enzyme activity [4]. 

 

3.4. Purely entropy-driven formation of the Fd:FNR complex through the balance between protein flexibility 

and dehydration 

Complex formation and affinity are limited by the change in Gibbs free energy (G), which is balanced by H and 

(-)TS. Due to energetically unfavorable positive H for the complex formation at all conditions, Fd:FNR complex formation 

was expected to be driven by only positive Sbind. Indeed, Sbind was all positive (Fig. 3C, D and Tables S1, S2) and TSbind 

ranged from 29 to 58 kJ mol-1, demonstrating that Sbind overcame energetically disfavored Hbind and stabilized the 

Fd:FNR complex with generating negative Gbind (Fig. 3G, H and Tables S1, S2). Negative Gbind decreased its degree upon 

the increase in the NaCl concentration and pH and no significant temperature dependence was observed (Fig. 3G and H). The 

entropic contribution to complex formation was more prominent at the lower pH and the NaCl concentration. There were also 

no significant temperature dependences in TSbind although slight decreases in TSbind at pH 6.0 were observed at 0 and 30 

mM NaCl concentrations (Fig. 3C). 
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In order to clarify entropic roles in more detail, I dissected the net S (Sbind) directly obtained from ITC measurements 

to the three S terms [2], the change in mixing (mixSbind), dehydration (dehydSbind), and conformation (confSbind) (Fig. S4 and 

Tables S3, S4). Since the Fd:FNR complex formation decreases the number of molecules in a system, (T)mixSbind values were 

negative and energetically unfavorable (Tables S3 and S4). Meanwhile, the contribution of (T)dehydSbind, which reflects the 

change in the number of free water [2], and (T)confSbind, which is responsible for the change in protein dynamics [2,24], was 

largely dependent on the NaCl concentration and pH (Fig. S4A and B). (T)dehydSbind and (T)confSbind at pH 6.0 showed larger 

distribution than those at pH 8.0. Positive (T)dehydSbind at pH 6.0 was changed to negative values over 100 mM NaCl. 

(T)confSbind was found to be positive at both pH except for negative (T)confSbind at 0 and 60 mM NaCl and pH 6.0 (Fig. S4C 

and D). Unfavorable changes of (T)dehydSbind at increasing NaCl concentrations were compensated by favorable changes of 

(T)confSbind. 

These findings suggested that entropic contributions of protein dynamics are essential for forming the Fd:FNR complex 

together with water detached from Fd and FNR on complexation, and revealed the entropic crosstalk between water and 

protein dynamics under varying NaCl and H+ amounts. Information on energetic roles of protein dynamics and dehydration 

obtained from ITC is markedly important with that obtained from the NMR spectroscopy [24]. 

 

3.5. Context-dependent energetic interplay characterized by the driving force plot and its biological relevance 

I have shown that the driving force plot is an understandable way to describe how driving forces contribute to G of 

complex formation particularly when many binding systems are simultaneously compared [3,4,9]. 

All Hbind and Sbind obtained at pH 6.0 (Fig. 4B) and 8.0 (Fig. 4D) under the varying NaCl concentration and 

temperature were plotted to construct the driving force plot for Fd:FNR complexation. Increases in the NaCl concentration 

and pH decreased the interprotein affinity (i.e., decreases in the magnitude of negative Gbind) by guiding unfavorable positive 

Hbind to a favorable direction (“F” in Fig. 4B and D) as well as by shifting favorable positive TSbind to an unfavorable 

direction (“U” in Fig. 4B and D), which suggests that entropy is an energetic modulator for affinity. Meanwhile, effects of the 

change in temperature on affinity and driving forces were minimal as shown in clustering of data points with the same colors. 

Interestingly, driving forces were not distributed vertically or transversely. They lay between Gbind lines of -25 and -35 

kJ mol-1 with strong positive correlations (R = 0.99 and p  0.01 at pH 6.0; R = 0.93 and p  0.01 at pH 8.0) (Fig. S5) as a 

result of the enthalpy-entropy compensation. Energetic adaptation to keep the enthalpy-entropy compensation against the 

change in environmental conditions may produce these correlations. Therefore, the enthalpy-entropy compensation may act 
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as an energetic buffer although too strong perturbation breaks this compensating capacity as observed at pH 8.0 in the presence 

of 200 mM NaCl. 

I discuss thermodynamic findings and functions of Fd and FNR based on physiological situations. The change in pH was 

the most effective perturbation to alter the affinity and thermodynamic properties than the other exterior stresses within the 

range of the current study. NaCl was more effective than temperature. At pH 6.0 which corresponds to night where no 

photosynthesis occurs [17], FNR activity is low and Fd and FNR are both in rest states [15]. I speculate that the formation of 

the stable complex (i.e., high affinity) at pH 6.0 with Gbind of -30 kJ mol-1 is beneficial from proteolysis. Intrinsically 

disordered N-terminal region of FNR, susceptible to proteolysis in the chloroplast stroma [25], may be particularly protected 

as intrinsically disordered proteins form complexes with binding partners to avoid proteolysis [26]. 

Meanwhile, on a pH increase to 8.0, Fd sequestered by FNR through a strong affinity may be released by a decreased 

affinity (less than -30 kJ mol-1 in magnitude) due to entropy losses by 10-20 kJ mol-1 in spite of enthalpy gains of 10-

15 kJ mol-1. At pH 7.0-8.0 which is a daytime condition [17], Fd and FNR are active for photosynthesis [15]. Thus, 

moderately weak interprotein interactions would be advantageous for not only the turnover rate of FNR but also electron 

distribution by Fd to various Fd-dependent enzymes in chloroplasts [12]. Smaller endothermic enthalpy changes at pH 8.0 

(Fig. 4C) than at pH 6.0 by 10-15 kJ mol-1 would contribute kinetically to FNR activity. 

Daily and seasonal temperature differences [18] may influence binding affinity although no significant change in affinity 

was detected in ranging from 19 to 28 C. Increases in the NaCl concentration at pH 6.0 still showed relatively strong affinity; 

however, increasing NaCl concentration to 200 mM at pH 8.0 weakened markedly interactions between Fd and FNR. It is 

conceivable that moderate NaCl concentrations less than 200 mM at pH 8.0 is more effective for enhancing FNR activity as 

a result of optimized kinetics and complex configuration as observed in a bell-shaped SiR activity and a monotonic decrease 

in Fd:SiR affinity depending on the increase in the NaCl concentration [4]. Too strong or weak interprotein interactions would 

not be effective for enzymatic interactions. 
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Supplementary information 

Supplementary Results and Discussion 

 

Weak and strong interactions between Fd and FNR where electrostatic interactions are strong. 

In order to obtain thermodynamic parameters for the Fd:FNR complex formation, I analyzed almost all data using the 

one-to-one binding stoichiometry. Interestingly, however, at pH 6.0 with the low ionic strength and temperature at 0 mM NaCl 

and 19-28C as well as at 30 mM NaCl and 19-22C, binding isotherms were best fit to a two-site binding model (Figs. 2A, 

B, E and S3A, B, E), which indicated that FNR accommodates two binding sites for Fd. Strong and weak binding were both 

endothermic in nature, thus, Hbind values ranged from 6.9 and 25.5 kJ mol-1 for weak binding and from 28.4 and 33.0 kJ mol-

1 for strong binding (Table S1). Thus, complexes were purely driven by positive entropy changes with showing 39.5-72.7 kJ 

mol-1. 

Electrostatic interactions between negatively-charged residues in Fd and positively-charged residues in the N-terminal 

part of FNR are most likely ascribed to the generation of a weak binding. The long N-terminal part (40 a.a.) is intrinsically 

disordered and contains several positively-charged residues conserved among species such as lysine residues at positions 15, 

17, 18, 21, 22, and 35. I previously demonstrated that these charged N-terminal residues in FNR are also important for 

interactions with Fd [2]. 

Since increasing the salt concentration and temperature weakens electrostatic interactions, the weak binding involved 

in an N-terminal part becomes abolished by the addition of NaCl more than 30 mM at higher temperatures than 25C. I 

observed similar interactions between Fd and sulfite reductase (SiR), one of Fd-dependent enzymes, using ITC [1]. At the 

low ionic strength, ITC results revealed that several small Fd molecules (11 kDa) interacts weakly and strongly with one 

large SiR (66 kDa) through attractive electrostatic interactions. Increasing a NaCl concentration from 0 to 25 mM led to the 

dissociation of Fd from weak binding sites on SiR due to wakened intermolecular electrostatic forces. 
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Supplementary Table 

 

Table S1. Summary of thermodynamic parameters of Fd:FNR complex formation at pH 6.0. 

NaCl 

(mM) 

Temperature 

( ˚C) 

Kd 

(M) 

Hbind 

(kJ mol-1) 

TSbind 

(kJ mol-1) 

Gbind 

(kJ mol-1) 

Cp,bind 

(kJ mol-1 K-1) 

0 

19 

a2.2 a25.9 a57.5 a-31.6 

-0.67 

b0.7 b11.8 b46.3 b-34.5 

c0.1 c33.0 c72.7 c-39.7 

22 

a1.6 a24.5 a57.2 a-32.7 

b0.6 b11.6 b46.7 b-35.1 

c0.05 c28.4 c69.8 c-41.4 

25 

a2.2 a22.5 a54.8 a-32.3 

b0.4 b9.6 b46.3 b-36.7 

c0.05 c31.1 c72.6 c-41.5 

28 

a2.0 a19.8 a52.7 a-32.8 

b0.4 b8.1 b45.0 b-36.9 

c0.06 c28.4 c70.3 c-41.9 

30 

19 

a1.4 a25.2 a57.8 a-32.6 

-0.75 

b1.4 b25.5 b58.2 b-32.7 

c1.43 c31.9 c64.5 c-32.6 

22 

a1.4 a24.2 a57.4 a-33.2 

b1.6 b6.9 b39.5 b-32.7 

c0.89 c31.0 c65.2 c-34.2 

25 1.8 20.4 53.1 -32.8 

28 1.4 19.0 52.8 -33.8 

60 

19 4.2 21.9 52.0 -30.0 

-0.47 
22 3.3 20.4 51.4 -31.0 

25 4.1 19.9 50.6 -30.8 

28 2.9 17.5 49.4 -31.9 

100 

19 10.5 16.1 44.0 -27.9 

-0.11 22 8.5 14.7 43.3 -28.6 

25 10.0 15.3 43.9 -28.6 
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28 11.2 14.8 43.3 -28.5 

200 

19 21.4 2.6 28.7 -26.1 

0.21 
22 35.7 4.0 29.1 -25.1 

25 15.0 3.3 30.8 -27.5 

28 41.2 5.0 30.2 -25.3 

aValues obtained using a one-to-one binding model between Fd and FNR. 

bValues at the weak binding site obtained using a one (FNR)-to-two (Fd) binding model. 

cValues at the strong binding site obtained using a one (FNR)-to-two (Fd) binding model. 
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Table S2. Summary of thermodynamic parameters of Fd:FNR complex formation at pH 8.0. 

NaCl 

(mM) 

Temperature 

( ˚C) 

Kd 

(M) 

Hbind 

(kJ mol-1) 

TSbind 

(kJ mol-1) 

Gbind 

(kJ mol-1) 

Cp,bind 

(kJ mol-1 K-1) 

0 

19 2.7 11.7 42.8 -31.1 

-0.18 
22 3.3 11.4 42.4 -31.0 

25 4.0 12.4 43.2 -30.8 

28 2.8 9.6 41.6 -32.0 

30 

19 5.2 9.3 38.7 -29.5 

-0.10 
22 4.6 9.3 39.4 -30.1 

25 5.6 9.5 39.4 -30.0 

28 4.3 8.2 39.2 -31.0 

60 

19 19.5 9.5 35.8 -26.3 

0.08 
22 15.3 9.1 36.3 -27.2 

25 15.8 9.5 36.9 -27.4 

28 16.9 10.1 37.8 -27.7 

100 

19 13.8 3.4 30.6 -27.2 

0.02 
22 13.5 3.2 30.6 -27.4 

25 10.4 3.0 31.4 -28.4 

28 13.3 3.6 31.8 -28.1 
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Table S3. Dissection of entropy changes for Fd:FNR complex formation at pH 6.0. 

NaCl 

(mM) 

Temperature 

( ˚C) 

TmixSbind 

(kJ mol-1) 

TdehydSbind 

(kJ mol-1) 

TconfSbind 

(kJ mol-1) 

0 

19 -9.8 73.4 -6.2 

22 -9.9 71.4 -4.4 

25 -10.0 69.4 -4.7 

28 -10.1 67.4 -4.7 

30 

19 -9.8 82.4 -14.8 

22 -9.9 80.2 -12.9 

25 -10.0 77.9 -14.8 

28 -10.1 75.7 -12.8 

60 

19 -9.8 51.1 10.6 

22 -9.9 49.7 11.5 

25 -10.0 48.4 12.3 

28 -10.1 47.0 12.5 

100 

19 -9.8 12.2 41.6 

22 -9.9 11.9 41.4 

25 -10.0 11.5 42.4 

28 -10.1 11.2 42.2 

200 

19 -9.8 -23.2 61.7 

22 -9.9 -22.6 61.6 

25 -10.0 -21.9 62.7 

28 -10.1 -21.3 61.6 

TSbind and TmixSbind were calculated based on results of direct ITC measurements and entropy of mixing, respectively. TdehydSbind 

was obtained using the change in heat capacity (Cp) and the relationship, dehydSbind = 1.35Cpln(T/386) [3], where R is the gas 

constant and T is the absolute temperature. TconfSbind was calculated using the relationship [3], TSbind = TmixSbind  TdehydSbind  

TconfSbind with known values of TSbind, TmixSbind, and TdehydSbind. 
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Table S4. Dissection of entropy changes for Fd:FNR complex formation at pH 8.0. 

NaCl 

(mM) 

Temperature 

( ˚C) 

TmixSbind 

(kJ mol-1) 

TdehydSbind 

(kJ mol-1) 

TconfSbind 

(kJ mol-1) 

0 

19 -9.8 19.5 33.0 

22 -9.9 19.0 33.2 

25 -10.0 18.5 34.7 

28 -10.1 17.9 33.7 

30 

19 -9.8 11.2 36.2 

22 -9.9 10.9 37.6 

25 -10.0 10.6 38.4 

28 -10.1 10.3 39.0 

60 

19 -9.8 -8.6 53.1 

22 -9.9 -8.4 53.9 

25 -10.0 -8.1 54.7 

28 -10.1 -7.9 55.8 

100 

19 -9.8 -2.2 41.6 

22 -9.9 -2.1 42.0 

25 -10.0 -2.1 43.2 

28 -10.1 -2.0 43.9 

Sbind and TmixSbind were calculated based on results of direct ITC measurements and entropy of mixing, respectively. 

TdehydSbind was obtained using the change in heat capacity (Cp) and the relationship, dehydSbind = 1.35Cpln(T/386) [3], 

where R is the gas constant and T is the absolute temperature. TconfSbind was calculated using the relationship [3], TSbind = 

TmixSbind  TdehydSbind  TconfSbind with known values of TSbind, TmixSbind, and TdehydSbind. 
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Supplementary Figure 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Fig. S1. Crystal structures of Fd and FNR in free and complex states. 

Three dimensional structures of Fd (1GAW) (A) and FNR (1GAW) (B) in free states and the Fd:FNR complex (1GAQ) 

(C) are shown with space-filling models [4]. Positive and negative electrostatic surface potentials are colored in blue 

and red, respectively. Binding sites on Fd for FNR and on FNR for Fd are indicated with broken circles in each free 

structure. FNR-bound Fd is also indicated using the broken circle in C. 
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Fig. S2. ITC thermograms of Fd titration to FNR at various conditions. 

ITC thermograms of the titration of Fd to FNR obtained at 22 (A, C, E, G, I, K, M, O, Q, and S), 25C (B, D, F, H, J, L, 

N, P, R, and T) under distinct pH values (pH 6.0 (A, B, E, F, I, J, M, N, Q, and R) and 8.0 (C, D, G, H, K, L, O, P, S, and 

T)) in the presence of 0 (A-D), 30 (E-H), 60 (I-L), 100 (M-P), and 200 mM NaCl (Q-T).  
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Fig. S3. Fd:FNR binding isotherms obtained using ITC at various conditions.  

Fd:FNR binding isotherms obtained at 22 (A, C, E, G, I, K, M, O, Q, and S), 25C (B, D, F, H, J, L, N, P, R, and T) under 

distinct pH values (pH 6.0 (A, B, E, F, I, J, M, N, Q, and R) and 8.0 (C, D, G, H, K, L, O, P, S, and T)) in the presence of 

0 (A-D), 30 (E-H), 60 (I-L), 100 (M-P), and 200 mM NaCl (Q-T). Fit curves based on one-to-one and one-to-two binding 

models between Fd and FNR are shown with solid and dotted lines. Normalized values and fit curves in Q and R 

magnified are shown in insets. 
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Fig. S4. Hydrational and conformational entropy changes upon Fd:FNR complex formation at various 

conditions. 

Entropy change in hydration (TdehydSbind) in pH 6.0 (A) and 8.0 (B) and conformation (TconfSbind) in pH 6.0 (C) and 8.0 

(D) were plotted against temperature. Data obtained at distinct NaCl concentrations are represented with the color code. 

Dotted straight lines were drawn for indicating comprehensively a trend in changes. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Fig. S5. Correlation between enthalpy changes and entropy changes. 

Correlation coefficient (R) and significance (p) for the enthalpy-entropy compensation at pH 6.0 (A) and 8.0 (B) are 

shown. 
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Chapter 4  

 

Energy landscapes of amyloid formation of 2-microglobulin. 
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Abstract 

Misfolding-induced amyloid formation has shown to be responsible for more than 40 deleterious disorders. Amyloid 

structures and underlying mechanisms of amyloidogenesis have been increasingly revealed; however, the study on amyloid 

formation in terms of thermodynamics, kinetics, and polymorphism with a simple and effective method remains largely 

limited. 

Thus, in order to have insights into amyloid generation based on thermodynamics and kinetics, I herein performed 

thermodynamic and kinetic studies on amyloid fibril formation of 2-microglobulin (2m), which is a causative protein of 

dialysis-related amyloidosis, using isothermal titration calorimetry (ITC). All ITC isotherms at various temperatures, stirring 

speeds, and concentrations of crowders showed exothermic reactions after lag phase. 2m solution following ITC experiments 

exhibited high ThT fluorescence, far-UV CD spectra of cross- structures, and fibrillar aggregates in AFM images, indicating 

that exothermic heat was ascribed to the spontaneous formation of 2m amyloid fibrils. 

Detailed analyses of ITC peaks produced thermodynamic and kinetic parameters of nucleation-dependent amyloid 

fibrillation. Negative values of the enthalpy change (H), which thus indicated enthalpy-driven amyloid formation, were 

estimated at all conditions and the heat capacity change was obtained temperature-dependent H. Rate constants as well as 

activation energy of nucleation and fibril elongation were also estimated. Enhanced shear force by stirring caused the increase 

in the magnitude of negative H and promoted nucleation without affecting elongation kinetics. The addition of ficoll also 

increased the magnitude of negative H and accelerated nucleation in a dose-dependent manner although fibril growth 

adversely slowed down. These results indicated the formation of amyloid fibrils which were thermodynamically and 

kinetically distinguishable, namely polymorphic amyloidogenesis, which was not discriminated by ThT fluorescence, CD 

spectra, AFM analyses. 

Energy landscape of spontaneous 2m amyloid generation was constructed by incorporating thermodynamic and kinetic 

parameters and was comprehensively compared to that of 2m folding. Polymorphic energy landscape well illustrated that 

different packing density in fibril cores produced thermodynamically and structurally distinct amyloid fibrils with the kinetic 

control of amyloid formation by nucleation and elongation. I finally suggest that state-of-the-art application of ITC to protein 

misfolding and aggregation provides us unprecedented opportunity to improve our understanding of amyloidogenesis. 
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1.  Introduction 

 

Soluble proteins in native states are functional and major players for countless biological and cellular processes. Nature 

has evolved to keep proteins functional and soluble by efficient clearance of misfolded and aggregated proteins and to aid to 

make misregulated proteins correctly folded to native structures in terms of homeostasis [1, 2]. However, errors and failure in 

the quality control, which become frequent and serious with aging and stresses, often lead to protein misfolding and concurrent 

aggregation [2]. Deposition of insoluble protein aggregates and aggregation process themselves cause a number of diseases, 

so-called protein misfolding disease, and dysfunction of proteins by damaging organelles, cells, tissues, and organs. 

    Proteins aggregates are largely classified to fibrillar aggregates and amorphous aggregates based on morphology, 

structure, and kinetic processes [3-5]. Amyloid fibrils are best studied protenious fibrillar aggregates as they have been 

strongly implicated to many diseases such as neurodegenerative disorders including Alzheimer`s and Parkinson`s diseases 

and amyloidosis such as dialysis-related amyloidosis [6]. Mature amyloid fibrils consist of several protofillaments containing 

-sheets as revealed by several biophysical methods including solid-state NMR spectroscopy, X-ray crystallography, atomic 

force microscopy (AFM), and (cryo)-electron microscopy (EM). -sheets are predominantly stabilized by a number of 

intermolecular hydrogen bonds among constituent monomers. 

    On the other hand, amorphous aggregates show mostly globular and spherical morphologies without specific structures 

although internal secondary structures of -strands are observed to some extent [3-5]. Thus, toxic or non-toxic oligomers 

are often classified to amorphous aggregates. Curve-linear protofibrils, also referred to as immature fibrils, are fibrillar 

aggregates, and display shared properties of mature amyloid fibrils and amorphous aggregates. Three-dimensional crystals of 

correctly-folded native proteins tend to be excluded from the definition of protein aggregates since they are not closely related 

to pathogenesis. 

    Protein aggregates are also categorized according to apparent kinetics of self-assembling processes [3-5]. Amyloid fibrils 

form through two-step reactions and they grow rapidly after productive nucleation which produces the lag time while, in most 

cases, amorphous aggregation occurs without the appreciable lag time. Context-dependent nucleation induces multiple types 

of amyloid fibrils, i.e., polymorphs of amyloid fibrillation. A series of innovative studies have suggested that solubility and 

supersaturation are fundamental factors in understanding protein aggregation [3-5, 7]. Proteins over the solubility limit must 

form insoluble aggregates such as amyloid fibrils from the thermodynamic point of view. However, apparently soluble 

proteins prior to the phase transition to insoluble solid states are often detected due to kinetic trapping by the metastability of 
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supersaturation, which is certainly linked to the cause and effect relationship with the nucleation and lag time[3, 4, 7]. Outer 

factors such as biological membranes, hydrophobic surfaces, or agitation/cavitation have shown to promote amyloid formation 

by disrupting the metastability of supersaturation [8, 9]. 

    Thus, although detailed thermodynamic and kinetic studies are expected to reveal underlying and general natures of 

amyloid generation, knowledge and information are largely limited compared to extensive studies of protein (un)folding and 

stability due mainly to experimental difficulties coming from huge sizes and heterogeneity of amyloid fibrils [10, 11]. 

Supramolecular assemblies of amyloid fibrils often hamper the application of a lot of key biophysical methods such as solution 

NMR spectroscopy and hydrodynamics. Furthermore, the application of calorimetry such as differential scanning calorimetry 

(DSC), which has been recognized as the most powerful approach to studying thermodynamics of globular proteins, did not 

meet the demand of convincing results [12, 13]. Polymorphs of amyloid fibrillation in sample solution has been the bottleneck 

in the accurate and precise analyse and interpretation. 

    All these situations encouraged me to examine the thermodynamics and kinetics of amyloid formation and polymorphic 

natures of amyloidogenesis by using an effective and convincing methods. Lee and co-workers previously studied 

thermodynamics of protein aggregation using isothermal titration calorimetry (ITC) [14, 15]. They succeeded in estimating 

thermodynamic parameters and characterizing thermodynamic stability of aggregates formed from several amyloidogenic 

proteins and peptides against temperature[14]. Thus, based on this method, I performed in-depth ITC-based study for 

thermodynamics and kinetics of nucleation-limited amyloidogenesis of 2m under various conditions by taking advantage of 

several functions of a brand new ITC instrument, and aimed to establish the ITC-based method. I succeeded in observing heat 

accompanying amyloid formation and estimating thermodynamic and kinetic parameters. By using thermodynamic and 

kinetic parameters, I constructed the energy landscape of amyloid formation and compared it to that of 2m folding with 

description of pathogenic relevance. Polymorphic amyloid formation, which was otherwise detected using other approaches 

used in this study, was revealed by different thermodynamic and kinetic parameters and illustrated by constructing the 

comprehensive energy landscape. 
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2.  Materials and Methods 

 

2.1. Reagents and proteins 

ThT and ficoll were obtained from Wako Pure Chemical Industries Ltd. (Osaka, Japan) and all other reagents were 

purchased from Nacalai Tesque (Kyoto, Japan). Recombinant human β2-microglobulin (β2m) with an additional methionine 

residue at the N terminus was expressed in Escherichia coli and purified based on our previous study [30]. The concentration 

of β2m was determined using a molar extinction coefficient of 19,300 M−1·cm−1 a t 280 nm calculated from amino acid 

sequence data and absorbance. 

 

2.2. ITC measurements 

ITC measurements for spontaneous amyloid formation of β2m of 3.5 mg·ml−1 dissolved in 10 mM HCl solution (pH 

2.0) were carried out using a PEAQ-ITC instrument (Marvern Instrument, UK) at the desired temperatures, stirring speeds, 

and concentrations of ficoll. 2.2 μl of the 10 mM HCl solution containing 1 M NaCl in the syringe was consecutively injected 

to the β2m monomer solution in the cell after a 15 min initial delay for thermal equilibration. In order to minimize the influence 

of residual bubbles and imperfect solution filling the syringe, the first titration was conducted using 0.77 μl of solution in the 

syringe. Eleven NaCl titrations, spaced at intervals of 300 s, were performed with a duration of 1.54 s for the first titration 

and 4.4 s for the others to reach the final NaCl concentration of 100 mM. Changes in the heat flow were observed in real time 

with 10 μcal·s−1 of reference power. 

 

2.3. ThT assay 

The formation of β2m amyloid fibrils was monitored by a fluorometric assay of ThT at 37 °C. Excitation and emission 

wavelengths were 445 and 485 nm, respectively. 10 μl aliquots were taken from the ITC cell following incubation and mixed 

with 1.99 ml of 5 μM ThT in 50 mM glycine-NaOH buffer (pH 8.5). ThT fluorescence spectra were measured using a F7000 

fluorescence spectrophotometer (Hitachi, Japan). 

 

2.4. CD measurements 

Far-UV circular dichroism (CD) spectra of 0.1 mg·ml−1 β2m in 10 mM HCl solution (pH 2.5) containing 100 mM NaCl 

before and after ITC measurements at desired temperatures were obtained using a JASCO J820 spectropolarimeter (Tokyo, 
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Japan) and quartz cuvette with a 0.1-cm pathlength. A cell holder equipped with a water circulator was used to keep the 

sample temperature constant at desired temperatures. Spectra were presented as mean residue ellipticity, [] (deg cm2 

dmol−1) after subtraction of the solvent background. 

 

2.5. AFM measurements 

A 20-l aliquot of the β2m sample solution diluted to 0.1 mg·ml−1 following ITC measurements was applied to a 

mica plate. The residual solution was removed after 1 min, and the mica surface was washed twice using 200 l of water 

and dried with compressed air. AFM images were obtained using Nanoscope IIIa (Bruker, Germany). Distribution of the 

height of amyloid fibrils formed at each condition was obtained by using Igor with an in-house algorithm. 

 

 

3.  Results 

 

3.1. Monitoring and thermodynamic analyses of 2m amyloid formation using ITC at different temperatures 

Aggregation of acid-denatured 2m was traced using ITC at the various temperature and 1,000 rpm (Fig. 1A). NaCl in 

the ITC syringe was titrated to solution of 2m monomers in the ITC cell to make 2m solution supersaturated by decreasing 

the solubility of 2m monomers [16], which produced heat of dilution with sharp and intense ITC peaks. ITC baselines in the 

ITC thermograms at all temperatures were kept constant for several hours and exothermic negative ITC peaks were 

subsequently detected. No further changes in ITC thermograms were obtained, indicating the end of reaction in equilibrium. 

Apparent exothermic ITC peaks appeared early and became larger as incubation temperatures were incremented from 28 to 

40 C. 

In order to investigate the origin of exothermic heat and molecular species after incubation in the ITC cell under the 

shear force generated by ITC stirring, 2m samples were characterized using several biophysical approaches (Fig. 1B and C). 

ThT fluorescence intensities increased obviously and a number of fibrillar aggregates were observed (Fig. 1B). Far-UV CD 

spectra of unstructured 2m monomers displayed large changes with negative minima of CD signals in 210-220 nm, 

suggestive of formation of -structured molecular species (Fig. 1C). 

All these results demonstrated that nucleation-dependent spontaneous formation of -structured amyloid fibrils of 2m 

by showing exothermic heat. It was also revealed that metastability of supersaturated 2m solution was effectively disrupted 
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by agitation of ITC stirrer and thereby inducing productive nucleation of amyloidogenesis. 

Reversibility of 2m amyloid formation was confirmed using thermal denaturation of preformed 2m amyloid fibrils 

(Fig. S1). 2m amyloid fibrils melt to monomers at high temperature by showing the sigmoidal heat denaturation curve based 

on the CD intensity at 213 nm (Fig. S1A). Cooling down to 37 C where amyloid fibrils were prepared and further incubation 

restored the intensity of CD signal, suggesting that amyloid formation is a reversible process which ensured thermodynamic 

analyses(Fig. S1A). 

Thermodynamic analyses of 2m amyloidogenesis were performed after the baseline correction using our algorithm and 

normalization, which gave the change in enthalpy (H) of -328, -254, -313, -391, and -407 kJ mol-1 at 28, 31, 34, 37, and 40 

C, respectively (Fig. 1D, Table. 1). The negative value of H of 2m amyloid formation was consistent with our previous 

studies of amyloidogenic proteins and peptides [14, 15]. The change in heat capacity (Cp) of -9.8 kJ mol-1 K-1 was obtained 

from the slope of temperature dependence of H (Fig. 1D). 

 

 

 

 

 

  

Fig. 1. Isothermal calorimetric examination of 2m amyloid formation at distinct temperatures. 

(A) ITC thermograms of 2m amyloid formation at 28, 31, 34, 37, and 40 C with the stirring speed of 1,000 rpm. (B 

and C) Characterization of 2m sample solutions after incubation in ITC cells using ThT fluorescence intensities (B, 

left), AFM images (B, right), and solid lines in far-UV CD spectra (C). The scale bars in AFM images indicate 2 m. 

Far-UV CD spectra of 2m monomers at distinct temperatures before incubation are shown with broken lines in C. 

(D-F) Temperature dependence of H (D), lnkNu (E), and lnkElong (F) is shown. The solid straight line in D indicates 

the fit curve based on the relationship, Cp = H/T. (E) The fit straight lines in E and F are obtained using the 

relationship, -Ea/R = (lnk)/T. Values of Cp, Ea,Nu, and Ea,Elong are displayed in D, E, and F, respectively. 
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3.2. Monitoring and thermodynamic analyses of 2m amyloid formation using ITC at different shear forces 

In order to examine effects of shear forces which influence protein stability and aggregation on 2m aggregation, a series 

of ITC measurements at 37 C were performed by changing the speed of stirring from 600 to 1,400 rpm (Fig. 2A). At all 

stirring speeds, the similar ITC pattern in thermograms was observed: stage I. dilution heat of NaCl; stage II. lag time (no 

reaction heat); stage III. exothermic reaction; stage IV. stationary phase (no reaction heat). However, the increase in the stirring 

speed caused generally earlier and larger exothermic ITC peaks. 

Increases in ThT fluorescence and fibrillar aggregates in AFM images with far-UV CD spectra of cross- structures of 

2m solution after ITC measurements (Fig. 2B and C) suggested that amyloid formation was accompanied by release of heat. 

There was no remarkable changes in ThT fluorescence and far-UV CD spectra with the increase in the stirring speed although 

the CD spectrum obtained at 600 rpm showed the slightly distinct spectrum at different stirring speeds. Interestingly, 

thermodynamic analyses of exothermic heat revealed that the magnitude of negative H of nucleation-dependent spontaneous 

amyloid generation increased with the increase in the stirring speed. H values were estimated to -308, -399, -391, -500, and 

-561 kJ mol-1 at 600, 800, 1,000, 1,200, and 1,400 rpm, respectively (Fig. 2D). 

 

 

 

  

Fig. 2. Dependencies of the observed heat of 2m amyloid formation on the various stirring. 

(A) ITC thermograms of 2m amyloid formation at 600, 800, 1,000, 1,200, and 1,400 rpm at 37 C. (B and C) 

Characterization of 2m sample solutions after incubation in ITC cells using ThT fluorescence intensities (B, left), 

AFM images (B, right), and solid lines in far-UV CD spectra (C). The scale bars in AFM images indicate 2 m. The 

far-UV CD spectrum of 2m monomers before incubation is shown with the broken black curve in C. (D-F) Stirring 

speed dependence of H (D), lnkNu (E), and lnkElong (F) is shown. Broken straight black lines in D-F were drawn for 

eye-guide. 
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3.3. Monitoring and thermodynamic analyses of 2m amyloid formation using ITC under crowded milieus 

Amyloid formation under physiological conditions was also examined using ITC. Iperformed ITC measurements by 

adding ficoll (0, 0.1, 0.2, and 0.3 g ml-1) which has been used for mimicking crowded conditions [17] to 2m solution in the 

ITC cell at 37 C and 1,000 rpm (Fig. 3). ITC thermograms showed clearly a single exothermic ITC peak after the dilution 

heat and lag time even in the presence of crowders. 

Enhancements in ThT fluorescence, fibrillar aggregates in AFM images, and far-UV CD spectra of cross- structures of 

2m solution incubated in the ITC cell (Fig. 3B and C) again demonstrated exothermic amyloid formation. No marked 

differences in ThT fluorescence and far-UV CD spectra depending on the concentration of ficoll were detected although the 

far-UV CD spectrum in the absence of ficoll was different from that in the presence of ficoll to some extent. Increments in 

the concentration of ficoll appeared to promote amyloid formation with the larger magnitude of negative H. H values were 

calculated to -379, -362, -653, and -696 kJ mol-1 at 0.0, 0.1, 0.2, and 0.3 g ml-1, respectively (Fig. 3D). 

Effects of ficoll on structural states of 2m monomers before ITC measurements were examined using the far-UV CD 

(Fig. 3C) and solution NMR spectroscopies (Fig. S2). No changes in uncharacteristic CD spectra and chemical shifts in one-

dimensional proton NMR spectra of 2m solution were observed, indicating no structural changes at the atomic and secondary 

structure level. 

 

 

  

Fig. 3. Ficoll concentration-dependent 2m amyloid formation monitored by ITC. 

(A) ITC thermograms of 2m amyloid formation in the presence of Ficoll at 0.0, 0.1, 0.2, and 0.3 g ml-1 and 37 C 

with the stirring speed of 1,000 rpm. (B and C) Characterization of 2m sample solutions after incubation in ITC cells 

using ThT fluorescence intensities (B, left), AFM images (B, right), and solid lines in far-UV CD spectra (C). The 

scale bars in AFM images indicate 1 m. Far-UV CD spectra of 2m monomers with (black) and without (red) Ficoll 

of 0.1 g ml-1 before incubation are shown with broken curves. (D-F) Ficoll concentration-dependent H (D), lnkNu (E), 

and lnkElong (F) is shown. Broken straight lines in D-F were drawn for eye-guide. 
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3.4. Characterization of morphologies of 2m amyloid fibrils 

I could not elucidate differences in the morphology and structure of amyloid fibrils formed at various experimental 

conditions (Fig. 1A-C, Fig. 2A-C, and Fig. 3A-C). Eye-based observation of amyloid fibrils in AFM images was difficult to 

provide detailed information on morphological properties of amyloid fibrils. Thus, in order to examine morphologies of 

amyloid fibrils of 2m after ITC measurements, AFM analyses were performed by constructing histograms of heights of 

amyloid fibrils (Figs. S3-5). 

Fraction of amyloid fibrils was plotted against heights and average heights obtained using Gaussian fit were further 

plotted as a function of temperature, elucidating that heights of amyloid fibrils formed at distinct temperature were mainly 

distributed to approximately 3 nm without showing remarkable differences in heights (Fig. S3). Similarly, amyloid fibrils 

generated at distinct stirring speeds (Fig. S4) or concentration of ficoll (Fig. S5) showed the average height of approximately 

3 nm with no significant difference. 

 

3.5. Kinetic analysis of formation of 2m amyloid fibrils using ITC thermograms 

Recent innovative studies reported that ITC was used for kinetic analyses of enzyme catalysis and intermolecular 

interactions [17]. I here performed kinetic analyses of amyloid formation using the ITC peaks, and estimated kinetic 

parameters, the nucleation rate constant (kNu), elongation rate constant (kElong), and activation energy of nucleation (Ea,Nu) and 

fibril elongation (Ea,Elong) (Fig. 1E and F, Fig. 2E and F, and Fig. 3E and F). 

Kinetic analyses showed dynamic responses of kinetic parameters upon being exposed to exogenous stresses. kNu was 

obtained using the lag time (tlag) (Fig. S6) and fit of the ITC peak decaying to the baseline with a single exponential equation 

produced kElong. Increases in temperature enhanced linearly kNu from 0.14 at 28 C to 0.24 at 40 C (Fig. 1E) by decreasing 

tlag (Fig. S6A) and kElong from 0.1 at 28 C to 0.52 at 40 C (Fig. 1F), indicating that increases in temperature promoted amyloid 

formation. Ea,Nu (Fig. 1E) and Ea,Elong (Fig. 1F) were obtained from the linear dependence of kNu and kElong on temperature, 

respectively. 

Enhancement of shear forces accelerated gradually nucleation by increasing kNu from 0.15 at 600 rpm to 0.20 at 1,400 

rpm (Fig. 2E); however, kElong of about 0.68 was obtained irrespective of the stirring speed (Fig. 2F). Thus, apparent kinetic 

promotion of amyloid formation by shear force was ascribed to the nucleation step than fibril growth. Ficoll showed similar 

effects of promotion of nucleation (Fig. 3E) as observed at various either temperature or shear force. Nucleation became faster 

from 0.19 at 0.0 g ml-1 of ficoll to 0.60 at 0.3 g ml-1 of ficoll. However, elongation slowed down with the increase in the 
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concentration of ficoll from 0.97 at 0.0 g ml-1 of ficoll to 0.59 at 0.3 g ml-1 of ficoll. 

 

 

4.  Discussion 

 

4.1. Energy landscape of incorrect folding-induced amyloidogenesis and correct folding of 2m 

I here could estimate simultaneously thermodynamic and kinetic parameters of nucleation-dependent spontaneous 

amyloid formation of 2m in equilibrium by analyzing single ITC peaks obtained various conditions. By incorporating all 

thermodynamic (H and Cp) and kinetic parameters (kNu, kElong, Ea,Nu, and Ea,Elong), the energy landscape of misfolding-

induced amyloid formation was constructed and compared to that of folding-steered formation of 2m native structures (Fig. 

4).  

Two-step amyloid formation at acidic pH was kinetically controlled by two energy barriers with similar activation 

Fig. 4. Comparison of energy landscapes of 2m folding and misfolding-induced amyloid formation. 

Energy landscapes of 2m folding (left) and amyloidogenesis (right) are schematically depicted. Activation energy 

for 2m folding (Ea,Na) from the cis conformation (ref) on the left as well as for template formation after the nucleation 

(Ea,Nu) and fibril growth (Ea,Elong) on the right is represented with double-headed black arrows and numerical values. 

The H value of formation of native structures at 37 C (ref) and amyloid fibrils at 37 C and a stirring speed of 600 

rpm is also indicated with double-headed blue and red arrows, respectively. Unfolded (MU) and native 2m monomers 

(MN) (PDB ID: 2YXF) [31] as well as templates after nucleation (TN) and mature amyloid fibrils (AF) of 2m are 

shown with cartoons. Cp values of native folding and amyloid formation of 2m are also represented. 
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energies, Ea,Nu of 29 kJ mol-1 and Ea,Elong of 35 kJ mol-1, which were comparable results of HET-s PFD amyloid formation 

with of Ea,Elong of 60-71 kJ mol-1 [18]. Meanwhile, the activation energy of 2m folding in neutral pH (Ea,Nu of 68 kJ mol-1) 

[19] was higher than activation energies of amyloid formation. I speculate that activation energies of amyloid formation may 

be higher than that of Ea,Nu in neutral pH, which favors kinetically folding to native structures than amyloid formation. Indeed, 

amyloid formation of 2m native structures at physiological conditions was not observed [20]. However, the addition of 

destabilizer such as SDS or hydrophobic substances promoted 2m amyloid formation [20] due probably to the decrease in 

activation energy of unfolding and amyloid formation. In acidic conditions, Ea,Na may be much higher which prefers 

kinetically amyloid formation. 

Protein folding of globular proteins is generally accompanied by negative H and Cp as a result of formation of a 

number of non-covalent bond and burial of hydrophobic residues to cores, respectively. Similarly, negative H and Cp 

following amyloidogenesis is interpreted as formation of hydrogen bonds among monomers and burial of hydrophobic 

residues to cores in fibrils, respectively. Thus, H was a driving force for both 2m folding and fibrillation as negative H 

decreases the magnitude of Gibbs free energy. Furthermore, thermodynamic parameters provided structural information. 

Higher magnitudes of negative values of H (-391 kJ mol-1) and Cp (-9.8 kJ mol-1) of fibrillation than those of folding 

implicated that hydrogen bonds in fibrils formed under more hydrophobic environments which strengthens hydrogen bonds 

and buried hydrophobic surface areas of amyloidogenesis may be larger than those of folding. 

Energy landscape provided us with fundamental insights into amyloid formation in terms of thermodynamics and kinetics. 

More energy landscapes constructed using ITC results of amyloid formation of other amyloidogenic proteins and peptides 

will be helpful to reveal general natures of the mechanism of amyloid formation and the structural property of amyloids. 

 

4.2. Energy landscape of polymorphic amyloid formation of 2m 

Amyloid structures have been examined using various methods. NMR, X-ray, and cryo-EM provided directly three-

dimensional structures at the atomic level [21]. CD and FT-IR have been successfully used for investigation of secondary 

structures of fibrillar aggregates. AFM, EM, and Total Internal Reflection Fluorescence  revealed fibrillar morphology at the 

level of single fibrils [8]. On the one hand, ThT reports surfaces of amyloid fibrils [22]. Different structures or strains of 

amyloid fibrils have been revealed using above methods such as polymorphs of amyloid  peptides, insulin, glucagon, and 

Sup35NM [23-26]. 

2m formed amyloid fibrils at various conditions used here and no significant polymorphic fibrillation was indicated 
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based on ThT fluorescence, far-UV CD spectra, and AFM images (Figs. 2B, 3B, and S3-5). However, different H of amyloid 

formation depending on the change in the stirring speed (Fig. 2D) or the concentration of ficoll (Fig. 3D) suggested 

polymorphic amyloidogenesis as H reflects structural information such as molecular packing, order of molecular contacts, 

and intramolecular forces. Distinct kinetic parameters encouraged the concept of polymorphs of fibrillation (Fig. 2E, F and 

Fig. 3E, F). Thus, I constructed the energy landscape of polymorphic amyloid formation of 2m on the basis of 

thermodynamic and kinetic results obtained using ITC (Fig. 5). 

Amyloid fibrils formed with different packing under shear stress in this order: amyloid fibrils with H of  -600 kJ mol-

1 (strong agitation of 1,400 rpm)  amyloid fibrils with H of  -400 kJ mol-1 (intermediate agitation of 1,000 rpm)  amyloid 

fibrils with H of  -300 kJ mol-1 (mild agitation of 600 rpm). Crowding effects with the addition of 0.3 g ml-1 ficoll further 

decreased the magnitude of H to  -700 kJ mol-1 with strong agitation of 1,400 rpm, suggesting the formation of tighter 

packing in cores regions of fibrils. As energy barriers (i.e., activation energy) show, amyloid fibrillation was also under kinetic 

control. Activation energies of nucleation were generally larger than those of fibril elongation and were in this order, ②  

Fig. 4. Comparison of energy landscapes of 2m folding and misfolding-induced amyloid formation. 

Energy landscapes of 2m folding (left) and amyloidogenesis (right) are schematically depicted. Activation energy 

for 2m folding (Ea,Na) from the cis conformation (ref) on the left as well as for template formation after the nucleation 

(Ea,Nu) and fibril growth (Ea,Elong) on the right is represented with double-headed black arrows and numerical values. 

The H value of formation of native structures at 37 C (ref) and amyloid fibrils at 37 C and a stirring speed of 600 

rpm is also indicated with double-headed blue and red arrows, respectively. Unfolded (MU) and native 2m monomers 

(MN) (PDB ID: 2YXF) [31] as well as templates after nucleation (TN) and mature amyloid fibrils (AF) of 2m are 

shown with cartoons. Cp values of native folding and amyloid formation of 2m are also represented. 
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④  ⑥  ⑧  ⑦  ③  ⑤  ①. Agitation was more kinetically effective to nucleation than fibril elongation. 

Stronger agitation and shear force might promote cavitation [27] which accelerated nucleation. Macromolecular crowders 

facilitated productive nucleation due probably to the excluded volume effect [28] which strengthened interprotein interactions 

to increase local concentrations, however, slowed down the fibril growth as a result of restriction of diffusion of free monomers 

[29]. 

Variable thermodynamic outcomes of formation of amyloid fibrils due to their context-sensitive polymorphic natures are 

unique but may be view as one of generic properties of amyloidogenesis originated through interprotein interactions 

distinguished from intramolecular protein folding. Polymorphism may be beneficial for survival of functional amyloids. 
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Fig. S1. Reversibility of thermal unfolding of 2m amyloid fibrils. 

(A) Heating (red) and cooling (blue) of 2m amyloid fibrils between 37 and 100 C were traced with CD intensity at 

215 nm at the heating rate of 1 C min-1. (B and C) 2m amyloid fibrils before heating and after cooling were 

characterized using far-UV CD spectra (B) and AFM (C). CD measurements of 2m amyloid fibrils (0.1 mg·ml−1 M 

β2m monomers) in 10 mM HCl solution (pH 2.5) containing 100 mM NaCl and its reversibility were performed using 

a JASCO J820 spectropolarimeter (Tokyo, Japan). Quartz cuvette with a 0.1-cm pathlength and a cell holder 

equipped with a water circulator were used. CD intensities were shown as mean residue ellipticity, [] (deg cm2 

dmol−1) after subtraction of the solvent background. 

Fig. S2. One-dimensional proton NMR 

spectra of 2m monomer at various 

concentrations of ficoll. 

(A and B) Solution NMR spectra of acid-

unfolded 2m at 37 C in the absence 

(black) and presence of excess amounts of 

ficoll (red). Low and high field regions are 

separately represented for the main chain 

and aromatic residues (A) and for the 

methyl and methylene groups of side 

chains for simplicity (B). NMR spectra after 

the subtraction of those of ficoll are shown. 



84 

 

 

 

 

 

 

 

 

 

 

  

Fig. S3. Analyses of AFM images of 2m amyloid fibrils after ITC measurements at various temperatures. 

(A-E) Distribution of the height of amyloid fibrils formed at 28 (A), 31 (B), 34 (C), 37 (D), and 40 C (E) with a stirring 

speed of 1,000 rpm is shown. Fractions of fibrils with distinct heights are represented using histograms at each lower 

panel. Fit curves of histograms to the Gaussian function are indicated using solid lines. Residuals of fit are shown at 

upper panels. The center of the Gaussian fit is indicated the vertical line. (F) Average values of the height of amyloid 

fibrils with standard deviations were plotted as a function of temperature for generating amyloids. 
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Fig. S4. Analyses of AFM images of 2m amyloid fibrils after ITC measurements at various stirring speeds. 

(A-E) Distribution of the height of amyloid fibrils formed at 37 C with the stirring speed of 600 (A), 800 (B), 1,000 

(C), 1,200 (D), and 1,400 rpm (E) is shown. Fractions of fibrils with distinct heights are represented using histograms 

at each lower panel. Fit curves of histograms using the Gaussian function are indicated with solid lines. Residuals 

of fit are shown at upper panels. The center of the Gaussian fit is indicated the vertical line. (F) Average values of 

the height of amyloid fibrils with standard deviations were plotted as a function of the stirring speed for generating 

amyloids. 

Fig. S5. Analyses of AFM images of 2m amyloid fibrils after ITC measurements at various concentrations 

of ficoll. 

(A-E) Distribution of the height of amyloid fibrils formed at 37 C with the stirring speed of 1,000 rpm in the presence 

of ficoll at 0.0 (A), 0.1 (B), 0.2 (C), and 0.3 g ml-1 (D). Fractions of fibrils with distinct heights are represented using 

histograms at each lower panel. Fit curves of histograms based on the Gaussian function are indicated using solid 

lines. Residuals of fit are shown at upper panels. The center of the Gaussian fit is indicated the vertical line. (F) 

Average values of the height of amyloid fibrils with standard deviations were plotted as a function of the concentration 

of ficoll for ITC measurements. 
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Fig. S6. Variances in the lag time of 2m amyloidogenesis under various conditions. 

(A-E) Lag times were plotted as a function of temperature at 1000 rpm (A), stirring speed at 37 C (B), and the 

concentration of ficoll at 1,000 rpm and 37 C (C). Broken straight lines in A-C were drawn for eye-guide. 
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