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Abstract 

Life has been exposed to sunlight and evolutionarily developed ways to utilize it for an 

energy source and external stimulus. In contrast to the beneficial aspects of sunlight for life, the 

exposure of ultraviolet (UV) radiation from the sun has harmful effects on deoxyribonucleic acid 

(DNA), in which the sequence of nucleobases encodes genetic information. The UV irradiation of 

DNA alters the chemical structure of two adjacent pyrimidine nucleobases, yielding cyclobutane 

pyrimidine dimers (CPDs) and pyrimidine(6–4)pyrimidone photoproducts ((6–4) PPs). Because the 

DNA containing the unusual nucleobases are potential major carcinogens, organisms have repair 

machineries to remove them. Photolyases (PLs) are ancient but powerful enzymes that repair the UV-

induced lesions, and found in all kingdoms of life. PLs have evolutionarily diverged into 

cryptochromes (CRYs), photoreceptive proteins involved in various signal transductions, represented 

by circadian rhythm regulation, but no longer able to repair the DNA lesions. Despite of the functional 

diversity, PLs and CRYs form a Photolyase/Cryptochrome Superfamily (PCSf) and share a similar 

architecture and a common flavin adenine dinucleotide (FAD) cofactor. In most PCSf proteins, 

reduction of FAD is required to express the functions and accomplished by a conserved process called 

photoactivation or photoreduction. 

I have been interested in FAD photoreduction in PCSf proteins because of the following two 

aspects: (1) the reaction proceeds via formation of photoinduced charge-separated states between 

FAD and Trp residues, which are stabilized by a variety of ingenious strategies; (2) the conserved 

photoreduction process triggers various physiological functions, depending on the PCSf proteins. In 
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this thesis, I exclusively focused on the photoreduction in (6–4) PLs from plants and discovered new 

mechanisms stabilizing the charge-separated states, though unique to the plant (6–4) PLs. 

Interestingly, I also found that the FAD photoreduction in plant (6–4) PL accompanies conformational 

changes of the protein, which could also take place in and be relevant to a wide range of PCSf proteins. 

In Chapter 1, I summarized physiological functions of PCSf proteins which are activated by 

photoreduction of FAD. It is noted that cryptochromes undergo structural changes upon the 

photoreduction to trigger biological events represented by circadian rhythm regulation. Because the 

process of FAD photoreduction has been optimized for each protein in the process of evolution, 

strategies that stabilize the photoinduced charge-separated states during the photoreduction were 

classified and described in detail. In the end of the chapter, one will find out the possibility that 

photoreduction in plant (6–4) PLs takes place via undefined mechanisms stabilizing the charge-

separated states. 

To reveal a factor that stabilizes the photoinduced charge-separated states in plant (6–4) PLs, 

I focused on the surroundings of the final electron donating Trp residue, because the environment of 

the FAD in plant (6–4) PLs is shared with that in other (6–4) PLs. In Chapter 2, a combination of 

computational and experimental analyses suggested that a water molecule is captured with a fixed 

orientation in a close proximity to the Trp residue and plays a key role in the photoreduction. The 

new insights obtained in the study will inspire future studies on the functions of surroundings of an 

electron donating Trp residue in other PCSf proteins. 

In Chapter 3, I tried to uncover mechanisms enabling the water molecule mentioned in the 
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previous chapter to participate in photoreduction. By comparing the surrounding amino acid residues 

of the Trp residue between plant and animal (6–4) PLs, I discovered that the Trp residue is exclusively 

solvated with the captured water molecule by inhibiting access of the bulk solvent to the Trp residue. 

Time-resolved spectroscopy revealed that the regulated solvation controls lifetimes of the 

photoinduced charge-separated states. The mechanisms newly identified in plant (6–4) PLs will 

expand the arsenal of tricks employed by PCSf proteins to achieve efficient photoreduction. 

In Chapter 4, I shed light on conformational changes in plant (6–4) PLs accompanied by 

FAD photoreduction. A combination of structural analyses, electrochemical measurements, and 

steady-state photoreduction kinetics suggested that photoinduced helix movements have an impact 

on photoreduction ability in plant (6–4) PLs. Because the helix movements could be conserved in 

other photolyases and cryptochromes, the new insights into photoinduced rearrangements could be 

helpful to understand the structural changes in cryptochrome. 

 

  



iv 

 

Contents 

Chapter 1: General introduction 
1.1 Biological effects of sunlight ......................................................................................................... 2 

1.1.1 Sunlight indispensable to life .................................................................................................. 2 

1.1.2 Harmful effects of solar energy ............................................................................................... 2 

1.2 Light-dependent reactions involved in photolyases ....................................................................... 4 

1.2.1 Repair of UV-damaged DNA by photolyases ......................................................................... 4 

1.2.2 Light-harvesting energy transfer from an antenna chromophore to FAD in photolyases ....... 8 

1.2.3 Activation of FAD in photolyases via a canonical pathway ................................................... 9 

1.3 Functional diversity of cryptochromes ........................................................................................ 11 

1.3.1 Cryptochromes evolutionarily related to photolyases ........................................................... 11 

1.3.2 Photoreception by plant CRYs .............................................................................................. 13 

1.3.3 Photoreception by animal type I CRYs ................................................................................. 14 

1.3.4 Rare bifunctional cryptochromes responsible for signal transduction and DNA repair ....... 16 

1.4 Strategies for the productive photoreduction of FAD in PCSf proteins ...................................... 18 

1.4.1 Solvent-driven photoinduced electron transfer via Trp-triad chain in PLs ........................... 18 

1.4.2 Fast protonation of FAD•– for the efficient production of FADH• in plant CRYs ................ 20 

1.4.3 Alternative photoinduced electron transfer pathway yielding complex charge-separated 
states ............................................................................................................................................... 21 

1.4.4 Extended electron transfer pathway in animal (6–4) PLs and CRYs .................................... 23 

1.4.5 Inhibition of charge-recombination by fast deprotonation of electron donating residues .... 26 

1.5 Background and outline of this thesis .......................................................................................... 29 

 

Chapter 2: Involvement of a water molecule in photoactivation of plant (6–4) photolyases 
2.1 Introduction .................................................................................................................................. 42 

2.2 Results .......................................................................................................................................... 46 

2.2.1 Characteristic behaviors of a water molecule investigated by molecular dynamic simulations
 ........................................................................................................................................................ 46 

2.2.2 Roles of Ser412 and Cys324 in the water recognition .......................................................... 49 

2.2.3 FAD photoreduction abilities of WT and mutants of At64 in bacteria and in vitro .............. 52 

2.3 Discussion .................................................................................................................................... 57 



v 

 

2.3.1 Plausible roles of the captured water molecule in the photoactivation of At64 .................... 57 

2.3.2 Relevance of photoactivation of PLs to CRYs ...................................................................... 61 

2.4 Methods ........................................................................................................................................ 62 

2.5 Conclusions .................................................................................................................................. 69 

 

Chapter 3: Essential roles of limited solvation of an electron donating tryptophan in 
photoactivation of plant (6–4) photolyases 
3.1 Introduction .................................................................................................................................. 76 

3.2 Results .......................................................................................................................................... 80 

3.2.1 Primary and tertiary structures revealing major differences in the environment of Trp3H in 
plant and animal (6–4) PLs ............................................................................................................ 80 

3.2.2 Mutation of His382 to Ser in At64 decelerating the photoreduction in vitro and impairing 
the photorepair capability in bacterial cells .................................................................................... 81 

3.2.3 Photoreduction experiments on other His382 mutants.......................................................... 84 

3.2.4 Molecular dynamics simulations suggesting the regulated solvation of Trp3H in At64 ....... 86 

3.2.5 Transient absorption spectroscopy on ns–μs timescales revealing that the regulated solvent 
accessibility impedes Trp3H•+ deprotonation in At64-WT ............................................................. 90 

3.3 Discussion .................................................................................................................................... 95 

3.3.1 Limited solvation of Trp3H for productive photoreduction of FAD in At64 ........................ 95 

3.3.2 Unexpectedly high yields of the photoinduced FAD•– TrpH•+ radical pair in At64 .............. 97 

3.4 Methods ........................................................................................................................................ 99 

3.5 Conclusions ................................................................................................................................ 110 

 

Chapter 4: Mechanistic studies on photoinduced conformational changes in 
photolyase/cryptochrome superfamily 
4.1 Introduction ................................................................................................................................ 116 

4.2 Results ........................................................................................................................................ 119 

4.2.1 Photoinduced structural changes in At64 suggested by HDX-MS measurement ............... 119 

4.2.2 Mutational effects of T375V on midpoint potential of FADox/FADH− couple ................... 121 

4.2.3 Impact of hydrogen-bonding formation between Thr375 and Ser410 on photoreduction 
steady-state kinetics ...................................................................................................................... 127 

4.3 Discussion .................................................................................................................................. 129 



vi 

 

4.3.1 Possible helix movements upon reduction of FAD in At64 and other PCSf proteins ......... 129 

4.3.2 Low midpoint potential of FAD characteristic for (6–4) PLs ............................................. 132 

4.4 Methods ...................................................................................................................................... 133 

4.5 Conclusions ................................................................................................................................ 137 

 

List of Publications .......................................................................................................................... 141 

Acknowledgments ............................................................................................................................ 143 

 

 

 



1 

 

 

 

 

 

Chapter 1 
 

 

 

General introduction 
  



2 

 

1.1 Biological effects of sunlight 

1.1.1 Sunlight indispensable to life 

 Since life appeared on Earth around 3.95 billion years ago1, organisms on Earth is 

continuously exposed to sunlight. One of the biggest events in the history of life is the emergence of 

cyanobacteria around 2.7 billion years ago2,3. The cyanobacteria are the ancient oxygenic 

photosynthetic organisms that convert solar energy into chemical energy and release free oxygen (O2) 

as a byproduct. The following rise of the O2 level on Earth led to evolution of organisms to perform 

aerobic respiration and caused the diversity and complexity of life, because the aerobic respiration 

can produce more energy than anaerobic respiration4. 

 Sunlight is indispensable to life not only as an energy source but also as an informative 

stimulus. Organisms have developed visual perception using photoreceptor proteins5, which allowed 

them to visually sense the surrounding environment and the presence of predators. As well as the 

visual perception, circadian rhythm, in which internal rhythm is oscillated with a period of 

approximately 24 hours, has been exploited to adapt to the environment. Although circadian rhythm 

is generated autonomously, light plays an essential role in synchronizing it with an environment 

precisely6. 

 

1.1.2 Harmful effects of solar energy 

In contrast to the benefit of sunlight to life, the exposure of ultraviolet (UV) radiation from 

the sun has harmful effects on organisms. Indeed, UV-B (ranging from 280 to 315 nm) and UV-C 
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(ranging from 100 to 280 nm) lights are known as major carcinogens inducing skin cancer in human7. 

The unfavorable effect of UV irradiation is originated from the formation of UV-induced DNA lesions. 

Upon excitation of DNA by the UV light, photocycloaddition between two adjacent pyrimidine takes 

place and results in formation of two major types of DNA lesions: cyclobutane pyrimidine dimers 

(CPDs) and pyrimidine(6–4)pyrimidone photoproducts ((6–4) PPs). The formation of (6–4) PPs in 

the case of two thymine bases accompanies a transfer of the O4’ in the 3’ side to the 5’ side via an 

oxetane intermediate, as shown in Figure 18. Because the DNA damage leads to mutagenesis9 and 

cell death10 by inhibiting DNA replication and transcription, organisms have repair machineries to 

remove the lesions and maintain their genome integrity. In human, a nucleotide excision repair (NER) 

system, where many proteins are involved, is responsible for the purpose. The necessity of NER is 

confirmed by genetic disorders such as xeroderma pigmentosum11, Cockayne syndrome12, and 

trichothiodystrophy13, in which NER-related genes are inherently abnormal. These genetic diseases 

are associated with the extremely high sensitivity of the skin to UV and the severe risk of UV-induced 

skin cancer14. 
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Figure 1. Formation of UV-induced DNA lesions between two adjacent thymine bases. The deoxyribose group is 

omitted from the chemical structures. The graphic representations illustrate the configurational effect of the 

crosslinks produced by CPD and (6–4) PP (shown in T–T) on DNA. The abnormal bases are repaired by some repair 

machineries to maintain the genome integrity of life.

1.2 Light-dependent reactions involved in photolyases

1.2.1 Repair of UV-damaged DNA by photolyases

In addition to the NER system, many organisms, from bacteria to vertebrate animals except 

for placental mammals, have powerful DNA repair enzymes called photolyases (PLs) able to repair 

the UV-induced lesions15. It is interesting that the repair by PLs does not require any other proteins 

but utilizes blue light to initiate the repair reaction. The findings of the light-induced reaction were 

reported in 1949, where the viability of UV-irradiated bacteria and bacteriophages was recovered by 

visible light treatment16,17. After the early study on the curious phenomenon, PLs were identified as 

responsible enzymes to perform the unique function18,19. 
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 PLs are flavoenymes20 non-covalently harboring flavin adenine dinucleotide (FAD) as a 

catalytic cofactor and are divided into two major classes depending on their substrates. CPD PLs and 

(6–4) PLs21 specifically repair the DNA containing CPDs and (6–4) PPs, respectively. Although a 

recent study reported the possibility that the Antarctic bacterium Sphingomonas sp. possesses a 

protein called UV9 to repair both substrates, the knowledge about how UV9 recognizes and repairs 

its substrates has not been matured22. The repair mechanism by CPD PLs and (6–4) PLs is partly 

shared, as suggested by the structural similarity between both enzymes (Figures 2a and b). In the case 

of both CPD PLs and (6–4) PLs, photoexcitation of the two-electron reduced anionic state of FAD 

(FADH−) triggers an electron transfer to their substrates and following repair reactions15. In contrast 

to the repair of a CPD substrate, where the inserted electron splits the cyclobutane ring within 1 ns to 

yield intact nucleobases23 (Figure 2a), the reaction mechanism repairing a (6–4) PP substrate is more 

complex than for the CPD repair, due to the demand for a transfer of a functional group (O4’H in 

Figure 2b) in the 5’ side to the 3’ side. While several reaction models for (6–4) PLs were proposed24-

26, a computational study in 201027 suggested that (6–4) PLs should require two photons to repair the 

substrates. In spite of the experimental difficulty to distinguish between a single-photon and two-

photon process, Yamamoto et al. demonstrated in 201328 that the first photon process does not yield 

the intact nucleobases but does a long-lived intermediate (approximately 100 s of lifetime at 10 °C) 

with a low quantum yield (5.8% ≤ η1 ≤ 8.8%), and the second photon process for the intermediate 

accomplishes the repair with a high quantum yield (47% ≤ η2 ≤ 100%) equivalent to the value for the 

CPD repair by CPD PL (40% ≤ η ≤ 100%)29. While the structure of the intermediate has not been 
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resolved yet, the high quantum yield in the second photon process and the computational study27 

strongly suggest an oxetane-bridged dimer in Figure 2b as the intermediate. 
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Figure 2. Plausible repair schemes of UV-induced DNA lesions by (a) CPD PLs and (b) (6–4) PLs. The crystal 

structures of (a) CPD PL from Anacystis nidulans (PDB ID: 1TEZ)30 and (b) (6–4) PL from Drosophila 

melanogaster (PDB ID: 3CVV)31 shows a structural homology between the two PLs. (a) CPD PL completes the 

repair of a CPD substrate by a single photoinduced electron transfer from FADH− to the substrate (red arrow). (b) 

The repair of a (6–4) PP substrate is proposed to require two-photon reactions. The photoinduced electron transfer 

steps are indicated with red arrows. The oxetane-bridged dimer is a possible candidate for the intermediate. The 

calculated quantum yields for the first and second reaction is shown in the scheme as η1 and η2.
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1.2.2 Light-harvesting energy transfer from an antenna chromophore to FAD in photolyases 

 PLs often possess an auxiliary chromophore in addition to the catalytic FAD cofactor (Figure 

3a). So far, 5,10-methenytetrahydrofolate (MTHF)32, FAD33, flavin mononucleotide (FMN)34, 6,7-

dimethyl-8-ribityllumazine (DMRL)35, and 8-hydroxy-7,8-didemethyl-5-deazariboflavin (8-

HDF)31,36-38 have been found as the second chromophore (Figure 3b). These chromophores emit 

fluorescence overlapped with the absorption spectra of the FADH− state and can harvest and transfer 

the solar energy absorbed by them to the FAD cofactor via Förster resonance energy transfer (FRET) 

mechanism39. The chromophores are therefore called light-harvesting (antenna) chromophores, 

which allow PLs to efficiently exploit solar energy for the repair reaction. Because successful FRET 

requires an appropriate relative orientation of an antenna chromophore and FAD, the antenna 

chromophore should be bound to PLs in a properly regulated manner for the efficient photorepair40. 
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Figure 3. Structural aspects of antenna chromophores in PLs. (a) The crystal structure of CPD PL from Anacystis 

nidulans (PDB ID: 1TEZ)30 showing the position of antenna chromophore (8-HDF) and FAD in the protein, for the 

photon energy transfer. (b) The compounds identified as antenna chromophores in PLs.

1.2.3 Activation of FAD in photolyases via a canonical pathway

Photoexcitation of FAD in PLs not only drives the repair reactions but also produces an 

active state of their FAD cofactor. FAD in PLs can be observed in several redox states, and the resting 

state in the dark is either the most oxidized state (FADox) or the one-electron reduced neutral radical 

state (FADH•)41,42. Because FADH− is the exclusive active state for the repair, FAD in the resting 

states needs to be reduced to FADH−. The process for the activation of FAD is accomplished by a 

highly conserved light-dependent reaction called photoactivation/photoreduction43. The 

photoactivation has attracted great attention because of the interest in the redox regulation of FAD by 

light reactions. The most canonical photoreduction pathway has been identified through studies on 
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bacterial CPD PLs. An early transient absorption spectroscopic study on CPD PL from Escherichia 

coli (EcCPD) in 1990 suggested that the reduction of FAD occurs via a photoinduced intraprotein 

electron transfer from an intrinsic amino acid residue to FAD44. The following study identified Trp306 

as the residue responsible for the electron transfer45. However, the crystal structure of EcCPD 

revealed that Trp306 is spatially separated from FAD by 15 Å, and two more Trp residues (Trp359 

and Trp382) are located between FAD and Trp306, as shown in Figure 432. Further ultrafast transient 

absorption spectroscopic studies46-48 and an energetic study49 demonstrated that Trp359 and Trp382 

are also involved in the electron transfer from Trp306 to FAD. A schematic example of the reduction 

of FADox to the one-electron reduced FAD state (FAD•–) is summarized in Figure 4. The excited FAD 

abstracts an electron from Trp382 (annotated as Trp1H, where H means the hydrogen atom bonded to 

the nitrogen atom of the indole moiety), and the resultant radical cation of Trp382 (Trp1H•+) 

subsequently gets an electron from Trp359 (Trp2H). Finally, Trp306 (Trp3H) donates an electron to 

the radical cation of Trp359 (Trp2H•+). These three electron-transferring Trp residues are well 

conserved among PLs and its relative cryptochromes (see 1.3.1), and therefore called Trp-triad chain. 

While the successive electron transfer yields a ~15 Å charge-separated state (FAD•– Trp3H•+), 

the charge-separated state is susceptible to charge recombination. Under cellular conditions, 

deprotonation of Trp3H•+ to Trp3
• by bulk solvent46 and following quenching of Trp3

• by external 

reducing agents50 stabilize the FAD•– state, in competition with charge recombination. The production 

of FADH− is accomplished by the second photoreduction of the FADH• state produced by the 

protonation of FAD•–, in the same manner as the first photoreduction of FADox
51. In the canonical 
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photoreduction process, the electron transfer pathway via the three Trp residues is well established52, 

but the protonation pathway is still elusive because of the difficulty in observing a proton transfer. So 

far, an Asn residue proximal to the N5 atom in FAD (Asn378 in Figure 4a) is known to be responsible 

for the proton transfer and the kinetic/thermodynamic stability of the FADH• state53-56.

Figure 4. Canonical photoreduction scheme of FAD via three electron-transferring Trp residues. (a) The crystal 

structure of EcCPD (PDB ID: 1DNP)32 showing the position of FAD and the amino acid residues involved in 

photoreduction of FAD. (b) Canonical photoreduction of FAD in PLs composed of photoinduced electron transfer 

from Trp1H to FAD (in red arrows) and successive electron and proton transfers from and/or to Trp residues (in 

black arrows). When the FADox is reduced to FADH−, FAD•– is protonated to FADH•, and FADH• is subjected to the 

photoreduction.

1.3 Functional diversity of cryptochromes

1.3.1 Cryptochromes evolutionarily related to photolyases

Plants, animals and a handful of other eukaryotes and prokaryotes have proteins 

evolutionarily related to PLs, which is called cryptochromes (CRYs). PLs and CRYs share a high 

homology in primary and tertiary structural aspects and form a Photolyase/Cryptochrome 

Superfamily (PCSf)57. Because PCSf is a large family, they are phylogenetically and functionally 
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divided into some classes (Table 1). It is interesting that CRYs show various functions based on the 

class: CRY-DASH is able to repair CPD lesions only in single-stranded DNA58 (or topologically 

unusual DNA59); plant60 and animal type I CRYs61 show photoreceptive signal transduction functions

related to circadian rhythms; animal type II CRYs behave as non-photoreceptive transcriptional 

repressors of genes responsible for the circadian rhythm generation62. In addition to the functions, 

CRY4 is suggested to be responsible for magnetoreception in a light-dependent manner63.

Table 1. Classification of PCSf.
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1.3.2 Photoreception by plant CRYs 

Plant CRYs are first identified as flavin-based blue light photoreceptor in 199364. Plant CRYs 

are not a key component of the circadian rhythm regulation in plants, but the transcription of the 

genes encoding CRYs is controlled to peak in the middle of the day by circadian rhythms65. The 

produced CRYs are activated by blue-light and control numerous events relating to plant growth, such 

as stimulation of floral initiation66 and inhibition of hypocotyl elongation64. Plant CRYs reportedly 

convey light signals to their signaling partners represented by CIB1 (cryptochrome-interacting basic-

helix-loop-helix)67, in the form of the homo-oligomers. Although the mechanism of oligomerization 

remains elusive, light-induced redox state change from FADox to FADH• is suggested to trigger the 

conformational change and homo-oligomerization, which establishes a binding site for the partner 

proteins68,69 (Figure 5). Because the reduction of FAD in plant CRYs is also performed in a similar 

way to that in PLs, photoreduction process plays an essential role in plant CRYs. 
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Figure 5. Photoreceptive signal transduction scheme in plant CRYs. The photoreduction of FAD triggers 

conformational change and oligomerization (dimerization or tetramerization). The tetramer structure is reported for 

cryptochrome 2 from Arabidopsis thaliana (PDB ID: 6X24)68. The oligomers interact signaling partner proteins to 

accomplish the signal transduction.

1.3.3 Photoreception by animal type I CRYs

In addition to plant CRYs, animal type I CRYs are photoreceptive CRYs subjected to many 

studies. CRY from Drosophila melanogaster (DmCRY) is the most characterized animal type I CRY61. 

The function of DmCRY, different from those of the plant CRYs and animal type II CRYs, is to 

synchronize the circadian rhythm generated by other clock proteins to the external light cycle70. In 

analogy to the signal transduction by plant CRYs, light-induced conformational changes of DmCRY 

are required to bind target proteins. A report of the crystal structure of full-length DmCRY71 and the 

following studies72-75 have suggested that light-induced undocking of C-terminal region from its 

binding site would activate DmCRY (Figure 6). The light-activated DmCRY binds to a circadian gene 

repressor protein called Timeless (TIM)76 and recruits an E3 ubiquitin ligase named jetlag (JET)77. 

Because JET leads to the degradation of TIM, light stimulus ultimately can reduce the TIM level via 

DmCRY and JET77.
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Although the most important process in the signal transduction by DmCRY is the light-

induced conformational change, researchers have not provided solid explanations for the molecular 

mechanism how the C-terminal region is undocked from its binding site. A group73,78 supports the 

idea that the photoexcitation of FAD produces FAD•–, and the radical anion leads to the 

conformational change (Figure 6). Another79 claims that the FAD•– should be the biologically resting 

state under cellular conditions, and the excitation of FAD•– causes a disruption of FAD•– structure and 

surrounding environment, leading to the conformational change (Figure 6). One of the strategies to 

identify what factors exactly control the functional expression of DmCRY is to pile up the knowledge 

on the photoinduced electron dynamics in PCSf proteins.

Figure 6. Photoreceptive signal transduction scheme in DmCRY. The FAD•– state produced by photoreduction of 

FADox or the photoexcited FAD•– state ((FAD•–)*) is considered to be the signaling state of FAD in DmCRY. The lit 

state triggers conformational changes and presumably undocks the C-terminal region (in red) from its binding 

pocket, leading to the interaction with signaling partner proteins.



16 

 

1.3.4 Rare bifunctional cryptochromes responsible for signal transduction and DNA repair 

 While many CRYs are involved only in photoreceptive or non-photoreceptive signal 

transduction as discussed above, bifunctional cryptochromes responsible for not only photoreceptive 

signal transduction but also the repair of DNA containing (6–4) PPs are found in green algae36,80,81. 

A cryptochrome from Chlamydomonas reinhardtii sharing high homology with the animal type CRYs, 

called CraCRY, is the representative binfunctional CRY36. Although the DNA repair by CraCRY is 

considered to be triggered by the electron transfer from the photoexcited FADH− cofactor to the lesion 

in the same way as the repair by (6–4) PL36 (Figure 2), the functional redox state of FAD of CRY 

remains ambiguous. Beel et al.82 reported that CraCRY can control the transcription of various genes 

by responding to both blue and red light in vivo. Because FADH• is the only state that can absorb red 

light in addition to blue light, their group claimed that the resting state of FAD in CraCRY would be 

FADH•, and the signaling state could be the FADH− state produced by the photoreduction of FADH•. 

However, to establish the model, the midpoint potentials of the FAD/FADH• and FADH•/FADH− 

couples should be determined, and the resting state of FAD under cellular conditions should be 

identified. 

 CraCRY is believed to undergo structural changes upon illumination and transduce the light 

signal to partner proteins in a similar way to other photoreceptive CRYs83. The structure of CraCRY 

is divided into a highly homologous region with PLs and a distinctive C-terminal extension (CTE), 

and the latter is assumed to be responsible for the structural changes and signal transduction because 

of the unique amino-acid sequence36. However, the structural information on CTE is lacking because 
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the crystal structure of CraCRY is available only in the PLs homologous region36. To address the 

possible structural perturbations on CTE upon photoexcitation, Franz-Badur et al.84 performed 

structural analyses of CraCRY by hydrogen/deuterium exchange mass spectrometry (HDX-MS). By 

comparing the deuterium uptakes between the wild type of CraCRY and the CTE-truncated CraCRY, 

they suggested that the CTE can be anchored to the FAD-binding pocket, in both dark (FADox) and 

light (FADH−) states. In addition, they compared the uptakes between FADox and FADH− states for 

each CraCRY variants and suggested that the loops around the residue involved in the photoreduction 

of FAD are disturbed upon blue light illumination. Tentatively, they proposed that the photoinduced 

electron transfer along an electron-transferring Trp chain triggered by the photoexcitation of FAD 

causes the perturbation of the loops, leading to conformational changes in the CTE region (Figure 7). 

Although the study provided new insights to the dynamics of the CraCRY structure, the knowledge 

on photoinduced conformational dynamics coupled by the photoreduction should be demanded to 

confirm the model, because the measurements were performed for completely equilibrated samples 

for the dark and light states. 
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Figure 7. Proposed photoinduced conformational changes in CraCRY84. Photoexcitation of FAD triggers 

photoreduction of FAD via electron transferring residues (in green) as discussed in 1.4.5, leading to the local 

rearrangement around the region inside the red dashed circle. Then, the conformational changes propagate the CTE 

region (in black dashed line) along the last α helix.

1.4 Strategies for the productive photoreduction of FAD in PCSf proteins

1.4.1 Solvent-driven photoinduced electron transfer via Trp-triad chain in PLs

Because photoreduction of FAD is the most important process to express various functions 

of PCSf proteins, organisms should have optimized the proteins to acquire the productive 

photoreduction ability. For example, EcCPD is demonstrated to perform an efficient photoinduced 

electron transfer. According to the transient absorption spectroscopic studies of EcCPD in the fs–ps 

regime, the photoinduced charge separation between FADox/FADH• and Trp3H occurs in a few 

hundred ps52 and the back transfer is well repressed with a time constant of >100 ns52,51,85,86. As a 

result, 65% of the charge-separated states can survive over 5 ns86.
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To explore the mechanisms enabling the efficient photoinduced electron transfer, 

computational methods besides experimental approach are useful. An early electrostatic calculations 

based on the Poisson–Boltzmann equation confirmed that the successive electron transfer along the 

Trp-triad chain is a downhill reaction49. Considering that Trp3H is more exposed to solvent than Trp2H 

and Trp1H, and Trp3H•+ could be more stabilized by solvation (Figure 8a), the driving force was 

tentatively assigned to the stabilization of Trp3H•+ by solvent. In 2011, Woiczikowski et al. confirmed 

the assignment by calculating the free energy difference and solvent reorganization energy between 

each charge-separated states based on the structures optimized by quantum mechanics/molecular 

mechanics (QM/MM) simulation87 (Figure 8b). The sophisticated study demonstrated that the 

stabilization of Trp3H•+ is more likely caused by solvation rather than protein conformational changes 

within hundred ps. Although slower protein conformational changes on a ns time scale could occur 

to stabilize the charge-separated state and repress the charge recombination, evaluation of the effect 

has not been performed for PLs with the canonical Trp-triad chain. 
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Figure 8. Fast charge separation and slow recombination in photoreduction pathway in EcCPD ensured by solvent. 

(a) The crystal structure of EcCPD (PDB ID: 1DNP)32 showing that water molecules (cyan sphere) can more easily 

access Trp residues on the surface side than in the protein interior. (b) Estimation of the relative energy of the system 

possessing each radical cation normalized to the system energy of Trp1H•+ state, by free energy calculation based 

on the structures optimized by QM/MM simulation87.

1.4.2 Fast protonation of FAD•– for the efficient production of FADH• in plant CRYs

The photoreduction process described for the case of canonical PLs is largely applicable to 

that of other PCSf proteins. For example, the photoexcitation of FADox in plant CRYs also yields the 

FAD•–···Trp3H•+ charge-separated state as in canonical PLs. However, the produced FAD•– in plant 

CRYs is more rapidly88 (~1.5 μs) protonated to FADH• than in other PCSf proteins86 (typically in an 

order of ms to s). The proton donor is assigned to be an Asp residue (Asp396 in Figure 9) located 

proximal to the N5 atom in FAD, according to Fourier transform infrared (FTIR) spectroscopic 

studies89,90. Many studies88,91 showed that the Asp residue is the key factor to distinguish plant CRYs 

from PLs, because the Asp residue is substituted for an Asn residue in PLs (Asn378 in Figure 4a). 

However, a transient absorption measurement of an N378D mutant of EcCPD mimicking plant CRYs 

showed a formation of an atypical FAD radical in the range of μs, instead of complete protonation of 

FAD•– to FADH•. Considering the observation that the signaling state of FAD in plant CRYs is FADH•, 
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the protonation pathway in plant CRYs should evolutionarily be optimized by acquiring the Asp 

residue and other undefined factors.

A further ns–μs transient absorption measurement of plant CRY92 revealed another trick to 

acquire and stabilize the FADH• state, where ATP binding to plant CRYs up-shifts the pKa of the Asp 

residue from 7.4 to >9.0, resulting in the favorable protonation of FAD•– in the wide range of pH. 

These studies on the Asp residue and the ATP effect show that plant CRYs share the common charge-

separated states with PLs but optimize their photoreduction pathway for the formation of FADH•.

Figure 9. Photoreduction pathway of FAD highlighted in the crystal structure of cryptochrome 1 from Arabidopsis 

thaliana (PDB ID: 1U3D)93. Asp396 is involved in the fast protonation of the FAD•– state produced by photoinduced 

electron transfer through three Trp residues.

1.4.3 Alternative photoinduced electron transfer pathway yielding complex charge-separated states

In contrast to the canonical photoreduction pathway, a rare bacterial class of CPD PL, 

annotated as class III CPD PL94, shows a unique structure comprising two possible photoinduced 

electron transfer pathways95 (Figure 10). The pathways branch into the canonical Trp-triad pathway 

(Trp1H, Trp2H, Trp3H) and an alternative pathway composed of Trp1H and three additional Trp 

residues (TrpBH, TrpCH, TrpDH in Figure 10a). Mutational analyses of the Trp residues showed that 
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both of the pathways are involved in the photoreduction of FAD in class III CPD PL95, suggesting the 

formation of complex charge-separated states. 

A recent simulation96 of the time-dependent charge propagation in the protein by quantum 

mechanics/molecular mechanics molecular dynamics (QM/MM MD) illustrated that photoinduced 

electron transfer firstly occurs along the canonical chain in the similar time region (~ps) to that in the 

case of canonical PLs, but the back electron transfer from Trp1H to Trp3H•+ through Trp2H 

subsequently occurs unlike the canonical case. Nonetheless, the futile back electron transfer from 

FAD•– to Trp1H•+ is found to be repressed by the stabilization of FAD•– due to the reorganization of 

the surrounding residues during the electron transfer along the canonical chain (a few hundred ps). 

After all, Trp1H•+ was reduced by a successive electron transfer via the alternative chain, which 

produces a thermodynamically stabilized TrpDH•+ radical cation. These studies96 suggest that class III 

CPD PL is optimized to use both the kinetically favored canonical pathway and the 

thermodynamically favored alternative pathway for their productive photoreduction. The above 

mechanism is summarized in Figure 10b, though the scheme has not been confirmed by transient 

absorption data for class III CPD PL. 
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Figure 10. Plausible photoreduction pathway in class III CPD PLs. (a) The crystal structure of class III CPD PL 

from Agrobacterium tumefaciens (PDB ID: 4U63)94 suggesting the possibility that six Trp residues are involved in 

the photoinduced electron transfer to FAD. (b) Energetic estimation of each system possessing an indicated radical 

cation. The canonical Trp triad pathway is kinetically favored, but the alternative electron transferring pathway is 

thermodynamically favored96.

1.4.4 Extended electron transfer pathway in animal (6–4) PLs and CRYs

While the branching electron transfer pathway in class III CPD PL has not been fully 

characterized, another electron transfer pathway distinct from canonical Trp-triad chain is 

enthusiastically studied. The pathway is composed of the canonical three Trp residues in addition to 

one or two Trp or Tyr residues, which does not branch off from the canonical chain but extends the 

chain, and therefore is called an extended electron transfer pathway. In 2015, Müller et al. discovered 

that the accessory fourth Trp (Trp4H in Figure 11) plays a key role in the photoinduced electron 

transfer to FAD in (6–4) PL from Xenopus laevis (Xl64) and is highly conserved in animal (6–4) PLs 

and cryptochromes97. The ns–μs transient absorption measurement of the photoinduced electron 

transfer in Xl64 showed that (i) Trp4H reduces Trp3H•+ within 20 ns, (ii) the resultant Trp4H•+ is 
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deprotonated in 2.5 μs, and (iii) the extremely long-lived (40 ms) FAD•–···Trp4
• radical pair is 

produced. Because the mutation of Trp4H by a non-reducible Phe residue (W370F) accelerates the 

charge recombination between FAD•– and Trp• radical pair by 4000-fold, the stabilized radical pair in 

Xl64 cannot be formed without the presence of Trp4H. Furthermore, the following energetic study of 

the photoinduced electron transfer in Xl64 by QM/MM calculation confirmed that the successive 

electron transfer via the four Trp residues is downhill98. These results suggest that the elongated 

distance between FAD and final electron-donating Trp residue by Trp4H (20 Å for the distance 

between FAD and Trp4H vs. 15 Å for the distance between FAD and Trp3H) represses the charge 

recombination among the photoinduced charge separated states efficiently. Furthermore, Yamamoto 

et al. revealed that Trp4H in Xl64 is essential for not only its photoreduction ability but also its (6–4) 

PP repairing activity in vivo42. The study is surprising, because the photoreduction pathway lacking 

Trp4H in Xl64 seems to be structurally equivalent to the canonical Trp-triad chain, but is found to be 

functionally inactive. However, these studies did not give any molecular explanations for the 

mysterious findings.  
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Figure 11. Extended photoinduced electron transfer pathway in animal (6–4) PLs. The crystal structure of (6–4) 

PL from Drosophila melanogaster highly homologous to Xl64 (PDB ID: 3CVU)26 shows that animal (6–4) PLs 

have a fourth electron transferring Trp residue (Trp4H).

In addition to the benefit of the extended chain for FAD photoreduction ability in (6–4) PLs, 

the chain attracts great attention because of its magnetic sensitivity of animal CRYs. Since the first 

proposal for the possible involvement of CRYs in the detection of Earth’s magnetic field in 200099, 

the molecular origin of their magnetoreception has been discussed. One of the most discussed 

mechanisms sensing magnetic field is called radical pair mechanism (RPM). RPM is based on the 

observation that an external magnetic field affects distribution of spin states of photoinduced radical 

pairs, and different spin states can be discriminated by different recombination rates. Because CRYs 

can produce the photoinduced radical pairs between FAD and Trp residues and maintain the pairs on 

a relatively long time scale sufficient for the signal transduction, they have been suggested as one of 

the most promising candidate for proteins exerting RPM100-102. Recent comprehensive analyses of 

radical pairs in CRY4 from a migratory bird (Erithacus rubecula), by UV/vis and electron 

paramagnetic resonance spectroscopy combined with spin dynamics simulation, revealed that the 

presence of Trp4H is essential in sensing magnetic field as weak as the Earth’s magnetic field63.
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1.4.5 Inhibition of charge-recombination by fast deprotonation of electron donating residues 

 CraCRY, a bifunctional animal type CRY, has an extra Tyr residue36,103 (annotated as 

TyrOH373, where OH means the phenolic hydroxyl group) instead of Trp4H. In analogy to Trp4H, 

TyrOH373 is shown to participate in the photoinduced electron transfer104 (Figure 12a) and to donate 

an electron to Trp3H•+ by the fs–ns transient absorption measurements of the wild type and a Y373F 

mutant106. In contrast to Trp4H, the oxidized Tyr is rapidly deprotonated to TyrO•373 via proton-

coupled electron transfer in 800 ps, without any significant kinetic isotope effect nor a pH effect 

between pH 6.5 and 9.0105. The proton acceptor was strongly suggested to be Asp321 because of its 

close contact with TyrOH373 (3.0 Å) and a low pKa value of an Asp residue (pKa = 3.9 in aqueous 

solution). The ultrafast deprotonation is a good choice to suppress the nonproductive charge 

recombination, and the FAD•–···TyrO•373 radical pair is formed with a higher quantum yield than the 

FAD•–···Trp4
• radical pair in Xl64 (~50% for CraCRY vs. ~25% for Xl64)97,105. 

 Another prominent example of ultrafast deprotonation of electron donating residues occurs 

in Methanosarcina mazei class II CPD PL (MmCPDII). The crystal structure of MmCPDII shows that 

MmCPDII does not retain the canonical Trp-triad chain but another chain composed of three Trp 

residues and a fourth Tyr residue106. The alternative chain plays a similar role in the photoreduction 

of FAD to that of the canonical chain106, and photoinduced electron transfer takes place along the 

chain107. A fraction of the third tryptophan radical cation (TrpCH•+) produced via the successive 

electron transfer in 200 ps is subjected to the reduction from Tyr (~30%), but major subset of TrpCH•+ 

is mainly deprotonated in ~400 ps107. Because the ultrafast deprotonation shows a kinetic isotope 
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effect (~800 ps in a D2O buffer), a well-coordinated water cluster around TrpCH is suggested to 

mediate the deprotonation (Figure 12b).  

 These results show that surroundings of the distal radical cations accelerate the deprotonation 

to cancel futile recombination, leading to productive photoreduction of FAD in CraCRY and 

MmCPDII. 
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Figure 12. Fast deprotonation of electron donating residues for efficient photoreduction of FAD in (a) CraCRY and 

(b) class II CPD PLs. (a) The crystal structure of CraCRY (PDB ID: 6FN3)36 showing a photoinduced electron 

transfer pathway composed of the canonical three Trp residues and an additional Tyr residue (TyrOH373). 

TyrOH373 is rapidly oxidized via proton-coupled electron transfer modulated by Asp321 (800 ps). (b) The crystal 

structure of MmCPDII (PDB ID: 2XRZ)106 showing an uncommon electron transferring Trp residues and an 

auxiliary Tyr residue. The Trp residues are annotated as TrpAH, TrpBH, and TrpCH to distinguish them from the

canonical Trp chain (Trp1H, Trp2H, and Trp3H). The radical cation on TrpCH produced by the photoinduced electron 

transfer is more often subjected to the fast deprotonation by a water cluster than the slow reduction by the Tyr 

residue. Müller et al. referred eight water molecules observed in the crystal structure (shown in cyan sphere) as the 

member of the water cluster107.
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1.5 Background and outline of this thesis 

 Photolyase/Cryptochrome Superfamily (PCSf) is an evolutionarily old photoreceptor 

protein family present in all kingdoms of life and expresses a variety of indispensable functions, such 

as repair of UV-damaged DNA by PLs and circadian rhythm regulation by CRYs. In spite of the 

functional diversity, PCSf proteins share a part of the pathway to activate themselves, in which FAD 

is reduced to active redox states by absorbing photon energy. In the process called 

photoactivation/photoreduction, FAD gets an electron from a nearby Trp residue, and a successive 

electron transfer along an intraprotein Trp chain composed of the canonical three Trp residues lets the 

cation on the Trp residue go away and represses the futile backward electron transfer, stabilizing the 

reduced FAD state. A recent report that the presence of a fourth Trp residue (Trp4H) in animal (6–4) 

PLs and CRYs yields a long-lived charge-separated state has attracted great attention, because the 

trick to inhibit the charge recombination between FAD and Trp residues is suggested to be directly 

involved in signal transductions by CRYs. 

 On the other hand, the surprising findings of the functionally essential Trp4H in animal (6–

4) PLs give rise a question how plant (6–4) PLs, which utilize the canonical three Trp residues, can 

accomplish the same function with animal (6–4) PLs. In this thesis, I tried to disclose an undefined 

mechanism allowing plant (6–4) PLs to perform the productive photoinduced electron transfer and 

photoreduction of FAD. This thesis should not only reveal a strategy which the natural system has 

found out for the efficient photoreaction in the process of evolution, but also provide a new suggestion 

for photoinduced conformational changes in (6–4) PLs and CRYs. 
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Chapter 2. I focused on an effect of a water molecule on photoreduction of FAD in plant Arabidopsis 

thaliana (6–4) PL (At64). The water molecule is located proximal to the terminal electron transferring 

Trp residue (Trp3H) in the reported crystal structure of At64. Molecular dynamics simulations 

indicated that the water is stably captured in a fixed orientation, while a mutation of Ser412 disturbs 

the orientation and causes the water displacement from the binding site. Steady-state photoreduction 

kinetics measurements and a functional assay revealed that the mutation impaired the photoreduction 

ability in vitro and in vivo. The combination of computational and experimental analyses suggested 

that the water molecule plays a key role in the photoreduction of FAD in plant (6–4) PLs, presumably 

due to its involvement in the stabilization of the photoinduced charge separated states between FAD 

and Trp3H. 

 

Chapter 3. In the previous chapter, I discovered that a water molecule close to Trp3H is required for 

the efficient photoreduction in plant (6–4) PLs, but the mechanism enabling the water to participate 

in the reaction was not fully identified. In this chapter, I found that a regulated solvation of Trp3H 

yields an extraordinarily long-lived charge-separated state for the productive photoreduction. I 

focused on a clearly different residue neighboring Trp3H between plant (6–4) PLs and animal (6–4) 

PLs (His and Ser are strongly conserved in plant and animal (6–4) PLs, respectively.). Molecular 

dynamics simulation showed that mutations of the His residue alters accessibility of the bulk solvent 

to Trp3H. Steady-state and time-resolved spectroscopy revealed that the disturbed solvation of Trp3H 
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by the mutations impairs photoreduction ability by affecting lifetimes of the photoinduced charge-

separated states between FAD and Trp3H. I discovered that the surprisingly regulated solvation of 

Trp3H including the water molecule discussed in the previous chapter enables plant (6–4) PLs to 

perform the efficient photoreduction. The newly identified mechanisms will expand the arsenal of 

tricks employed by PCSf proteins to achieve efficient photoreduction. 

 

Chapter 4. In Chapters 2 and 3, I discovered the distinctive mechanisms allowing plant (6–4) 

photolyases to stabilize photoinduced charge-separated states for the productive photoreduction. In 

Chapter 4, I tried to uncover a common factor regulating FAD photoreduction in a wide range of PCSf 

proteins by shedding light on their conformational changes accompanied by FAD photoreduction. 

Hydrogen/deuterium exchange mass spectrometry (HDX-MS) measurement of At64 revealed small 

but significant conformational changes upon the photoreduction. The detailed movement of residues 

was investigated by an electrochemical measurement of a mutant, in which a residue concerning the 

conformational changes is replaced to block the rearrangements. Finally, steady-state photoreduction 

kinetics for the mutant and an additional mutant suggested that conformational changes in two helices 

modulate the photoreduction ability of At64. Because the key residues to exert the changes are 

strongly conserved among other (6–4) PLs and animal cryptochromes, the proposed mechanism could 

provide a new insight into photoinduced conformational changes in various PCSf proteins. 
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Involvement of a water molecule in 
photoactivation of plant (6–4) photolyases 
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2.1 Introduction 

In this chapter, I investigated a factor that stabilizes photoinduced charge-separated states in 

plant Arabidopsis thaliana (6–4) photolyase (At64), by shedding light on the surroundings of the final 

electron donating Trp residue. This was the first investigation to suggest that a fixed water molecule 

proximal to the Trp residue has an impact on the stabilization of the charge-separated states in (6–4) 

photolyase. The results will inspire future theoretical and experimental works aiming at the molecular 

mechanisms of the stabilization of the charge-separated states caused by the Trp environment. 

Photolyases (PLs) are flavoproteins able to repair crosslinks in DNA formed by exposure to 

ultraviolet (UV) in sunlight in a light-dependent manner, i.e. reverting cyclobutane pyrimidine dimers 

(CPDs) and pyrimidine(6–4)pyrimidone photoproducts ((6–4) PPs) to the intact pyrimidine 

nucleobases1,2. The key reaction of the light-driven DNA repair by PLs is an electron transfer from 

the excited state of fully-reduced flavin adenine dinucleotide (FADH–) to the UV-damaged DNA3. 

On the other hand, FAD in PLs can take several redox states, namely oxidized (FADox), semi-quinoid 

(FADH•), and fully-reduced FAD (FADH–), and PLs obtained as recombinant proteins generally 

possess fully or partially oxidized FADs, but not catalytic FADH–4,5. FAD is buried in the active site 

where the UV-lesions are accommodated upon DNA recognition6,7, and thus external reducing agents 

such as glutathione are hardly accessible to the FAD chromophore. For the efficient reduction of the 

FAD chromophore, there is a distinct photoreaction for reduction of oxidized FADs in PLs upon light 

illumination, in addition to the light-dependent DNA repair. This process is so-called photoactivation 

(and/or photoreduction)8. Upon FAD excitation, the excited state of FAD abstracts an electron from 

a neighboring tryptophan (Trp1H) side chain9, forming a charge-separated state of an FAD-Trp radical 
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pair. Subsequently, the radical cation of Trp1H (Trp1H•+) gets reduced by a secondary outer Trp 

(Trp2H), and Trp2H•+ is again reduced by the third Trp (Trp3H) within <200 ps, as if the hole migrates 

toward the protein surface by hopping on the three Trp residues (Figure 1a)10-12. The charge separation 

between FAD and Trp3H by ~14 Å inhibits the charge recombination, and the radical pair survives 

with a lifetime of up to milliseconds13. Trp3H•+ is reduced by external reducing agents in solutions, 

stabilizing the reduced state of FAD. 
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Figure 1. Photoactivation of FAD chromophore using Trp chains. (a) Superimposition of structures of Arabidopsis 

thaliana and Drosophila melanogaster (6–4) photolyases (3FY414 and 3CVU7). Their FAD and electron-transferring 

Trp chains are highlighted. The Trp chain in Dm64 and At64 are colored in cyan and magenta, respectively. Note 

that Dm64 and Xl64 share the presence of Trp4H. (b) Reaction scheme for FAD photoreduction with the canonical 

Trp triad and tetrad. Abbreviations: Xl = Xenopus laevis; At = Arabidopsis thaliana; Dm = Drosophila melanogaster.

In some PLs, the final electron donor in the photoactivation is known to be an additional 

aromatic residue that reduces the third TrpH•+. In Xenopus laevis (6–4) PL (Xl64), a Trp residue at the 

370th position (Trp370) exists proximal to Trp3H, and its mutation to non-reducing phenylalanine 

(W370F) resulted in accelerated charge recombination by a factor of 4000, as compared to that of the 

wild type (WT)15. Such acceleration of the charge recombination in W370F of Xl64 significantly 
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affected its DNA repair ability in bacterial cells16, due to the incapability of the formation of FADH–, 

indicating that Xl64 utilizes Trp370 as the final electron donor in the photoactivation with the Trp 

tetrad. As the 4th Trp (Trp4H) is located slightly away from the FAD chromophore, charge 

recombination between the FAD-Trp4H pair would be suppressed better than the FAD-Trp3H pair. 

According to the sequence alignment analysis, Arabidopsis thaliana (6–4) photolyase (At64) lacks 

Trp4H but possess phenylalanine instead, meaning that At64 and Xl64-W370F share their 

photoactivating Trp chain (Figure 1a). Nonetheless, bacteria transformed with the plasmid containing 

the At64 gene reportedly survived upon successive illumination of UV and white light16, indicating 

that photoactivation of At64 utilizes the canonical Trp triad. The contradictory observations between 

At64-WT and Xl64-W370F, sharing the same photoactivation Trp chain, implies an underlying 

mechanism for stabilization of the FAD-Trp radical pair independent on the radical pair distance. 

The key processes for suppression of the charge recombination are protonation of the 

reduced FAD (FAD•–) and/or deprotonation of TrpH•+17, the latter forming a neutral tryptophanyl 

radical (Trp•). In Xl64-WT, for instance, the time constant for the charge recombination of the FAD•–

-Trp4H•+ pair is reportedly >25 μs, while that of the FAD•–-Trp4
• pair is 40 ms15. The deprotonation 

of Trp4H•+ in Xl64-WT occurs in 2.5 μs, which is 10-times faster than the charge recombination 

process, and therefore the charge-separated state easily gets stabilized. In Xl64-W370F, on the other 

hand, the time constants for the charge recombination of the FAD•–-Trp3H•+ pair and the deprotonation 

of Trp3H•+ are coincident (400 ns)15, leading to the less-stabilized charge-separated state in Xl64-

W370F than in Xl64-WT. As superimposition of the crystal structures of Drosophila melanogaster 
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(6–4) photolyase (Dm64, sharing the Trp tetrad with Xl64) and At64 indicated that the distance and 

orientation between FAD and Trp3H are almost identical (Figure 1a), the circumstance surrounding 

Trp3H would significantly influence the fate of the charge-separated state of the FAD-Trp radical pair. 

Yet, the key factors that potentially control the physical process of the enzyme activation remain 

obscure. The FAD photoreduction process is also important for blue-light receptor cryptochromes 

(CRYs), regulatory proteins involved in gene expression, signal transduction, and circadian clock, as 

PLs and CRYs form a superfamily (PCSf) and share the electron-transferring Trp chains1,18. 

Understanding of the photoactivation process of PLs would thus potentially provide insights into the 

light-dependent functions of CRYs. 

By revisiting the reported crystal structure of At6414 in order to search for candidates that 

would stabilize the FAD-Trp radical pair, I noticed the presence of a water molecule proximal to 

Trp3H. In this chapter, I investigate the role of the water molecule in the photoactivation of At64 by 

molecular dynamics (MD) simulations and photochemical/biochemical analyses using WT and 

mutants of At64, and found that the water molecule has a striking impact on the photoactivation of 

At64. The new insights obtained in this study into the photoactivation of FAD would be helpful to 

understand the photoactivation in other PLs and CRYs. 

 
2.2 Results 

2.2.1 Characteristic behaviors of a water molecule investigated by molecular dynamic simulations 

To seek for the molecular origin of the stabilization of Trp3H•+ in At64, I carefully inspected 

the reported structure of At64, and noticed the presence of a water molecule (Wat3139) at a distance 
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of 3.01 Å from the nitrogen atom in the indole moiety of Trp3H (W329, Figure 2a). Because the 

previous theoretical study suggested that solvation of TrpH•+ could be one of the driving force of the 

hole transfer in the Trp tetrad19, the water molecule proximal to the electron-transferring Trp residue 

would play a key role in the photoactivation of At64. Interestingly, not only Chain A of this coordinate 

but also Chains B and C contain the water molecule at the identical position. This water is located 

proximal to the main chain of Lys325 and side chains of Ser412, Trp383 (Trp2H), Trp329 (Trp3H), 

and Cys324 within hydrogen-bonding distances (Figure 2a). Since this water binding site is located 

near the protein surface, Wat3139 would perhaps be located by chance. In order to evaluate the 

behavior of this water molecule, molecular dynamic simulations of the At64 were carried out. The 

coordinate of the protein, the water molecules, and the chromophore of At64-WT was wrapped with 

the TIP3P water model, and the water coordinate in the crystal structure was replaced with the TIP3P 

model. After energy minimization, heating from 0 to 300 K, and equilibration for 1 ns, MD simulation 

was performed at 300 K for 200 ns. The distance between the oxygen atom of the water molecule in 

the binding site and the nitrogen of the indole ring of Trp3H (dO···N) was extracted from the trajectory, 

and plotted over the simulation time (Figure 2b). In At64-WT, the water located in the binding site 

slightly fluctuated but did not escape from the binding site, keeping the average dO···N of 3.04 ± 0.19 

Å. Therefore, the water is stably captured by the surrounding amino acid residues. 
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Figure 2. Characteristic behaviors of a water molecule proximal to Trp3H in the MD simulations. (a) The structure 

of the water binding site in the close vicinity of Trp3H of At64. The amino acids residues located within 4 Å from 

Wat3139 in the coordinates (Chain A of 3FY4) are highlighted. Gray dotted lines represent interactions between the 

water and the nitrogen atom of the indole ring of W383 (Trp2H) or the carbonyl group in the main chain of K325, 

with their distances of 2.92 and 2.83 Å, respectively. Black dotted lines represent interactions between the water 

and the side chain of C324 or S412, with their distances of 3.37 and 2.87 Å. A red dotted line represents interaction 

between the water and the nitrogen atom of the indole ring of W329 (Trp3H), with its distance of 3.01 Å. (b–d) Time 

developments of dO···N in the MD simulations of (b) At64-WT, (c) the S412A mutant of At64, and (d) the 

C324A/S412A double mutant of At64. The inset in the panel (c) represents an expanded view of the position shift 

of the water molecule in the S412A simulation. The average O···N distances are noted in each panel. 

 

As above mentioned, the side chains of Ser412 and Cys324, which are conserved well among 

(6–4) PLs and animal CRYs15, seem to participate in the water recognition, and therefore the MD 

simulation for the S412A mutant was performed in the same way as for WT (Figure 2c). In this case, 

the average dO···N within the first 180 ns was 3.18 ± 0.30 Å, indicating that the water molecule in 

S412A fluctuated a bit more than in WT. At ~190 ns simulation time, interestingly, dO···N suddenly 

increased up to 7 Å (inset of Figure 2c), and after a few ns trip, the water came back to the binding 

site. Thus, I further performed an additional 150 ns simulation. The returned water was located at the 

average dO···N of 3.14 ± 0.28 Å during the 150 ns simulation. These results demonstrated that the 

water was recognized less by the S412A mutant than by WT, indicating that the Ser412 side chain 

participates in the water recognition. 

To check the involvement of Cys324 in the water recognition, MD simulation of the 
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C324A/S412A double mutant was performed in the same way (Figure 2d). In the first 58 ns simulation, 

the water was located at the average dO···N of 3.77 ± 0.60 Å, indicating that the water molecule is less 

recognized in the binding site. Even more interestingly, Wat528, which is the water molecule initially 

located in the binding site (wat1), escaped to the bulk and the Wat25943 molecule occupied the 

binding site instead of wat1. Although the second water (wat2) was located in the binding site at the 

average dO···N of 3.56 ± 0.52 Å during 60 ns simulation time, dO···N of wat2 suddenly became large 

again and wat2 was hidden in the bulk. Instead, third water, Wat20605 (wat3), came into the binding 

site from the bulk. The wat3 was located at the average dO···N of 3.67 ± 0.59 Å for the rest of the 

simulation time without replacement. These results demonstrate that introduction of the C324A 

mutation drastically increases the frequency of water replacement. 

 

2.2.2 Roles of Ser412 and Cys324 in the water recognition 

 To gain insights into the possible role of the Ser412 and Cys324 residues in the water 

recognition, the structures obtained by the MD simulations were carefully surveyed. Interestingly, 

two hydrogen atoms of the captured water molecule in the At64-WT simulation kept directing toward 

the O atom of the main chain of Lys325 and the O atom of the side chain of Ser412, forming hydrogen 

bonds (Figure 3a). These two H atoms were not distinctive because the flipping of the water molecule 

was observed during the 200 ns MD simulation (Figures 3b and c). However, the dipole moment of 

the water kept directing toward the margin between Lys325 and Ser412, meaning that the orientation 

of the water molecule is strictly regulated by the protein environment. In the S412A structure, on the 
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other hand, the water molecule was mainly held by the main chain of Lys325 and side chains of 

Trp329 and Trp383, and the direction of the dipole moment of the water in the S412A simulation was 

totally different from that in the WT simulation, with more fluctuation than in WT. These observations 

suggest that Ser412 would play a role in anchoring the water molecule.

Figure 3. Orientation of the captured water molecule in the MD simulations. (a) A snapshot of the structure of At64-

WT. K325, W329 (Trp3H), and S412 residues in addition to the captured water molecule are highlighted. (b and c) 

Distance analysis of hydrogen bonds between two hydrogen atoms of the captured water (H1 and H2 shown in black 

and red, respectively) and (b) the O atom of the main chain of K325 or (c) the O atom of the side chain of S412, in 

15–25 ns simulation time.

Even more interestingly, the trajectory of S412A simulation revealed that the distance 

between the sulfur atom of Cys324 and the O atom of Lys325 suddenly increased at the occurrence 

of the water displacement (Figure 4b and c). As shown in Figure 2d, the absence of Cys324, i.e. the 

C324A/S412A double mutant, caused the increased frequency of water replacement in the binding 

site. In some cases, two water molecules were observed in the binding site (Figure 4d and e), 

indicating that loss of the Cys324 side chain increases the accessibility of water to the Trp3H. By 



51

contrast, in silico attempt whether the water can spontaneously be incorporated into the binding site 

of WT was unsuccessful with a 200 ns simulation time, and no water molecule was incorporated into 

the binding site when the initial structure without the captured water was used (data not shown). These 

results indicate that Cys324 would play a role in water gating, inhibiting water molecules going in 

and out of the water binding site.

Figure 4. Plausible roles of C324 in the water binding. (a) A snapshot of the trajectory for the S412A simulation. 

The black and red dotted lines represent the focused distances. (b and c) Distance analysis between the sulfur atom 

of the side chain of C324 and the oxygen atom of the main chain of K325 (S···O distance) in the (b) WT or (c) 

S412A trajectories. The inset in panel (c) is a superimposition of the expanded view of the S···O distance (black) 

and dO···N (red). The latter is reproduced from Figure 2c. The occurrence of the water trip and the Cys-Lys gate 

opening is obviously coincident. (d and e) Two water molecules in the binding site in the MD simulation of the 

C324A/S412A double mutant. Snapshots of the trajectory at (d) 36 ns and (e) 125 ns are shown.
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2.2.3 FAD photoreduction abilities of WT and mutants of At64 in bacteria and in vitro 

The MD simulations of the WT and the mutants of At64 suggested that the water molecule 

proximal to the Trp3H is well recognized in the binding site through the hydrogen bonds, while 

mutations of the amino acid residues in the binding site increases the accessibility of water. To link 

the behavior of the water molecule observed in the MD simulation to the characteristic function of 

At64, FAD photoreduction abilities of the WT and the mutants of At64 were investigated. In the 

previous study on the FAD photoreduction of Xl64, mutation of the Trp tetrad significantly reduced 

the survival of bacteria upon successive illumination of UV and white light16, indicating that Xl64 

requires the photoactivation process for the formation of catalytic FADH– in bacteria, while this 

process is reportedly not required for E. coli PL in bacteria20,21. For At64 utilizing the canonical Trp 

triad, it has been shown that the mutation of Trp3H into non-reducible phenylalanine caused 

significant decrease in survival16. If the water molecule captured in the binding site contributes to the 

stabilization of the charge-separated state of the FAD-Trp radical pair, survival of bacteria 

transformed with the plasmids containing the S412A or C324A/S412A mutant genes would be 

reduced as compared to those expressing the WT gene, because FADH– formation required for the 

DNA repair ability of PLs would be suppressed. To check FAD photoreduction abilities of these 

mutants, the UV survival assay was performed in the same way as in the previous study (Figure 5). 

At 0.6 J m–2 UV irradiation, the survival of bacteria expressing the Trp3H-lacking mutant (W329F) 

gene was significantly reduced (1.3 ± 0.2%) as compared to those producing the WT (17 ± 2.7%). 

Interestingly, survivals of S412A- and C324A/S412A-expressing bacteria at 0.6 J m–2 irradiation were 
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found to be 2.4 ± 2.3% and 3.6 ± 1.5% with their P-values of 0.0024 and 0.0019, respectively, as 

compared to the results obtained for the WT, and their survivals were in the similar range to those 

expressing W329F. These results suggest that the stably captured water in the binding site has an 

impact on the DNA repair ability of At64, presumably due to inefficient formation of catalytic FADH–. 

 

 
Figure 5. Survivals of E. coli transformed with the plasmids containing the WT or the mutants of At64 genes upon 

0 (open bar), 0.3 (shaded bar), and 0.6 (gray bar) J m–2 UV irradiation, followed by white light illumination for 30 

or 60 min. The experiment was performed in triplicate (n = 3), and the data were statistically analyzed by Student’s 

t-test. Statistic significance was set to P < 0.05. Each point and error bar represents mean ± SD. Asterisks indicate 

P values of 0.0024 (*), 0.0019 (**), and 0.0061 (***), respectively. 

 

To gain insights into what extent the captured water molecule has impact on the 

photoactivation, UV survival with the prolonged white light illumination was investigated. In the 

previous study, the prolonged white light illumination up to 90 min did not affect the survival of the 

bacteria transformed with the plasmid containing the Xl64-W370F gene16. The FAD photoreduction 

of recombinant Xl64-W370F was 1000-fold decelerated as compared to that of Xl64-WT, and thus 

the FADH– formation of Xl64-W370F was strongly inhibited in cells. If the photoreduction is not so 
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slow in the At64-S412A, FADH– would be formed upon extended illumination of white light, leading 

to the recovery of the survival. The survival of the S412A-expressing bacteria with the white light 

illumination for 60 min was found to be 12 ± 6%, which is in the range similar to that for At64-WT 

with the 30 min illumination. Interestingly, the similar tendency was observed for the bacteria 

expressing the At64-W329F or At64-C324A/S412A genes with the prolonged white light illumination, 

and their survivals were found to be 18 ± 4.5% for At64-W329F and 34 ± 20% for At64-

C324A/S412A. These results indicate that the mutants of At64 acquired the DNA repair activity by 

the prolonged white light illumination, in contrast to the previous results of the UV survival assay 

using bacteria expressing the Xl64-W370F gene. 

In order to investigate the FAD photoreduction abilities of the mutants of At64, the S412A 

and C324A/S412A mutants of At64 in addition to At64-WT were obtained as recombinant proteins 

bearing FADox, and their photoreduction under anaerobic conditions were performed (Figure 6). Upon 

light illumination, FADox in At64-WT was immediately reduced, and almost all FADox molecules 

were converted to FADH– after 3 min (Figure 6a). The decay of the absorbance at 450 nm (A450), 

which is the characteristic absorption band of FADox, was fitted with a monoexponential function, 

and its half-life (t1/2) was found to be 0.36 ± 0.0089 min under the experimental conditions. The same 

experiment was performed with the W329F mutant of At64 (Figure 6b), and its t1/2 was 7.37 ± 0.23 

min, indicating a 20-folds slower reaction than in the WT. The FAD photoreduction in the S412A 

mutant was decelerated as compared to that in the WT (Figure 6c), and its t1/2 was 1.55 ± 0.10 min. 

Interestingly, the C324A/S412A double mutant, in which the water molecule was frequently replaced 
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during the simulation time (Figure 6d), exhibited the FAD photoreduction kinetics similar to the 

S412A mutant, and t1/2 of the double mutant was 1.54 ± 0.093 min. These observations indicated that 

the hydrogen-bonding network including the captured water, not merely the presence of the water 

molecules near Trp3H, would be important for the proper photoactivation of At64. 

 
Figure 6. Photoreduction of FAD in recombinant At64 under anaerobic conditions. The recombinant proteins of (a) 

WT, (b) W329F, (c) S412A, and (d) C324A/S412A of At64 were illuminated with >430 nm white light for a certain 

period under anaerobic conditions, and their spectra were recorded. This process was repeated until the formation 

of FADH– was observed. The spectra shown in purple, blue, green, yellow, and red represent the initial to final states 

upon the light illumination in order. Note that the spectra in 580–610 nm regions are omitted, because there was a 

non-reproducible bump in this region caused by instrumental problems. The inset in each panel represents the decay 

of normalized A450 plotted over the total illumination time. The data points were fitted with a monoexponential 

decay function, and the obtained curves are shown in red.  

 

The survival of the bacteria transformed with the plasmids containing the Trp3H-lacking 
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At64 gene was recovered upon the prolonged white light illumination (Figure 5), while such 

prolonged white light illumination did not improve the survival of the bacteria transformed with the 

plasmid containing the Trp4H-lacking Xl64 gene16. These observations suggest that the FADH– ratio 

in the photostationary states of FAD in At64 upon the white light illumination would significantly be 

higher than that in Xl64. The possible reason for the effect of the prolonged white light illumination 

would be the difference in the reoxidation rates of FAD in At64 and Xl64. FADH– formation in cells 

is in competition with the spontaneous reoxidation, and thus FADH– can hardly be formed if the 

reoxidation is much faster than the FAD photoreduction. To check the reoxidation of At64-WT and 

Xl64-WT, anaerobically-prepared FADH– in At64 and Xl64 was exposed to air, by removing the cap 

of the anaerobic cuvette, and the absorption spectra were measured (Figure 7). Obviously, formation 

of FADox in At64 was much slower than in Xl64, and even after 3 hours, FADH– was the major redox 

state, whereas reoxidation of FADH– back to FADox in Xl64 was achieved quickly (within 5 min). 

These results suggested that the FAD photoreduction of Xl64-W370F in bacteria was strongly 

suppressed due to the decelerated FAD photoreduction and the fast reoxidation back to FADox. In the 

mutants of At64 in bacteria, on the other hand, the reoxidation of the reduced FAD is not as significant 

as in Xl64, and FADH– would be accumulated upon white light illumination slowly, leading to the 

recovery of the survival. 
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Figure 7. Reoxidation of FADH– in (a) At64 and (b) Xl64 under the aerobic conditions. After the photoreduction 

experiments under the anaerobic conditions, the cap of the anaerobic cuvette was removed. The nitrogen atmosphere 

in the cuvette was gently replaced with air, and the absorption spectra were measured at appropriate intervals without 

the cap. Note that the spectra in 580–610 nm regions are omitted, as described in the legend of Figure 6. 

 

2.3 Discussion 

2.3.1 Plausible roles of the captured water molecule in the photoactivation of At64 

To find clues to the molecular basis of the function of the captured water molecule, I focused 

the outside of the water binding site. The direction of the hydroxyl group of Ser412 is almost fixed 

during the MD simulation of the WT, and the Ser412 side chain interacts with the hydroxyl group of 

Ser410 through a hydrogen bond (Figure 8a). Furthermore, the hydroxyl group of Ser410 interacts 

with C=O of Trp406 (Trp1H) through a hydrogen bond (Figure 8a). These hydrogen-bonding 

networks including Ser412-H2O-Lys325 would contribute to the suppression of the local fluctuation, 

keeping the relative orientation and distance between FAD and the Trp triad constant. One may thus 

consider that break of the hydrogen-bonding network by introduction of the S412A mutation would 

cause the disordered fluctuation around the Trp triad, leading to decelerated FAD photoreduction. To 
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check the possibility, the root mean square fluctuation (RMSF) of the trajectories was analyzed 

(Figure 8b). Indeed, the RMSF values in the 413–435 region for the C324A/S412A mutant were much 

more prominent than for the WT and the S412A mutant. Because the water molecule ties up two loops 

where Ser412 and Lys325 are located (Figure 8a), this observation would be caused by the loss of the 

ordered hydrogen-bonding network including the captured water, meaning that the water molecule 

would contribute to the stabilization of the protein structure to some extent. However, the RMSF 

values in the region where the Trp triad is located were not changed by the mutations, indicating that 

the absence of the captured water molecule would hardly cause fluctuation of the Trp triad. 
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Figure 8. Role of the hydrogen-bonding network including the captured water molecule. (a) A snapshot of the MD 

trajectory of At64-WT. FAD, the Trp triad, and the amino acid residues involved in the hydrogen-bonding network 

are highlighted. (b) Root mean square fluctuation (RMSF) analysis of the trajectories of the WT (black), S412A 

(red), or C324A/S412A (blue) MD simulations. Although At64 consists of ~520 amino acids, the results up to 440 

amino acids are shown. The positions of the Trp triad for At64 are highlighted in red in the sequence. Obviously, 

the RMSF values of the Trp triad for the mutants are almost the same as that for the WT, indicating that the absence 

of the captured water hardly has an impact on the fluctuation of the Trp triad. (c) A schematic view of the hydrogen-

bonding network. The hydrogen bonds are shown in red, and possible proton release pathways to the bulk are shown 

with red arrows.

Considering possible roles of the water molecule apart from the structural stabilization, the 

captured water molecule with the hydrogen-bonding network would directly be involved in the 

stabilization of the FAD-Trp radical pair, probably through the deprotonation of Trp3H•+. The 

deprotonation process facilitates the formation of the FAD•–-Trp3
• radical pair, the charge 

recombination of which is in general much slower than that of the FAD•–-Trp3H•+ pair22. The Ser412-

H2O-Lys325 hydrogen-bonding network finely regulates the position and the orientation of the 

captured water molecule (Figures 2 and 3), directing the lone pair of the O atom of H2O toward the 
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N-H of Trp3H, and therefore this captured water molecule would function as a proton acceptor of the 

Trp3H•+ (Figure 8c). Supposing the possible involvement of water as the proton acceptor, the question 

is how and to where the proton would be released. The primary candidate of the proton release 

pathway would be along the hydrogen-bonding network, although the pathway toward Trp406 is 

directed toward the inner side of the protein and there are no proton accepting groups around Lys325 

(Figure 8a). The second possibility would be involvement of Cys324 in the proton release from the 

Trp3H•+ radical cation, working as a proton relay (Figure 8c). During the MD simulations, some water 

molecules were prone to be located outside of the Cys324, and therefore the proton might be released 

through the Cys324 side chain to the bulk. 

Such a facilitated proton release of TrpH•+ to the water cluster has recently been reported for 

Methanosarcina mazei class II CPD (MmCPDII), in which the proton release of the oxidized 

tryptophan takes place in a sub-ns order (0.2–0.4 ns)23,24. The Trp3H of MmCPDII (Trp388) is 

surrounded by a protein-bound cluster of 8 water molecules, and one of the water molecules (Wat247) 

is located near the N-H group of Trp388 in the crystal structure25. This Wat247 is recognized by 

Glu387, and the E387Q mutation of MmCPDII scarcely alters the deprotonation kinetics of Trp388, 

suggesting that the water cluster, not the Glu387 residue, would directly be involved in the proton 

acceptor. In the case of MmCPDII, the final electron donor of its photoactivation is considered to be 

a tyrosine residue at the 345th position, and the rapid formation of Trp• would be important both for 

the stabilization of the FAD-Trp radical pair and the proton-coupled electron transfer from Tyr345 to 

Trp388•, leading to the formation of the stable FAD•–-Tyr• radical pair. It is hence likely that At64 
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would also utilize the hydrogen-bonding network including the captured water found in this study, 

for the stabilization of the FAD-Trp radical pair, although the detailed kinetic analysis will be required 

to determine the role of the network in photoactivation of At64. 

 

2.3.2 Relevance of photoactivation of PLs to CRYs 

PCSf shares FAD photoreduction utilizing the Trp chain, whereas the light-absorbing form 

of FAD is FADH– for PLs and FADox for CRYs. The photoactivation process of CRYs largely attracts 

attentions of researchers as the proteins with the reduced form of FAD is thought to be the signaling 

state and also the FAD-Trp radical pair in CRYs would sense the magnetic field on Earth18,26. One of 

the key factors that tunes the redox state of FAD in PCSf is an amino acid residue near the N5 of the 

isoalloxazine ring, and in principle, asparagine is exclusively conserved among PLs27. In Drosophila 

melanogaster CRY, the conserved Asn is replaced with Cys, which greatly prolongs the lifetime of 

FAD•–, and the Asn-to-Cys mutation in Synechocystis sp. CRY-DASH reportedly modulated the 

photoactivation ability28. In Arabidopsis thaliana CRY1, the conserved Asn is replaced with Asp, 

which remarkably facilitates the protonation of FAD•– as compared to PLs29. Although the amino acid 

residues surrounding the FAD chromophore are relatively well conserved among PCSf except the 

above two examples, the surroundings of the final electron donor of the photoactivating Trp chain are 

critically diverse. Recent theoretical studies demonstrate that the solvent is a driving force for the 

downhill hole transfer along the Trp chain, and contributes to the stabilization of the FAD-Trp radical 

pair19,30. Thus, the circumstance of the photoactivation Trp chain would also have an impact on tuning 
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the photoactivation process of PCSf. Nonetheless, systematic investigations about the surroundings 

of the final electron donor have not been performed, except a recent research on Drosophila 

melanogaster CRY31. It is noteworthy that the hydrogen-bonding network highlighted in this study is 

located near the junction to the C-terminus domain, which plays a key role in the CRY functions18. 

This implies that the hydrogen-bonding network would potentially be involved in the light-dependent 

structural change of the C-terminus domain of CRYs, although more studies should be performed in 

future. This work, in addition to the recent MmCPDII studies23,24, will provide an idea that water is 

attributable to the photoactivation of PCSf. 

 

2.4 Methods 

Classical Molecular Dynamics Simulation 

All molecular dynamics (MD) simulations were performed with the AMBER 16 program 

package32. The atomic coordinates of At64-WT were obtained from Protein Data Bank (with its 

accession number of 3FY4), and Chain A of 3FY4 was used as the initial structure. The initial 

structures of S412A and C324A/S412A mutants of At64 were generated with SWISS-MODEL33 

using 3FY4 as the template structure. The geometric optimization and the electronic structure 

calculation for FADH– were performed using Gaussian0934 at B3LYP/6-31G(d) and MP2/6-

311++G(2d,2p) level, respectively. The obtained results were converted into the Amber force field 

using the Antechamber module35 of the AMBER 16 program package. In this study, I applied the 

Amber force field 14SB36 for the proteins and TIP3P water model37 for the water molecules. For the 
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simulation boxes, I constructed a margin of at least 12 Å from the proteins to the box boundaries. To 

neutralize the system, some counter ions (Cl–) were added. The total atom numbers for WT, S412A, 

and C324A/S412A were 74385, 79742, and 80029, respectively. 

In this study, I performed MD simulations as follows. First, the energy minimization for each 

system was performed for 5000 steps using the Sander module by imposing restrictions on heavy 

atoms, with a force constant of 10 kcal mol–1 Å–2. Then, the energy minimization without any 

restrictions was performed for 10000 steps. Each system was then heated from 0 K to 300 K for 100 

ps with an NVT ensemble (T = 300 K). Next, the equilibration runs were performed for 1 ns with an 

NPT ensemble (P = 1 atm and T = 300 K). Finally, the production runs were performed with the NPT 

ensemble (P = 1 atm and T = 300 K) for 200 ns on the WT and the C324A/S412A double mutant and 

for 350 ns on the S412A mutant. In all MD simulations, the SHAKE algorithm was used for the 

constraints38, and the periodic boundary condition with the particle mesh Ewald method was applied39. 

The simulation time step was set to 2 fs, and a snapshot was recorded in every 20 ps. The trajectories 

were analyzed by the CPPTRAJ module of the AMBER 16 program package40, and visualized with 

a VMD software41. 

 

Mutagenesis 

The S412A and W329F mutant genes of At64 were generated with QuikChange Site-

Directed Mutagenesis Kit (Agilent Technologies, La Jolla, CA) using the pGEX-4T-1 plasmid 

encoding At64 as a template16. The following sets of PCR primers were used: 
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d(GTGGTTATCATGTGCGTCGTTCTTTTACCA) and 

d(TGGTAAAAGAACGACGCACATGATAACCAC) for S412A; and 

d(TGCAAACAGATTCCATTCAACGAGGATCAT) and 

d(ATGATCCTCGTTGAATGGAATCTGTTTGCA) for W329F. The C324A/S412A double mutant 

gene was generated with QuikChange Site-Directed Mutagenesis Kit using the pGEX-4T-1 plasmid 

carrying the S412A mutant as a template. The set of PCR primers for introduction of the C324A 

mutation was as follows: d(GGGAAACCGGATCGCCAAACAGATTCCATG) and 

d(CATGGAATCTGTTTGGCGATCCGGTTTCCC). 

After the treatment of the PCR product with a restriction enzyme DpnI, E. coli DH5α competent cells 

were transformed with the products. The purified plasmids were sequenced and used for the survival 

assay and construction of the pET plasmids. 

 

Cell Culture 

The E. coli SY32 strain lacking phr, recA, and uvrA genes, but transfected with the 

pACYC184 plasmid encoding CPD-PL from E. coli to ensure specific photorepair of the CPD lesions, 

was used for the survival assay42. After colony selection by Luria-Broth (LB) agar plates containing 

tetracycline (10 μg mL-1), chloramphenicol (15 μg mL-1), and kanamycin (10 μg mL-1), the cells were 

further transformed with the pGEX-4T-1 plasmid encoding At64-WT or its S412A, W329F, or 

C324A/S412A mutant. The co-transfected bacteria were cultured in 1.5 mL LB medium containing 

tetracycline (10 μg mL-1) and ampicillin (80 μg mL-1) at 37°C overnight. The culture was diluted to 
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OD600 = 0.5 with LB medium. The diluted culture (1 mL) was induced with 2.4 μL of 10 mg mL-1 

isopropyl β-D-1-thiogalactopyranoside (IPTG) at 37°C for 1 hour. 

 

Survival Assay 

The survival assay was performed as described previously16,43. Briefly, the culture described 

above was appropriately diluted with phosphate buffered saline, and aliquots (150 μL) were spread 

onto LB agar plates containing tetracycline and ampicillin. The plates were illuminated with a 20 W 

UV germicidal lamp (UVL20PH-6, Sen Lights Co. Ltd., Osaka, Japan) through metal mesh filters 

(2.0 μW cm-2, calibrated with a UVX radiometer equipped with a 254 nm probe, UVP, LLC, Upland, 

CA) for 15 or 30 s, to yield a total irradiance of 0.3 or 0.6 J m–2, respectively. Subsequently, the plates 

were illuminated with fluorescent lamps (18W×4, FL20SSD/18, Toshiba, Tokyo, Japan) for 30 or 60 

min and incubated at 37°C overnight. The obtained colonies were counted, and the numbers were 

corrected taking into account the dilution percentage. All survival rates were normalized to the 

number of colonies formed without UV irradiation (set thus to 1). The experiments were 

independently performed in triplicate, and the data were analyzed by a Student’s t-test. Statistical 

significance was set to P < 0.05. 

 

Protein Purification 

Constructs for protein production were prepared as follows. WT and mutants of At64 genes 

in the pGEX-4T-1-plasmids described above were amplified by PCR with PrimeSTAR MAX DNA 
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polymerase (Takara), using a forward primer possessing a NdeI restriction enzyme site, 

d(CCCCATATGGCTACTGGATCCGGT), and a reverse primer possessing a XhoI restriction enzyme 

site, d(GGGCTCGAGCTATTTGAGTTTTGGTCGTTG). The PCR product was treated with NdeI 

and XhoI at 37°C for 1 hour, and the excised product was purified with agarose gel. The modified 

pET-28a plasmid bearing Xenopus laevis (6–4) PL gene15 was also treated with NdeI and XhoI at 

37°C for 1 hour, and the 5 kb product was purified with agarose gel. The PCR product and the vector 

treated with NdeI and XhoI were ligated using Ligation High mix (Toyobo), and DH5  competent 

cells were transformed with the ligation mixture. The purified plasmid bearing the At64 genes were 

sequenced and used for the following procedure, in a similar manner to the previous report44. 

E. coli C41(DE3)/pLysS (Lucigen) cells transformed with the pET28a-based plasmids were 

cultivated in 2 mL LB medium containing ampicillin (50 μg mL-1) and chloramphenicol (100 μg mL-

1) at 37°C overnight. The preculture was inoculated into 2 L LB medium containing ampicillin (50 

μg mL-1) in a 5 L flask with baffles, and cells were grown at 25°C until OD600 reached 1.2 – 1.6. After 

IPTG was added at a final concentration of 0.2 mM, the culture was further incubated at 25°C for 24 

h. After harvest, the pellet was resuspended in 40 mL of a lysis buffer (20 mM NaH2PO4, 500 mM 

NaCl, 5% glycerol pH 7.4 adjusted by KOH, plus 65 mg of lysozyme) and lysed by sonication. After 

centrifugation of the cell lysate, supernatant was poured into an open column filled with TALON® 

Metal Affinity Resin (Clontech, TaKaRa) equilibrated with the lysis buffer. The column was washed 

with four column volumes of a wash buffer (20 mM NaH2PO4, 500 mM NaCl, 10 mM imidazole, 5% 

glycerol, pH 7.4 adjusted by KOH), and the His-tagged protein was eluted with an elution buffer (20 
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mM NaH2PO4, 500 mM NaCl, 500 mM imidazole, 5% glycerol, pH 7.4 adjusted by KOH). The blue-

green eluate was loaded onto a HiTrap Heparin HP Column (GE Healthcare), and the column was 

manually washed with 5 mL of Buffer 1 (50 mM Tris-HCl, 5% glycerol, 100 mM NaCl), Buffer 2 

(50 mM Tris-HCl, 5% glycerol, 200 mM NaCl), Buffer 3 (50 mM Tris-HCl, 5% glycerol, 300 mM 

NaCl) and Buffer 4 (50 mM Tris-HCl, 5% glycerol, 400 mM NaCl). The purified enzyme was 

confirmed by SDS-PAGE and the concentration was measured on the basis of the FAD absorbance at 

450 nm, using a molecular extinction coefficient of 11300 L mol–1 cm–1. 
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Photoreduction Assay 

The purified enzyme solution (70 μL) diluted to 20 μM was applied to a Micro Bio-Spin 6 

column (BIO-RAD) equilibrated with a reaction buffer, consisting of 20 mM phosphate (pH 7.5), 500 

mM NaCl, 10% glycerol. The eluate (60 μL) was transferred to an anaerobic 10 mm × 2 mm × 8 mm 

(length × width × height) inner volume quartz cuvette (Starna, 16.160-F/4/Q/10 GL 14/2/Z15), and 

the sample was sealed with a screw cap and PTFE-coated silicone and rubber septa. The atmosphere 

in the cuvette was degassed and replaced with nitrogen through the septa, and the cuvette was 

transferred into an anaerobic glove box. Under anaerobic and dark conditions, the sample was mixed 

with L-cysteine (the final concentration of which was 5 mM) and the reaction buffer, and the final 

volume of the sample solution was 240 μL. 

The anaerobic samples were illuminated with continuous light (~430–800 nm) from a MAX-

150 xenon lamp (ASAHI SPECTRA), through the 10 mm × 8 mm window. After illumination of the 

sample on ice for a certain period, the sample solution was mixed by gentle shaking, and an absorption 

spectrum was measured at 10°C through the 10 mm path on a Lambda 35 UV/VIS spectrometer 

(PerkinElmer), equipped with a sample holder connected to a water cooling system. The absorbance 

at 450 nm of the obtained spectra were plotted and fitted with a monophasic exponential decay 

function with an Origin2019 software. 
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2.5 Conclusions 

I investigated the possible involvement of a water molecule proximal to the Trp3H of the 

At64 crystal structure in the photoactivation process. MD simulations clearly suggested that the water 

is stably captured in the WT, while the mutation of S412, which is a hydrogen-bonding partner of the 

water molecule, impaired DNA repair in bacteria and decelerated FAD photoreduction in the 

recombinant protein. The experimental observations in addition to in silico protein and water 

behaviors indicate that the hydrogen-bonding network around the final electron-donating Trp3H 

significantly plays a key role, presumably in the stabilization of the FAD-Trp3H radical pair of At64. 

Although more detailed analysis will be required in future so as to address the molecular mechanisms 

of the stabilization of the radical pair, this work provided an example that showed the direct 

involvement of the water in the photoactivation. 
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Chapter 3 
 

 

 

Essential roles of limited solvation of an electron 
donating tryptophan in photoactivation of plant 

(6–4) photolyases 
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3.1 Introduction 

 In the previous chapter, I discovered that a water molecule close to the final electron donating 

Trp residue is required for the efficient photoreduction in plant (6–4) photolyases, but the mechanism 

enabling the water to participate in the reaction was not fully identified. In this chapter, 

comprehensive analyses by steady-state photoreduction experiments, transient absorption 

spectroscopy, and molecular dynamics simulations revealed that regulated solvation of the Trp residue 

including the water molecule stabilizes photoinduced charge-separated state. The newly identified 

mechanisms will expand the arsenal of tricks employed by photolyases and cryptochromes to achieve 

efficient photoreduction. 

Photolyases and cryptochromes constitute a superfamily (PCSf) of ubiquitous structurally 

related photoactive flavoproteins1,2. The evolutionarily older photolyases (PLs) have specialized in 

the photoenzymatic repair of major UV-induced lesions: cyclobutane pyrimidine dimers (CPDs; 

specifically repaired by CPD PLs) and pyrimidine(6–4)pyrimidone photoproducts ((6–4) PPs; 

specifically repaired by (6–4) PLs). Cryptochromes (CRYs), which branched off from photolyases, 

have gradually lost their ability to repair DNA, but have progressively acquired new physiological 

functions as blue light receptors driving photomorphogenesis in plants or entraining the circadian 

clock in both plants and animals2. Numerous theoretical and experimental works suggest that animal 

cryptochromes, which group together with animal (6–4) photolyases, are also responsible for the 

ability of migratory birds and other animals to sense the Earth’s magnetic field and use it for 

orientation3,4. 
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PCSf proteins perform two distinct kinds of photoreactions: photorepair and photoactivation. 

In photorepair, which is unique to photolyases and a few rare ‘dual’ proteins (capable of acting as 

both DNA repair enzymes and photoreceptors5–7), the photoexcited fully reduced flavin (*FADH–) 

transfers an electron to the DNA lesion fixed in a nearby specific binding pocket. This electron 

transfer (ET) triggers bond rearrangement within the lesion, which, upon electron return to the 

intrinsically semi-oxidized (or semi-reduced) FADH•, ultimately leads to restoration of two intact 

bases and thus to DNA repair. 

Nevertheless, the flavin cofactor in PLs is not always in the catalytically active (fully 

reduced) form and therefore needs to be activated (reduced). This happens in the latter reaction called 

photoactivation. Photoactivation, which is common to both PLs and CRYs, is a light-induced 

reduction of the oxidized (FADox) or semi-reduced (FADH•) flavin chromophore via a chain of 

electron-transferring aromatic residues, typically three tryptophans. Upon excitation, *FADox or 

*FADH• abstract an electron from a nearby Trp residue8 (Trp1H), producing a ~4 Å charge-separated 

state (FAD•–/FADH– ··· Trp1H•+). Trp1H•+ subsequently gets an electron from a second Trp residue9 

(Trp2H), and the resulting radical cation Trp2H•+ in turn acquires an electron from yet another Trp 

residue near the protein surface10–12 (Trp3H), as illustrated in Figure 1a. The successive ET on the 

sub-nanosecond time scales yields a ~15 Å charge-separated state (FAD•–/FADH–···Trp3H•+). Finally, 

deprotonation13 of Trp3H•+ to Trp3
• and quenching of Trp3

• by external reducing agents14 stabilize the 

FAD•–/FADH– state15 (see Figure 1b detailing the first photoactivation step starting with FADox and 

yielding the semi-reduced FAD•–/FADH•). While the catalytically active redox form of FAD in DNA 
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repair by PLs is FADH–, light signaling by CRYs is believed to be triggered by FADox photoreduction 

to FAD•– (or by a negative charge on a neighboring residue that protonated FAD•– to FADH•)16-18. 

Most CRYs hence seem to use only the first photoactivation step.

Figure 1. Scheme of FAD photoreduction in PCSf proteins. (a) The crystal structure of At64 (PDB entry 3FY4)19

is superimposed onto a homology model structure of Xl64 using the crystal structure of (6–4) PL from Drosophila 

melanogaster (6–4) PL (PDB entry 3CVU)20 as template. FAD is shown in yellow, electron-transferring tryptophans 

and redox-inactive phenylalanine in At64 and Xl64 are shown in green and in salmon, respectively. (b) Reaction 

scheme detailing typical photo-induced charge transfer, charge separation and radical stabilization in PCSf proteins 

with Trp triads and tetrads. TrpH, TrpH•+, and Trp• denote the normal (non-oxidized) tryptophan state, the one-

electron-oxidized cation radical, and the one-electron-oxidized deprotonated neutral radical, respectively.

To ensure efficient photoactivation, PCSf proteins employ a plethora of ingenious tricks 

stabilizing the light-induced radicals and preventing futile charge recombination: e.g., branching 
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and/or elongation of the ET chain to four or even five residues21–23, rapid (~μs) protonation of FAD•– 

(unique to plant cryptochromes)24, or rapid (sub-ns) deprotonation of the last member of the ET chain. 

The latter can be achieved by the presence of a proton acceptor next to the terminal member of the 

ET chain (e.g., a deprotonated aspartic or glutamic acid25 or a cluster of structured water molecules 

communicating with the surrounding buffer26) or by using tyrosine as the terminal residue of the chain 

(while TrpH•+ has a pKa of ~427, TyrH•+ has a pKa of ~ −228 and deprotonates immediately in aqueous 

buffers). 

In this chapter, I focused on the (6–4) photolyase from Arabidopsis thaliana (At64), which, 

despite possessing a mere Trp triad, exhibits surprisingly high activity in bacterial cells – comparable 

to that of Xenopus laevis (6–4) PL (Xl64)29, which contains a Trp tetrad, and the photoactivation of 

which is known to yield very stable charge separation and unusually long-lived radical pairs21. After 

a series of experimental and theoretical studies, At64 is suggested to achieve efficient photoactivation 

by using a different set of tricks from other PCSf proteins: 1) rapid localization of the electron hole 

on the 3rd Trp (which is inferred from an unusually high (>80%) quantum yield of the FAD•– Trp3H•+ 

pairs, implying proportionally low losses of primary and secondary FAD•– TrpH•+ pairs by ultrafast 

recombination), and 2) prevention of solvent access to Trp3H•+, which extends its lifetime by a factor 

of ten (compared to a mutant with solvent-exposed 3rd Trp). I proposed that a histidine residue 

adjacent to the 3rd Trp and highly conserved in plant (6–4) PLs plays a key role in stabilization of 

Trp3H•+, thus expanding the arsenal of tricks leading to efficient photoactivation of PCSf proteins. 
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3.2 Results 

3.2.1 Primary and tertiary structures revealing major differences in the environment of Trp3H in 

plant and animal (6–4) PLs 

To address how plant (6–4) PLs are finely adapted to FAD photoreduction via the Trp triad, 

I assumed that residues around Trp3H affect the formation and/or stabilization of the photoinduced 

FAD•– Trp3H•+ charge-separated state. To explore the differences in the environment of Trp3H in plant 

and animal (6–4) PLs, the crystal structure of At6419 (PDB entry 3FY4) was superimposed onto a 

homology model structure of Xl64 generated as previously described21 (Figure 2a). Apart from the 

phenylalanine residue (Phe380 in At64), which is replaced with the fourth tryptophan in animal (6–

4) PLs (Trp370 in Xl64), the only major difference in the closest neighborhood of Trp3H (within 4 Å) 

is that a histidine residue conserved in plant (6–4) PLs (His382 in At64) is substituted with a serine 

in animal (6–4) PLs (Ser372 in Xl64). The remaining residues around Trp3H are either conserved 

(Trp383 and Met318 in At64 numbering) or very similar (Ile327 in At64 vs. Val317 in Xl64). 
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Figure 2. Structure and sequence analyses of plant and animal (6–4) PL orthologues. The phenylalanine inside the 

yellow box corresponds to F380 in At64. The histidine corresponding to H382 in At64 is highlighted in red. The 

electron-transferring Trp4H (W370 in Xl64) is marked in yellow. The serine inside the red frame corresponds to 

S372 in Xl64. (a) The local three-dimensional structures around Trp3H in At64 and Xl64. Residues conserved in 

both (6–4) PLs are shown in light grey. Residues unique to At64 and Xl64 are colored in green and cyan, respectively. 

(b and c) Primary structural analyses of (b) plant and (c) animal (6–4) PL orthologues.

Sequence analyses revealed that as high as 95% of compared plant (6–4) PL orthologues 

retain the His residue, and 92% of the animal (6–4) PL orthologues retain the Ser residue (Figures 2b 

and c). Interestingly, in no plant (6–4) PL orthologues is the histidine replaced with a serine, 

suggesting that the histidine residue could play a functional or at least an auxiliary role in the 

stabilization of Trp3H•+ and thereby in the photoreduction of plant (6–4) PLs.

3.2.2 Mutation of His382 to Ser in At64 decelerating the photoreduction in vitro and impairing the 

photorepair capability in bacterial cells

To examine whether the His/Ser difference affects FAD photoreduction via the Trp-triad, I 

investigated steady-state photoreduction kinetics for the H382S mutant of At64 (At64-H382S), as 

previously performed30 for the wild-type of At64 (At64-WT). At64-H382S was illuminated with >430 
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nm light in the presence of an external reductant under anaerobic conditions and the UV/Vis 

absorption spectral changes were monitored. Upon light illumination, the absorption band at 450 nm 

characteristic to FADox decayed and the spectra were gradually converted to that of FADH– (via 

transient accumulation of small amounts of FADH•, as indicated by the absorption growth and decay 

between 500 and 700 nm; Figure 3a). Fitting the normalized absorption at 450 nm (A450) with a 

monoexponential decay function revealed that FAD photoreduction in At64-H382S occurred with a 

half-life (t1/2) of 222 ± 4 s, which is about 10-fold slower than that in At64-WT30 (t1/2 = 21.6 ± 0.5 s) 

under the same conditions (Figure 3b). To examine whether the less efficient photoreduction caused 

by the H382S mutation affects the (6–4) PP photorepair activity of At64, UV-sensitive E. coli SY32 

cells, in which CPD lesions can be repaired due to a rescue plasmid coding E. coli CPD PL gene, 

were transformed with an At64-H382S expressing plasmid, in the same way as previously reported30. 

The survival rate was found to be about 10-fold lower in H382S than in WT (Figure 3c). These results 

indicate that the H382S mutation in At64 impairs the (6–4) PP photorepair in bacterial cells by 

hampering the preceding (and necessary) photoreduction reaction. 
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Figure 3. The influence of His→Ser and Ser→His substitutions on the photoreduction of and photorepair by At64 

and Xl64, respectively. (a) Evolution of absorption spectra upon FAD photoreduction in At64-H382S. The H382S 

mutant exhibited the typical spectral changes from FADox to FADH– upon white-light (> 430 nm) illumination with 

5 mM of cysteine under anaerobic condition. Data between 580 and 620 nm are omitted due to an irreproducible 

bump in the region produced by instrumental problems. (b) Comparison of the decay of normalized A450 reflecting 

the FAD photoreduction in At64-WT and At64-H382S. Measured data points (empty circles) are fitted with 

monoexponential decay functions (solid lines). (c) (6–4) PP photorepair activity assay for At64 variants in E. coli

cells. Survivals of the cells transformed with the plasmids encoding WT or mutants of At64 or an empty vector 

(annotated as (-)) upon 0 J m-2 (open bar), 0.3 J m-2 (shaded bar), and 0.6 J m-2 (grey bar) UV irradiation, followed 

by white light for 30 min. The W329F mutant is the mutant lacking Trp3H. The experiments were performed in 

triplicates (n = 3) and the statistical significance was analyzed with a t-test, where the significance cutoff value was 

set to 0.05, and the asterisk indicates the P value of 0.0035. (d) The decay kinetics of normalized A450 in the Xl64-

W370F and Xl64-W370F/S372H mutants showing that the S372H mutation in Xl64-W370F enhances the 

photoreduction efficiency in Xl64 lacking Trp4H.
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In the previous study29 on FAD photoreduction in Xl64 containing a Trp-tetrad, the mutation 

of Trp4H in Xl64 to Phe (Xl64-W370F) showed a comparatively slow photoreduction kinetics under 

the same conditions (Figure 3d, t1/2 = 297 ± 19 s). Interestingly, the W370F/S372H double mutant of 

Xl64 (Xl64-W370F/S372H), which mimics the circumstance of the Trp-triad in At64, exhibited ~4-

fold faster (t1/2 = 73 ± 4 s) photoreduction kinetics than Xl64-W370F (Figure 3d), illustrating that the 

introduction of the His residue elevated the photoreduction capability via the Trp-triad in Xl64 lacking 

Trp4H. Together, these results suggest that the His residue next to Trp3H does indeed play an important 

role in the FAD photoreduction via the Trp-triad. 

 

3.2.3 Photoreduction experiments on other His382 mutants 

In general, His residues play a variety of roles in biological functions based on their 

polarity31, acid-base properties32, and the planarity/aromaticity33. To identify which feature of His382 

in At64 controls the photoreduction via the Trp-triad, various His382 mutants were subjected to the 

photoreduction experiment. Although some mutants could not be isolated (presumably due to the loss 

of the structural integrity), I successfully purified the H382D, H382N, H382V and H382Y mutants 

of At64 without any apparent structural or functional perturbations as confirmed by their typical 

spectral changes during the photoreduction process (Figures 4a, b, c, and d). Their photoreduction 

kinetics were found to be 4.3, 3.3, 2.4, or 1.6-fold slower than At64-WT for the H382D, H382N, 

H382V, or H382Y mutant, respectively (t1/2 = 92 ± 5 s for H382D, t1/2 = 71 ± 4 s for H382N, t1/2 = 53 

± 5 s for H382V, t1/2 = 34 ± 3 s for H382Y, Figure 4e). 
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Figure 4. Photoreduction of FAD in His382 mutants of At64. (a, b, c, and d) Evolution of absorption spectra upon 

FAD photoreduction in the (a) H382D, (b) H382N, (c) H382V, and (d) H382Y mutants of At64. The plots of 

normalized A450 against time are reasonably well fitted with monoexponential functions as shown in the insets. Data 

between 580 and 620 nm for (a), (b), and (c) are omitted due to an irreproducible bump in the region produced by 

instrumental problems. (e) FAD photoreduction kinetics for H382Y (red), H382V (orange), H382N (green), and 

H382D (blue) At64 mutants reflected by the decay of normalized A450 values compared to WT (grey).
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The slowest photoreduction kinetics of H382D among the tested mutants indicates that the 

capacity of His382 to act as a proton acceptor for Trp3H•+ is likely not required to improve the 

photoreduction efficiency. The faster kinetics of H382V vs. that of H382N indicates that increased 

polarity near Trp3H is not beneficial either. The most similar kinetics to At64-WT was observed for 

the H382Y mutant. This result suggests the possibility that the planarity/aromaticity or just plain 

bulkiness of the His and Tyr residues might be the key factor that boosts the photoreduction efficiency. 

Interestingly, the His→Tyr substitution is found in (6–4) PL orthologues from primitive plants such 

as Lycopodiopsida and Bryophyta (Blast-p search showed that the His residue is conserved among 

95% of plant (6–4) PL orthologues and the rest has a Tyr residue in this position, Figure. 2b). 

Altogether, the photoreduction experiments on the His382 mutants suggest that small and polar 

residues are not good alternatives to His382 and that the proton-accepting ability and/or polarity of 

His382 are not required to make the FAD photoreduction in At64 efficient. 

 

3.2.4 Molecular dynamics simulations suggesting the regulated solvation of Trp3H in At64 

Given the observations that FAD photoreduction in At64 significantly slowed down upon 

mutation of His382 in At64 to relatively compact and polar residues (Ser, Asn, and Asp), I considered 

the possible involvement of solvation of Trp3H in the photoreduction. To evaluate the solvation, I 

performed molecular dynamics (MD) simulations for the His382 mutants in the same way as 

previously reported30, and analyzed the presence of water molecules around the Trp3H in the last 100 

ns of the production runs. The area within 3.4 and 5.0 Å of the nitrogen atom of the Trp3H indole ring 
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as was defined as the first (HS1) and the second (HS2) hydration shell, respectively (Figure 5a). 

Because bulk water molecules could come into HS1 through HS2 and HS2 could be susceptible to 

the mutation of His382, I first counted the number of water molecules in HS2 in each frame. As 

expected, the water molecule distribution in HS2 demonstrated that the replacement of His382 by 

Ser, Asn, and Asp residues resulted in an increased solvation of Trp3H compared to Val, Tyr, and His 

residues (Figure 5b). To examine the influence of the solvation in HS2 on that in HS1, I also analyzed 

the water molecule distribution in HS1 (Figure 5c), showing a clear difference between the WT 

protein and all the His mutants. Indeed, WT exclusively bore only one water molecule in HS1 in the 

course of the simulation time, while the mutants could have more than two molecules in a frame. In 

the previous chapter, I described that a water molecule was stably captured proximal to Trp3H during 

a MD simulation for WT (WAT1 in Figure 5a), and that the mutation of Ser412 (hydrogen-bonding 

to WAT1) to Ala significantly reduced the photoreducibility of At6430. As WAT1 is located in HS1, 

the observed single water molecule in the water molecule distribution in HS1 is assigned to be WAT1. 

It is conceivable that the mutation of His382 alters the coordination of WAT1, however, as shown in 

Figure 5d, the distance between the oxygen atom of WAT1 and the nitrogen atom of the indole ring 

of Trp3H (dO…N
1) during 100 ns simulation time for all the mutants was approximately the same as in 

WT. This result suggests that the mutation of His382 does not significantly affect the WAT1 

coordination and that another structural aspect is likely engaged in the fine-tuning effect of His382. 
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Figure 5. Trp3H solvation in WT At64 and its His382 mutants in MD simulations. (a) A snapshot of the WT structure. 

The first (HS1) and the second (HS2) hydration shell of the nitrogen atom of the Trp3H indole ring is colored in 

light and dark blue, respectively. (b) Number of water molecules in HS2 (within 5.0 Å of the nitrogen atom of the 

Trp3H indole ring) for WT and mutant At64 proteins. The number of water molecules within HS2 in a frame are 

counted over all the frames. (c) Water molecules distribution in HS1 (within 3.4 Å of the nitrogen atom of the Trp3H 

indole ring) for At64 variants. The numbers of water molecules within HS1 in a frame are averaged over all the 

frames. (d) The distance between the oxygen atom of WAT1 and the nitrogen atom of the indole ring of Trp3H 

(dO…N
1 in Figure 5a) during 100 ns simulation time for WT At64 and its H382 variants. (e) Total numbers of the 

respective water molecules coming in and out HS1 over the 100 ns simulation time window.
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Thus, I hypothesized that the presence and/or behavior of the additional water molecules 

(other than WAT1) in HS1 could affect the photoreduction in the His382 mutants of At64. To explore 

the dynamic behavior of water molecules, I counted the total numbers of the water molecules coming 

in and out of the HS1 during the 100 ns simulation, by tracing the ID of the water molecules (Figure 

5e). The results clearly show that there is a tendency that mutants with better water accessibility to 

HS1 are more difficult to photoreduce. As described above, WAT1 was the only water present in HS1 

of WT, suggesting that His382 would play a role in preventing water access to Trp3H. Interestingly, 

the result for the H382Y mutant, which exhibited the similar photoreduction kinetics to WT (Figure 

4e), indicated that only one additional water molecule (WAT2) came into and out of HS1, and that 

other randomly moving water molecules outside HS1 did not enter HS1. Noteworthy, WAT2 in 

H382Y has been captured at the position corresponding to the place occupied by His382 in WT during 

the simulation time (Figure 6). The limited access of random water molecules into HS1 in H382Y 

(Figure. 5e) suggested that WAT2 prevents other water molecules from approaching Trp3H, in a 

similar way to His382 in WT. In summary, the MD simulation and photoreduction experiments 

indicate that a more solvent-accessible environment around Trp3H in the H382S, H382N, and H382D 

mutants could have a negative impact on their photoreduction, while the photoreduction of At64-WT 

and H382Y seems to be enhanced by regulating the solvent access to Trp3H. 
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Figure 6. Orientation of the stably captured water molecule (WAT2) in H382Y At64. (a) A snapshot from the MD 

simulation for H382Y. (b) A schematic view of WAT2 recognition site. (c) The time development of the distance 

between the O1 / O2 atoms of the E384 side chain and the O atom of WAT2 plotted in black / red. (d) The time 

development of the distance between the O atom of WAT2 and the N atom of Trp2H plotted in blue. (e) The time 

development of the distance between the O atom of WAT2 and the N atom of Trp3H plotted in gray.

3.2.5 Transient absorption spectroscopy on ns–μs timescales revealing that the regulated solvent 

accessibility impedes Trp3H•+ deprotonation in At64-WT

In order to further clarify the effects of mutations on the fate of the photoinduced FAD•–

Trp3H•+ radical pair in At64, transient absorption spectroscopy in the ns-to-μs regime, where Trp3H•+

deprotonation and/or FAD•– Trp3H•+/Trp3
• charge recombinations are typically observed in PCSf

proteins, were employed for WT and the least photoreducible mutant H382S (Figures 7a and b). 

Based on the reference absorption spectra of the expected photoinduced species21 (Figure 7c), the 

photoreaction was followed at two selected wavelengths: at 457 nm, which is close to the maximum 
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of the expected bleaching of the FADox absorption band (due to its reduction to FAD•–) and where the 

Trp radicals do not contribute much to the absorption change; and at 562 nm, which is close to one 

of the two maxima of the TrpH•+ absorption band and where the absorption changes due to FADox 

reduction to FAD•– (and subsequent reoxidation upon radical pair recombination) are expected to be 

relatively small. 
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Figure 7. Transient absorption spectroscopy of WT and H382S At64 on a ns/μs timescale. Two representative 

wavelengths were chosen to follow the fate of the flavin and the Trp species separately: 457 nm, where the signal 

reflects mainly the FADox absorption bleach due to its flash-induced reduction to FAD•– and the subsequent 

recovery of FADox, and 562 nm, where the major contribution to absorption changes should come from the 

formation and decay of TrpH•+ / Trp• species. The recorded signals are shown in panels a) and b) in grey, results of 

their biexponential global fits are shown in blue (for 457 nm) and in red (for 562 nm). (a) Flash-induced 

absorption changes for ~125 μM At64-WT. (b) Flash-induced absorption changes for ~95 μM At64-H382S. (c) 
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Reference absorption spectra of FAD and Trp species expected to contribute to light-induced absorption changes 

in At64. Spectra are taken from the literature21. (d) Absolute value of the ratio of the 457 nm to the 562 nm signals 

for WT and H382S At64. Both traces begin at ~1.5, suggesting that the nature of the flash-induced radical pair is 

the same in both proteins at time zero. The factor of ~1.5 is consistent with the formation of FAD•– TrpH•+ pairs. 

While this ratio changes only slightly and slowly in the WT protein (in line with FAD•– TrpH•+ recombination 

being the major process), the ratio evolves dramatically in the H382S mutant (with τ ~100 ns), mainly due to the 

rapid decay phase in the 562 nm signal. Increase of this ratio suggests that TrpH•+ is transformed into Trp•, which 

absorbs less than TrpH•+ at 562 nm. (e and f) Superimposition of the phase amplitudes obtained from the 

biexponential fits of the transient absorption changes for (e) WT and (f) H382S At64 with the expected difference 

spectra (lines) reflecting the main underlying processes of the given kinetic phases (recombinations of the FAD•– 

TrpH•+/Trp• radical pairs to FADox + TrpH (TrpH does not absorb in the shown region) and/or TrpH•+ 

deprotonation to Trp•). 

 

Upon excitation by ~5 ns flashes at 480 nm, bleaching at 457 nm and absorption increase at 

562 nm with the same initial ratio of the two signals of ~ –1.5 : 1 in both protein samples were 

induced, followed by a decay of all signals to zero within less than 50 μs (Figures 7a and b), 

suggesting that all photoinduced radicals recombined in this time window. However, the signal decays 

were markedly different in the two proteins: while the decay of the WT signals at both wavelengths 

was essentially monoexponential with a time constant τ1 of ~1 μs and the signal ratio was changing 

only very little (indicating that charge recombination was the major process; according to the fit, 

traces of a slower τ2 ~8 μs process amounting to less than 10% of the signal amplitudes were present), 

the decay of the H382S signals was clearly biexponential, with τ1 of ~100 ns and τ2 of ~9.5 μs. The 

~100 ns phase was particularly visible at 562 nm and much less so at 457 nm, considerably changing 

the amplitude ratio of the two signals (see Figure 7d) and suggesting that the major underlying process 

of this phase was the deprotonation of TrpH•+ to Trp•, possibly with a bit of FAD•– TrpH•+ 

recombination in parallel. 
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The initial ratio of the signal amplitudes at 457 and 562 nm of ~ –1.5 : 1 is consistent with 

the formation of FAD•– TrpH•+ radical pairs in both proteins. In At64-WT, over 90% of these radical 

pairs seem to recombine directly with a time constant of ~1 μs (the amplitudes of this phase are in a 

good agreement with the difference spectrum of FAD•– – FADox + TrpH•+, see Figure 7e) and the 

TrpH•+ cation radicals seem to deprotonate in parallel in less than 10% of pairs, which then decay in 

~8 μs. Indeed, the amplitudes of this minor phase fit well the difference spectrum of FAD•– – FADox 

+ Trp• (Figure 7e). In At64-H382S, the situation is markedly different. Since the TrpH•+ cation radicals 

rapidly deprotonate within the first ~100 ns kinetic phase (the amplitudes of this phase are consistent 

with the TrpH•+ – Trp• difference spectrum, see Figure 7f), only a very small fraction of FAD•– TrpH•+ 

pairs recombines directly (in competition with the fast deprotonation). The fraction of the remaining 

FAD•– Trp• pairs (Figure 7f) is hence much larger in H382S than in the WT protein. Nevertheless, the 

lifetimes of the FAD•– Trp• pairs are comparable in both proteins (~8 μs in WT vs. ~9.5 μs in H382S). 

Given that the ~1 μs FAD•– TrpH•+ decay phase in WT reflects ~90% recombination and ~10% TrpH•+ 

deprotonation, the intrinsic time constant for TrpH•+ deprotonation is ~10 μs in this protein. This 

means that while the H382S mutation has virtually no impact on the lifetime of the FAD•– Trp• pairs 

(see above), it accelerates the TrpH•+ deprotonation by a factor of ~100 (from ~10 μs in WT to ~100 ns 

in H382S) and shortens the lifetime of the FAD•– TrpH•+ pairs by a factor of ~10 (from ~1 μs in WT 

to ~100 ns in H382S). As far as I know, Trp3H•+ deprotonation in At64 in ~10 μs is the slowest 

terminal TrpH•+ deprotonation rate ever reported for a WT PCSf protein (the second-slowest being 

the Trp4H•+ deprotonation in Xl64 in ~2.5 μs under very similar conditions21). 
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The energy of the excitation pulses was also estimated using the [Ru(bpy)3]2+ actinometer34, 

to calculate the quantum yield of the photoinduced FAD•– TrpH•+ pairs detected at ‘time zero’ of the 

experiment, i.e., pairs that had not been lost due to ultrafast recombination processes faster than the 

time resolution (i.e. ~5 ns, limited by the excitation pulse length). The yield of the detected FAD•– 

TrpH•+ radicals seems to be slightly higher than 80% in At64, which means that the losses due to 

ultrafast FAD•– TrpH•+ recombination are lower than 20%. 

 

3.3 Discussion 

3.3.1 Limited solvation of Trp3H for productive photoreduction of FAD in At64 

Upon photoactivation, A. thaliana (6–4) photolyase exhibits by far the slowest (~10 μs) 

deprotonation of the terminal TrpH•+ cation radical of all PCSf proteins studied to date. In the absence 

of extrinsic reductants in vitro, the consequence of this slow deprotonation rate is that most (~90%) 

of the photoinduced FAD•– Trp3H•+ radical pairs recombine as such (in ~1 μs) and the remaining 

~10% of FAD•– Trp3
• pairs (in which Trp3H•+ has been deprotonated) recombine in ~8 μs. Putting the 

~10× faster FAD photoreduction in At64-WT (than in H382S) in vitro (Figure 3b) and the ~10-fold 

higher survival rate of WT-expressing E. coli cells in the repair activity assay (compared to cells 

expressing At64-H382S; Figure 3c) into context with these results, it seems that the extrinsic 

reductants act much more easily upon TrpH•+ than upon Trp•, both in vitro and in vivo. This is likely 

because TrpH•+ reduction requires a mere ET, while Trp• reduction requires transfer of not just an 

electron but also of a proton (or of a hydrogen atom H•) and because ET can occur over longer 
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distances than the transfer of a proton or of a hydrogen atom can. In any case, formation of a much 

greater fraction (compared to WT) of the longer-lived FAD•– Trp• pairs in H382S does not seem to be 

able to compensate to any visible extent for the ~10× shortened lifetime of the FAD•– TrpH•+ pairs in 

this mutant. The slow deprotonation of the terminal tryptophan cation radical and the consequently 

extended lifetime of the FAD•– Trp3H•+ pair (and likely also that of the FADH– Trp3H•+ pair in the 

second photoactivation step) considerably enhance the propensity of At64 to photoactivation – by 

providing more time to the extrinsic reductant to quench Trp3H•+ and thereby stabilize the reduced 

flavin by preventing recombination with its radical counterpart. 

Searching for the cause of the unusually slow Trp3H•+ deprotonation, I identified a 

neighboring histidine residue, which is highly conserved in plant (6–4) PLs (His382 in At64 

numbering), and the mutation of which (to diverse alternative residues – Tyr, Val, Asn, Asp and/or 

Ser) indeed had a significant negative effect on the rate of At64 photoactivation in vitro. In the case 

of the in vivo-tested (and the least in vitro-photoactivatable) H382S mutant, the mutation also had a 

dramatically deleterious impact on the survival of UV-irradiated and Vis-reactivated E. coli cells, 

suggesting that the His382 residue next to the terminal (3rd) tryptophan likely plays an important role 

also in the in-vivo photoactivation of At64 via the Trp chain.  

According to the MD simulations, the native His382 blocks access of solvent molecules to 

the nitrogen atom of Trp3H•+ in At64 (Figure 8), and it does so much more efficiently than any 

alternative amino acid in the tested mutants. In the WT protein, the only water molecule interacting 

with Trp3H•+, referred to as WAT1 in this text, is tightly coordinated by other amino acids within At64. 
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It never leaves the first hydration shell of the nitrogen atom of Trp3H•+ and it does not interact with 

the bulk buffer enough to provide a functional channel for a proton transfer from Trp3H•+ to the buffer.

Figure 8. Schematic model showing how the surroundings of Trp3H•+ prevent the proton release to the solvent. The 

nitrogen atom of Trp3H•+ is encircled by the coordinated water molecule WAT1, non-polar residues (including I327 

and F380 shown in Figure 2), and His382 (highlighted in red). WAT1 does not interact with and cannot escape to 

the bulk because it is fully restrained by the hydrogen bond interactions (indicated by dashed red lines) with the 

residues of the surrounding protein.

3.3.2 Unexpectedly high yields of the photoinduced FAD•– TrpH•+ radical pair in At64

Finally, the efficiency of At64 photoactivation is further enhanced by exceptionally low 

losses (< 20%) due to ultrafast (< 5 ns) recombination of the photoinduced FAD•– Trp1H•+ and/or 

FAD•– Trp2H•+ radical pairs. This is significantly less than in any other PCSf protein studied so far. 

For comparison, in E. coli CPD PL ~35% of the photoinduced radical pairs are lost within the first 

few ns35, in Chlamydomonas reinhardtii animal-like CRY it is ~50%25, in Xl64 ~75%21, and in AtCRY 
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80 to 95%, depending on the presence or absence of ATP17. In Dinoroseobacter shibae NewPHL, 

which is an ancestral PL containing a mere Trp dyad, as much as ~90% of the photoinduced radical 

pairs are lost within the first few nanoseconds and most of the remaining ~10% pairs recombine 

within the next ~50 ns36. Interestingly, the structural comparison between At64 and Xl64 does not 

show any remarkable difference in the residues within 4 Å of FAD and Trp1H (Figure 9a), but the 

residues around Trp2H are different. Notably, an arginine residue (Arg387) is located near Trp2H in 

At64, which is replaced with glutamine (Gln377) in Xl64 (Figure 9a). This arginine is highly 

conserved in plant (6–4) PL orthologues but is never found in any animal (6–4) PL (Figures 9b and 

c). The positively-charged guanidinium moiety of Arg387 could destabilize the localization of the 

hole on Trp2H and accelerate the successive electron transfer from Trp3H, leading to the ultrafast 

charge separation between FAD and Trp3H and low recombination losses. This hypothesis will be 

addressed by future experimental and computational studies. 
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Figure 9. Primary and tertiary structural analyses of the environment of the electron-transferring chain in plant and 

animal (6–4) PL orthologues. (a) The three-dimensional structures of At64 and Xl64 are superimposed. The residues 

within 4 Å of FAD, Trp1H, and Trp2H are shown, and the white-grey colored residues in lines are conserved between 

At64 and Xl64. Residues unique to At64 and Xl64 are colored in green and cyan, respectively. Differences in the 

residues in the red dashed frame (R387 in At64 and Q377 in Xl64) could have an impact on the FAD•– ··· TrpH•+

charge separation along the respective ET chains. (b and c) Primary structural analyses of (b) plant and (c) animal 

(6–4) PL orthologues. The residues in the red frame correspond to R387 in At64 and Q377 in Xl64.

3.4 Methods

Plasmid construction

For the (6–4) PP repair activity assay in bacterial cells29,37,38 and protein production, pGEX-

4T-1 and pET28a(+) plasmids that produce the (6–4) PLs were constructed, respectively. First, the 

desired mutations (W329F and H382S) of At64 were introduced into the pGEX-4T-1 plasmid carrying 

the At64-WT gene29 with the QuikChange Site-Directed Mutagenesis Kit. The PCR primers used for 

the mutagenesis are shown in Table 1 (Entry 1 and 4). After sequencing, the obtained plasmids were 

used for the assay.

The mutant genes in the pGEX plasmids were then amplified and subcloned into the 

NdeI/XhoI restriction site of the pET-28a(+) vector with the specific primers as shown in Table 1 

(Entry 8). The H382D, H382N, and H382V mutations of At64 were also introduced into the pET28a 



100 

 

vector carrying the At64-H382S gene by the QuikChange Site-Directed Mutagenesis kit (Table 1, 

Entry 2, 3, and 5). As for the H382Y mutant, the 5’ upstream and 3’ downstream of the mutation site 

were separately amplified using the primers shown in Table 1 (Entry 6), and the amplicons were fused 

into the pET-28a(+) vector linearized with the NdeI and XhoI treatment, by using the In-fusion HD 

Cloning Kit (Takara). The S372H mutation of Xl64 was introduced into the pET28a(+) vector 

carrying the reported Xl64-W370F gene29 using the In-fusion HD Cloning kit with the specific 

primers shown in Table 1 (Entry 7). The obtained plasmids were sequenced and used for the protein 

production. 
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Table 1. Primers for PCR amplification.
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(6–4) PP repair activity assay in bacterial cells 

The E. coli SY32 strain (uvrA–, recA–, phr–), in which CPD PL activity is rescued by the 

pACYC184 plasmid coding E. coli CPD PL gene, has been used for (6–4) PP repair activity assay in 

bacterial cells30. SY32 cells were transformed with a pGEX-4T-1 plasmid expressing a (6–4) PL 

variant and the colonies were selected on Luria broth (LB) agar plates containing tetracycline (10 μg 

mL–1) and ampicillin (80 μg mL–1). The transformant was cultivated in 1.5 mL of LB medium 

containing tetracycline and ampicillin at 37°C overnight. The culture was diluted to OD600 = 0.5 with 

an LB medium. The diluted culture was induced with 2.4 μL of 10 mg mL–1 isopropyl-β-D-

thiogalactoside (IPTG) and shaken at 37 °C for 1 h. The culture was appropriately diluted with 

phosphate-buffered saline, and 150 μL of aliquots were spread onto LB agar plates containing 

tetracycline and ampicillin. The plates were irradiated with 20 W UV germicidal lamp (UVL20PH-

6, Sen Lights Co Ltd., Osaka, Japan) through metal mesh filters (2.0 μW cm–2, calibrated with a UVX 

radiometer equipped with a 254 nm probe, UVP, LLC, Upland, CA) for 15 or 30 s to yield a total 

irradiance of 0.3 or 0.6 J m–2, respectively. The plates were subsequently illuminated with fluorescent 

lamps (18 W × 4, FL20SSD/18, Toshiba, Tokyo, Japan) for 30 min, and then incubated at 37°C 

overnight. After incubation, the number of colonies was counted taking into account the dilution 

percentage. All survival rates were normalized to the number of colonies obtained without UV 

irradiation. The experiments were independently performed in triplicate (n = 3), and the statistical 

significance was analyzed with a Student’s t-test. The significant cutoff value was set to 0.05. 
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Protein Purification 

For purification of At64 variants, I modified the previously reported expression and 

purification protocol39. E. coli C41 (DE3) /pLysS (Lucigen) cells were transformed with a pET-28a(+) 

plasmid carrying the (6–4) PLs gene and grown in 2 L of LB medium containing kanamycin (20 μg 

mL–1) in a 5 L flask with baffles at 37°C. When OD600 reached 1.2, the culture was cooled to 25 °C. 

Protein production was then induced with a final concentration of 0.2 mM IPTG, and the culture was 

further incubated at 25 °C for 24 h. After harvest, the pellet was frozen by liquid nitrogen and thawed 

on ice. The cells were resuspended in 40 mL of a lysis buffer (20 mM NaH2PO4, 500 mM NaCl, 5% 

glycerol, pH 7.4 adjusted by KOH, plus 65 mg of lysozyme) and lysed by sonication. The cell lysate 

was centrifuged, and the supernatant was loaded onto an open column filled with TALON Metal 

Affinity Resin (Clontech, TaKaRa) equilibrated with the lysis buffer. Proteins non-specifically bound 

to the resin were washed out with four column volumes of a wash buffer (20 mM NaH2PO4, 500 mM 

NaCl, 10 mM imidazole, 5% glycerol, pH 7.4 adjusted by KOH), and the His-tagged protein was 

eluted with an elution buffer (20 mM NaH2PO4, 500 mM NaCl, 500 mM imidazole, 5% glycerol, pH 

7.4 adjusted by KOH). For further purification, the green eluate was loaded onto a HiTrap Heparin 

HP column (GE Healthcare) and purified with a step gradient of 100 – 500 mM NaCl in a buffer 

containing 50 mM Tris-HCl and 5% glycerol (pH 8.0). The purified protein was confirmed by 10% 

SDS-PAGE, and its concentration was measured based on the FAD absorbance at 450 nm using a 

molar extinction coefficient of 11 300 L mol–1 cm–1. 

 



104 

 

Measurement of steady-state photoreduction kinetics by UV-vis absorption spectroscopy 

Steady-state photoreduction for recombinantly-produced proteins was performed under 

anaerobic conditions as previously described30. 70 μL of protein diluted to 20 μM was applied to a 

Micro Bio-Spin 6 column (BIO-RAD) equilibrated with a reaction buffer (20 mM phosphate, 

500 mM NaCl, 10% glycerol, pH 7.5). An aliquot (60 μL) of the eluate was transferred into an 

anaerobic 10 × 2 × 8 mm (length × width × height) inner volume quartz cuvette (Starna, 16.160-

F/4/Q/10 GL 14/2/Z15). After the cuvette was sealed with a screw cap and PTFE-coated silicone and 

rubber septa, the air inside the cuvette was replaced with nitrogen through the septa. Further 

preparation was performed in an anaerobic glovebox. The sample was mixed with L-cysteine (the 

final concentration was 5 mM) and the reaction buffer up to a total volume of 240 μL under anaerobic 

and dark conditions. 

The anaerobic samples were illuminated with continuous light (430 – 800 nm) from a MAX-

150 xenon lamp (Asahi Spectra) through the 10 mm × 8 mm window on ice (illumination time varied 

depending on the sample). After shaking the sample gently, an absorption spectrum was recorded 

through the 10 mm path by a UV-vis spectrometer Lambda 35 UV-vis spectrometer (PerkinElmer) or 

V-730 spectrometer (JASCO)]. The absorbance at 450 nm of the obtained spectra was plotted and 

fitted with a monophasic exponential decay function with the Origin2019 software. 
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Transient absorption spectroscopy 

The proteins were dissolved in a buffer consisting of 50 mM Tris-HCl (pH 8.0), 500 mM 

NaCl, and 5% glycerol, at final concentrations of ~125 μM for At64-WT and ~95 μM for 

At64-H382S. The transient absorption setup has been described in detail elsewhere21,26,35. Nd:YAG-

pumped optical parametric oscillator (OPO; Brilliant B/Rainbow; 5 ns, 480 nm, 2 mJ cm–2) was 

used as an excitation source. The laser energy was estimated from transient absorption signals using 

[Ru(bpy)3]2+ as an actinometer34. Monitoring light at two selected wavelengths (457 and 562 nm) was 

provided by continuous-wave lasers (Cobolt Twist™ and Oxxius 561–25-COL-002, respectively). 

The measuring light was perpendicular to the excitation laser beam and passed through the sample 

along the 10-mm path of a 2 × 2 × 10 mm (W × H × L) quartz cell with self-masking solid black walls 

(Starna). Flash-induced changes of the transmission of the sample were monitored behind the sample 

by a Si photodiode (Alphalas UPD-500-UP, <500 ps rise time) coupled to a Tektronics MSO 64 digital 

oscilloscope with bandwidth limit set to 200 MHz. All shown traces are averages of 16 signals 

recorded with a repetition rate of 2 Hz. The samples were measured at room temperature. Transient 

absorption kinetics were determined using the Levenberg–Marquardt least-squares optimization 

algorithm in Origin 2020 (by OriginLab), globally fitting the trend lines according to the equation: 

y(t) = A1 × e–t/ 1 + A2 × e–t/ 2 + y0. 
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Estimation of the excitation energy and of the quantum yield of ‘stable’ FAD•– Trp3H•+ pairs 

detected by transient absorption spectroscopy 

The energy of laser flashes entering the At64 samples in the transient absorption 

spectroscopic experiments (Figure 7) was estimated using the [Ru(bpy)3]2+ actinometer34,40 under the 

same excitation conditions and geometry. The sample containing 32.3 μM [Ru(bpy)3]Cl2 had an 

absorbance A480 of 0.2164 over the 1 cm path and 0.0433 over the 2 mm path at the excitation 

wavelength (480 nm).  A480 of 0.0433 is converted to a transmittance T480 of 90.51%, i.e. 9.49% of 

the excitation light was absorbed by the actinometer over the 2 mm path. The flashes induced an 

absorption change of ΔA457 = 0.0465 (recorded over 1 cm optical path; 64 signals were averaged). 

Assuming that the Δε457 value for the formation of the 3MLCT (metal-to-ligand charge transfer state 

formed with a ~100% quantum yield) is close to ~1.1 × 10–4 M–1cm–1 as estimated for 450 nm34 

(which is reasonable given the shape of the difference spectrum41), one obtains a concentration of the 

excited [Ru(bpy)3]2+ complexes / formed 3MLCT states of ~4.23 μM. In the excited volume of 40 μL, 

this concentration corresponds to ~1.69 × 10–10 mol of absorbed photons (out of the total ~1.78 × 10–

9 mol, given that only 9.49% photons were absorbed). Since 480 nm photons have an energy of 

249,220 J/mol, the energy absorbed by the [Ru(bpy)3]Cl2 actinometer was ~42 μJ. Considering that 

the window through which the sample was excited had a surface of 0.2 cm2 (0.2 × 1.0 cm) and that 

only 9.49% of the excitation light was absorbed, one obtains an excitation energy (per pulse and per 

cm2) of 2.23 mJ. 
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 The ~125 μM At64-WT sample had an absorbance A480 of 1.0334 over the 1 cm path and 

0.2067 over the 2 mm path at the excitation wavelength. A480 of 0.2067 is converted to a transmittance 

T480 of 62.13%, so 37.87% of the ~1.78 × 10–9 mol photons entering the sample (i.e. ~6.74 × 10–10 

mol) were absorbed by the At64-WT sample over the 2 mm path. The maximum concentration of the 

flash-induced radical pairs in the excited volume of 40 μL in the hypothetical case of a 100% quantum 

yield would hence be ~16.9 μM. Δε457 corresponding to the formation of a FAD•– TrpH•+ radical pair 

equals ε457 (FAD•–) – ε457 (FADox) + ε457 (TrpH•+)  (4740 – 9700 + 350) M–1 cm–1 = –4610 M–1cm–

1 (TrpH does not absorb at 457 nm). The observed initial amplitude of the At64-WT signal at 457 nm 

ΔA457 (t→0) = –0.065 hence corresponds to ~14.1 μM FAD•– TrpH•+ pairs, which is ~83% of the 

maximum of pairs that could have hypothetically been formed by the excitation flash. 

Even though some of the ε values are not known precisely because the absorption spectra of 

the FAD•– and TrpH•+ radicals can (and do) slightly vary from protein to protein, the quantum yields 

of most of the other PCSf proteins mentioned in the main text were determined by the same method 

(and essentially confirmed by later ultrafast experiments), so it is safe to say that the losses due to 

ultrafast recombination of the FAD•– Trp1H•+ and FAD•– Trp2H•+ radical pairs are indeed significantly 

lower in At64 than in the other studied PCSf proteins. 

When the vertical axes are scaled to reflect the difference in protein (FAD) concentrations 

(Figure 7), the initial amplitudes of the signals obtained for the H382S mutant are practically the same 

as those for the WT protein, indicating that the quantum yield of the ‘stable’ FAD•– TrpH•+ pairs (and 

the losses through their ultrafast recombination) are very similar in both proteins. 
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Multiple sequence alignment 

For assignment of plant and animal (6–4) PL orthologues, I performed blastp42 searches 

using the At64 and Xl64 amino acid sequences as representative plant and animal (6–4) photolyase 

sequences against the refseq_protein database with an E-value threshold of  10–150. The resulting 

sequences (202 sequences for plants and 1471 sequences for animals) were aligned with COBALT43. 

From the multiple sequence alignments, the WebLogo44 was created with the version 3.7.4. 

 

Molecular dynamics simulations for solvation analyses 

Molecular dynamics (MD) simulations for solvation analyses were conducted with the 

AMBER 16 program package45, as reported previously for the simulation of At64-WT30. The initial 

structures of H382D, H382N, H382S, H382V, and H382Y mutants of At64 were generated with 

SWISS-MODEL46 using the At64-WT crystal structure (PDB entry: 3FY4) as the template structure. 

I applied the Amber force field 14SB47 and the previously prepared Amber force field45 for the 

proteins and FADH , respectively. The proteins were solvated with TIP3P water model48 in the 

simulation boxes with a margin of 12 Å from the proteins to the box boundaries, and the system was 

neutralized by adding some counter ions (Cl–). In the following MD simulations, the SHAKE 

algorithm was used for the constraints49, the periodic boundary condition with the particle mesh 

Ewald method was applied50, and the simulation time step was set to 2 fs. The energy minimization 

for each system with the Sander module was performed for 5,000 steps with 10 kcal mol–1 Å–2 of 
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restrictions on heavy atoms, and for 10,000 steps without any restrictions. After the system 

temperature was increased from 0 to 300 K for 100 ps with the NVT ensemble (T = 300 K), the system 

was equilibrated for 1 ns with the NPT ensemble (P = 1 atm and T = 300 K). Then, 200 ns MD 

simulation in the NPT ensemble (P = 1 atm and T = 300 K) was performed. The last 100 ns of the 

trajectory for each system was recorded every 20 ps and subjected to analyses. For At64-WT, the last 

100 ns of the trajectory previously simulated in the same way30 was used for analyses. 

The time-development of an atomic distance was calculated with the distance command in 

the CPPTRAJ module of the AMBER 16 program package51. For solvation analyses, I defined the 

area within 3.4 and 5.0 Å of the nitrogen atom of the Trp3H indole ring as the first hydration shell 

(HS1) and second hydration shell (HS2), respectively. The number of water molecules in HS1 and 

HS2 at every recording time-points was counted with the watershell command in CPPTRAJ. The 

behavior of the water molecules in the hydration shells was traced by identifying their IDs with the 

closest command in CPPTRAJ. 
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3.5 Conclusions 

 In this chapter, I found that random solvation of Trp3H is blocked by the neighboring His 

residue and the Trp3H residue is exclusively hydrogen-bonded to the fixed water molecule (which is 

the water mentioned in the previous chapter). A series of the experimental and theoretical studies 

suggested that the limited solvation represses the deprotonation of Trp3H•+ and stabilizes the 

photoinduced FAD•– Trp3H•+ state for the efficient photoreduction. The newly identified mechanism 

expands the hitherto known clever tricks employed by the PCSf proteins to achieve efficient 

photoreduction. In addition, the transient absorption measurements revealed that the photoinduced 

charge-separation in At64 takes place with an unexpectedly high (~80%) quantum yield. The 

molecular origin of the low losses of charge-separated states will be addressed by a future study. 
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4.1 Introduction 

In Chapters 2 and 3, I discovered the distinctive mechanisms allowing plant (6–4) 

photolyases to stabilize photoinduced charge-separated states for the productive photoreduction, by 

focusing on the surroundings of the final electron donating Trp residue. In Chapter 4, I tried to uncover 

a common factor regulating FAD photoreduction among photolyases and cryptochromes. I shed light 

on photoinduced conformational changes in photolyases, which has been less investigated than those 

in cryptochromes. Comprehensive analyses of conformational changes in plant (6–4) photolyase 

suggest a shared mechanism enabling photolyases and cryptochromes to undergo structural 

rearrangements. The knowledge will be helpful to disclose the detailed movement of residues in 

cryptochromes. 

 Photolyase and cryptochrome superfamily (PCSf) is a flavoprotein family with a high 

architectural similarity and a remarkable functional diversity1,2. Photolyases (PLs) are evolutionarily 

ancient enzymes able to repair UV-induced lesions in DNA in a light-dependent manner and are 

divided into CPD PLs and (6–4) PLs depending on their substrates: cyclobutane pyrimidine dimers 

(CPDs) and pyrimidine(6–4)pyrimidone photoproducts ((6–4) PPs). PLs harbor a flavin adenine 

dinucleotide (FAD) chromophore as a catalytic cofactor, and the essential process for the photorepair 

of the DNA damages is the photoinduced electron transfer from the two-electron reduced FAD state 

(FADH−) to the substrates. On the other hand, cryptochromes (CRYs), evolutionarily diverged from 

PLs, are responsible for regulation of gene transcription concerning various biological events3, such 

as photoreceptive plant growth4,5 and circadian rhythm regulation in animals6,7. CRYs have a N-
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terminal structural motif with a high similarity to PLs, which is called the photolyase homology 

region (PHR), and a highly variable C-terminal tail extension (CTE)8. The CTE in CRY from 

Drosophila melanogaster (DmCRY) consists of 20 amino acid residues and is docked to PHR in the 

dark-adapted state9,10, but suggested to be dissociated from the binding site upon the photoreception 

by the FAD cofactor11-13. Hence, the structural change in CTE is considered to trigger the signal 

transduction in DmCRY14. 

 FAD in PCSf proteins can exist in various redox states: the fully oxidized FADox, one-

electron reduced anionic radical FAD•−, one-electron reduced neutral radical FADH•, and two-

electron reduced anionic FADH− states. While the most oxidized FADox state is often found in 

recombinantly-produced PCSf proteins, the catalytically active state in PLs is FADH− and the 

signaling state in DmCRY is suggested to be FAD•−, indicating that FAD needs to be reduced for their 

functions15. PCSf proteins activate (reduce) FAD in a light-dependent manner by employing a 

conserved process called photoactivation or photoreduction. Upon photoexcitation, the excited state 

of FAD (*FADox or *FADH•) abstracts an electron from a nearby Trp residue (Trp1H)16. To keep the 

resultant FAD•− or FADH− reduced, the hole on Trp1H quickly migrates to Trp residues on the surface 

side via successive electron transfer along a Trp chain17,18, composed of typically three Trp residues 

and one auxiliary Trp19 or Tyr20 residue in animal (6–4) PLs and CRYs. Finally, the terminal radical 

cation is quenched by external reducing agents21. 

It has been suggested that the photoreduction of FADox to FAD•− in DmCRY accompanies 

the CTE structural changes, which can be recognized as the signal for partner proteins, such as a 
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circadian gene repressor called Timeless (TIM)22 and an E3 ubiquitin ligase named jetlag (JET)23. 

Considering the report that photoreduction deficient mutants of DmCRY can exhibit the photosensory 

function in Drosophila cells24, however, the mechanism of the structural changes has not been well 

established. 

Although the photoreduction pathway of DmCRY is shared with (6–4) PLs25, conformational 

changes in (6–4) PLs upon photoreduction have been less addressed than in DmCRY10,26. Even though 

(6–4) PLs does not have CTE, Yamada et al. reported27 that perturbation of the β-sheet conformation 

and very small changes in α-helicity in Xenopus laevis (6–4) PL were observed upon the reduction of 

FADox to FADH−. This result suggests that (6–4) PLs does not undergo drastic structural changes as 

observed in DmCRY but experiences small conformational changes during the photoreduction 

process. Understanding of the molecular mechanism of the conformational changes in photoreduction 

of (6–4) PLs would thus provide a clue for the signal transduction of DmCRY. 

In Chapter 4, I investigated possible conformational changes of Arabidopsis thaliana (6–4) 

photolyase (At64) upon light illumination and whether the changes have an impact on its activation 

mechanism reducing FAD to FADH−. A combination of structural analyses, electrochemical 

measurements, and steady-state photoreduction kinetics suggests that a photoinduced helix 

movement is involved in FAD photoreduction in At64. Based on the conservation of the key residues 

for the helix movement between At64 and DmCRY, the proposed conformational rearrangement 

observed in At64 could therefore be an initiation of the drastic structural change in DmCRY. 
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4.2 Results 

4.2.1 Photoinduced structural changes in At64 suggested by HDX-MS measurement 

To test the possibility that (6–4) PLs undergo conformational changes upon photoreduction 

of FAD, I performed hydrogen/deuterium exchange mass spectrometry (HDX-MS) measurement of 

At64 in dark and light conditions. When protein conformational changes are induced upon 

photoreduction and the changed moieties are more prone to be solvated than in the dark-adapted state, 

a difference in the deuterium uptakes of peptide fragments can be observed. Although the structural 

analysis by differential Fourier transform infrared (FTIR) spectroscopy is a powerful tool to provide 

the detail of the atomic positions of the movement, HDX-MS can tell us regions of movement in a 

panoramic manner. 

At64 was recombinantly purified as previously described28. To prepare the light sample, FAD 

was photoreduced in the presence of DTT. Indeed, the dark and light samples mainly contained FADox 

and FADH−, respectively (Figure 1a). After each sample was incubated with D2O buffer for 10, 100, 

1000, and 10000 s, the sample was digested with immobilized pepsin and analyzed by ultra 

performance liquid chromatography-mass spectrometry (UPLC-MS). 95 peptides from At64 were 

identified, yielding 86.2% coverage with an overall redundancy of 2.80. For structural comparison of 

At64 between the dark and light conditions, a relative deuterium uptake map (dark minus light) was 

projected onto the crystal structure of At64 (Figure 1b). In this map, the most prominent difference is 

observed in a peptide including Asp396. Asp396 forms a salt bridge with Arg367 near the FAD 

chromophore (Figures 1b and c), and the salt bridge is strongly conserved in PCSf proteins. Recent 
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studies in other PCSf proteins29-31 suggested that the salt bridge can be rearranged upon 

photoreduction to stabilize the reduced FAD states. Therefore, the most decelerated deuterium uptake 

observed in the peptide containing Asp396 is attributable to the movement of the salt bridge. This 

result also implies that the conformational change of Arg367 should take place associated with the 

salt bridge perturbation. Although no peptide fragments covering the N-terminal portion of the α15 

helix, where Arg367 is located, was observed, a fragment on the C-terminal side of the helix was 

found to exhibit significantly slower uptakes in the light states than in the dark state (Figure 1b), 

indicating that the whole region of α15 could undergo conformational changes accompanied by the 

salt bridge perturbation. 

Similar observations were obtained for the α17 helix flanking Asp396, and the peptides on 

the N-terminal and C-terminal sides had significantly different uptakes upon illumination, suggesting 

that α17 could also be rearranged to follow the salt bridge movement. Altogether, the HDX-MS 

measurement of At64 suggests that the α15 and α17 helices go through conformational changes 

triggered by the photoinduced Arg367/Asp396 salt bridge perturbation. Although HDX-MS analyses 

generally do not inform us how residues on these helices are reorganized in detail, the decreasing 

deuterium uptakes for these fragments on the helices upon illumination suggests a structural 

rearrangement to shield these residues from the solvent in the light state. One of the possible 

movements to explain the observed difference could be a shortening of the relative distance between 

the α15 and α17 helices. In the crystal structure of At64, the closest residues between the helices are 

Thr375 in α15 and Ser410 in α17, and the distance between O atoms of the side chain hydroxyl groups 
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is 5.1 Å (Figure 1c). I hypothesized that the photoinduced structural changes would make Thr375 and 

Ser410 closer and hydrogen-bonded upon the helices movement, which further would stabilize the 

closer position between α15 and α17 helices in the FADH− state.

Figure 1. HDX-MS measurement of At64 in the dark (FADox) and light (FADH−) states. (a) UV-Vis spectra of At64 

in the dark and light. The spectra confirmed that the dark and light samples mainly harbor FADox and FADH−, 

respectively. (b), (c) The relative fractional deuterium uptake at 1000 s in dark minus light (FADox minus FADH−) 

projected onto the crystal structure of At64 (PDB: 3FY4). For the white segments, no peptides could be assigned by 

the analysis. (c) Closer view on the α15 and α17 helices. Asp396, which shows the most prominent uptake difference, 

form a salt bridge with Arg367 on the FAD cofactor (yellow). Thr375 in α15 and Ser410 in α17 are the closest 

residues in these helices (the distance between O atoms of their hydroxyl groups is in 5.1 Å). The hydroxyl groups 

are potential to form a hydrogen bond because the difference in deuterium uptakes observed around the helices 

suggests a movement to make the helices closer upon the photoreduction.

4.2.2 Mutational effects of T375V on midpoint potential of FADox/FADH− couple
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 There are possibilities that the structural rearrangement between α15 and α17 helices 

suggested by HDX-MS would modulate the redox stabilities of FAD in At64. To address the 

possibilities, I tried to compare the midpoint potentials of a FADox/FADH− redox couple in the wild 

type of At64 (At64-WT) and a mutant, in which the Thr375 was replaced with the Val residue (At64-

T375V). The side chain of the Val residue resembles that of the Thr residue except the presence of a 

methyl group instead of the hydroxy group, and therefore would not prevent α15 from approaching 

α17 in the FADH− state but is no longer able to form a hydrogen bond between Val375 and Ser410. 

 To measure the midpoint potentials, I employed a spectroscopic electrochemical method 

called the xanthine/xanthine oxidase (X/XO) method32. In the well-established technique to evaluate 

the midpoint potentials of flavin derivatives in other flavoproteins15,33, electrons released from the 

oxidation of xanthine by xanthine oxidase reduces FAD and a reference dye simultaneously in the 

presence of a redox mediator. If the electron supply is slow enough to keep the equilibration of the 

oxidized and reduced forms of FAD and the dye, the Nernst equation is applied to each redox active 

compound, as follows. 

 

 

In these equations, reduction potentials of the reference dye and FAD shown in Ep and ED are related 

to their concentration ratio between oxidized and reduced states ([OX] and [RED] for FAD, [DOX] 

and [DRED] for the dye) and their midpoint potentials (Em,p and Em,D). R is the gas constant (8.314 J 

K-1 mol-1), F is the Faraday constant (96,485 C mol-1), T is the absolute temperature (298 K in the 
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experiment), and np and nD are the numbers of electrons for the reduction of FAD in the protein and 

the dye, respectively. Supposing that their midpoint potentials are similar to each other (within 30 

mV), the reduction potentials should be equal to each other (Ep = ED), and the following equation 

holds. 

 

To calculate the midpoint potential in At64 (Em,p) based on Equation 3, the number of 

electrons to reduce FAD and the reference dye should be required. Here, Safranin T was used as the 

reference dye, which is known to undergo the two-electron reduction in the X/XO system (nD = 2). 

On the other hand, FAD in At64 can exist in fully oxidized FADox, one-electron reduced neutral 

radical FADH•, and two-electron reduced anionic FADH− states. Based on the characteristic UV/Vis 

absorption spectrum to each FAD species (Figure 2a), I first determined the number of electrons for 

the reduction of FADox in At64-WT by monitoring disappearance of FADox at 450 nm and formation 

of FADH• at 635 nm. Indeed, the reduction of FADox (plus Safranin T) by the X/XO system showed 

the decrease in the absorbance changes at 450 nm and a very low level of the absorbance increase at 

635 nm (inset of Figure 2b). UV/Vis absorption spectra before and after the reaction (Figure 2b) also 

confirmed the conversion of FADox to FADH− with a very small amount of FADH• formation (a few % 

of the total FAD concentration) and simultaneous two-electron reduction of Safranin T as shown in 

the decrease in the absorbance at 510 nm. The results clearly demonstrate that FADox is reduced to 

FADH− without accumulation of FADH• in the X/XO system, meaning that the FAD in At64-WT 

undergoes the two-electron reduction in the system (np = 2) and that [OX] and [RED] in Equation 3 
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can be interpreted as the concentration of FADox and FADH− ([FADox] and [FADH−]). By substituting 

constant values into Equation 3, Equation 4 was obtained for the data analyses. 

 

To calculate the midpoint potential of the FADox/FADH− couple in At64-WT (Em,p) according 

to Equation 4, I monitored the concentration ratio of FAD and Safranin T between oxidized and 

reduced states during the reduction by the X/XO system. The decrease in the absorbance at 450 nm 

and 510 nm showed the reduction of FADox and Safranin T, respectively (Figure 2c). After the 

reduction was confirmed by the UV/Vis absorption spectra recorded before and (1 h) after the reaction 

(Figure 2c), the Nernst concentration terms (12.8 ln ([oxidized]/[reduced]) for FAD and Safranin T) 

were plotted (Figure 2d). The plots yielded a slope of 1.01 ± 0.18, which was in good agreement with 

the expected value of 1 from Equation 4, and an intercept of 0.323 ± 5.0 mV. Because the intercept 

value corresponds to the difference in the midpoint potential of FAD and Safranin T (Em,p − Em,D), 

and the midpoint potential of Safranin T is known to be −289 mV vs. SHE (Em,D = −289 mV vs. SHE), 

the midpoint potential of FADox/FADH− couple in At64-WT was found to be −289 ± 5.0 mV vs. SHE. 

 To perform the measurement for the At64-T375V mutant, the number of electrons for the 

reduction of FAD in At64-T375V by the X/XO system was also evaluated. In contrast to the case of 

At64-WT, the absorption at 635 nm by FADH• was growing during the reduction for 1 hour (Figures 

2e and f). The formation ratio of FADH• after 1 hour was estimated to be ~42 %, meaning that At64-

T375V undergoes the concomitant one- and two-electron reduction of FAD. In the case of the mixed-

type reduction, np cannot be defined and therefore midpoint potentials cannot be obtained by the 
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X/XO method. However, the result indicates that the T375V mutation could affect the stability of the 

reduced FAD states. While the observed two-electron reduction of FADox in At64-WT indicates that 

the midpoint potential of FADH•/FADH− couple is much higher than that of FADox/FADH• couple, 

the relationship between two redox couples could be disturbed in At64-T375V. The mutational effect 

of T375V supports the idea that the reduction of FAD to FADH− induces the structural rearrangement 

of the α15 and α17 helices, leading to stabilization of the FADH− state in At64-WT. Although the 

possibility that the mutation affects local structures of the α15 helix resulting in the modulation of the 

midpoint potentials cannot be excluded, it can be safely concluded that the α15 helix plays a key role 

in stabilizing FADH− in At64-WT. 

 



126

Figure 2. Spectroscopic electrochemical measurement of midpoint potentials of FAD in At64 variants. (a) Reference 

absorption spectra of FAD species expected to be produced during the measurement. (b) The UV/Vis absorption 

spectra recorded before and (3 h) after the reduction of FAD in At64-WT and Safranin T by the xanthine/xanthine 

oxidase system. The spectra show a very low contribution of FADH• to the reaction. The inset shows the absorption 

changes at 450 nm and 635 nm measured every 10 s for 3 h, suggesting the reduction of FADox to FADH− without 

a significant accumulation of FADH•. (c) The UV/Vis absorption spectra recorded before and (1 h) after the 

reduction of FAD in At64-WT and Safranin T by the xanthine/xanthine oxidase system. The spectra indicate a 
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gradually conversion of FADox to FADH− and a simultaneous reduction of Safranin T. The inset shows absorption 

changes at 450 nm and 510 nm measured every 10 s for 1 h. (d) Plots of Nernst concentration terms (FAD in At64-

WT vs. Safranin T). The midpoint potential of FADox/ FADH− couple in At64-WT is calculated to be −289 ± 5.0 

mV vs. SHE by analyzing the plots with Equation 4. (e) The UV/Vis absorption spectra recorded before and (1 h) 

after the reduction of FAD in At64-T375V by the xanthine/xanthine oxidase system. The spectra show an increasing 

absorption around 600 nm, contributed by an accumulation of FADH• state. (f) Changes in absorbance at 635 nm 

during the reduction of FAD in At64-T375V. The increase in the absorbance shows the transient accumulation of 

FADH•. 

 

4.2.3 Impact of hydrogen-bonding formation between Thr375 and Ser410 on photoreduction 

steady-state kinetics 

As shown in the modulated midpoint redox potential of FAD in the At64-T375V mutant, it 

should be an interesting question whether the mutation of T375V has an impact on the photoreduction 

ability of At64. Then, the steady-state photoreduction kinetics for At64-T375V was evaluated, as 

previously described for At64-WT28. At64-T375V was illuminated with >430 nm light in the presence 

of an external reductant under anaerobic conditions, and the UV/Vis absorption spectral changes were 

recorded. The overall spectral changes of the mutants upon illumination indicated that FADox was 

gradually converted into FADH−, via transient accumulation of as small amounts of FADH• as 

observed for At64-WT (~10%)28, as seen in the absorption growth and decay between 500 and 700 

nm (Figure 3). The decay of the normalized absorption at 450 nm characteristic for FADox was fitted 

with a monoexponential decay function, and FAD photoreduction in At64-T375V was found to occur 

with a half-life (t1/2) of 61.1 ± 6.2 s (Figure 3a). The value indicates that the photoreduction kinetics 

for At64-T375V is about 2.8-fold slower than that in At64-WT (t1/2 = 21.6 ± 0.5 s)28. The slow kinetics 

shows that the mutation decelerates its photoactivation process, suggesting that a hydrogen bond 
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between Thr375 and Ser410 would anchor α15 and α17 helices upon the assumed structural 

rearrangement, which would enhance the photoreduction in At64.

To evaluate the effect of the accessibility of α15 to α17 on the photoreduction in At64, the 

photoreduction kinetics for the Ala mutant (At64-T375A) was also measured. As a result, At64-T375A 

showed about 2.1-fold slower photoreduction kinetics than At64-WT but 1.4-fold faster kinetics than 

At64-T375V (t1/2 = 45.0 ± 2.8 s for At64-T375A, Figure 3b). The moderate mutational effect of T375A 

on the photoreduction kinetics sounds reasonable, because the side chain of the Ala residue, which 

cannot form a hydrogen bond with Ser410 as well as Val in At64-T375V, is less hindered than the Val 

side chain, and therefore such structural rearrangement between α15 and α17 more likely takes place 

than the case of At64-T375V. Altogether, the conformational changes of the α15 and α17 helices are 

suggested to play a role in the photoreduction of FAD in At64.

Figure 3. Evolution of absorption spectra upon FAD photoreduction in the (a) T375V and (b) T375A mutants of 

At64. The plots of normalized A450 against time are reasonably well fitted with monoexponential functions as shown 

in the insets. (a) Data between 580 and 620 nm are omitted due to an irreproducible bump in the region produced 

by instrumental problems.
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4.3 Discussion 

4.3.1 Possible helix movements upon reduction of FAD in At64 and other PCSf proteins 

 In this study, I investigated the possibility that A. thaliana (6–4) photolyase undergoes 

structural changes upon FAD photoreduction. HDX-MS measurement disclosed the structural 

difference between the FADox and FADH− states, where the α15 and α17 helices come closer in the 

FADH− state, presumably caused by the conformational change of the Arg367/Asp396 salt bridge 

underneath the isoalloxazine ring of FAD, so that a hydrogen bond would be formed between the 

Thr375 and Ser410 residues located in the C-terminal part of the helices. The hypothetical 

stabilization of At64 in the FADH− state due to the rearrangement was supported by the midpoint 

potential measurements of At64 variants, in which a mutation (T375V) disturbed a balance between 

midpoint potentials of the FADox/FADH• and FADH•/FADH– couples. Recently, Maestre-Reyna et 

al.29 observed the photoinduced conformational changes in the corresponding Arg/Asp salt bridge in 

a class II CPD photolyase from Methanosarcina mazei (MmCPDII) by time-resolved serial 

femtosecond crystallography (TR-SFX). However, no such movements of the helices flanking the 

salt bridge was observed in the molecular movie of MmCPDII captured by TR-SFX. This is not 

mysterious because the amino acid sequence identity between At64 and MmCPDII is low (~23%) and 

Thr375 and Ser410 in At64 are not conserved in MmCPDII (Figure 4). These differences suggest that 

the hydrogen-bonding formation between α15 and α17 upon photoreduction would govern the helix 

movements. A recent molecular dynamics simulation of Drosophila melanogaster cryptochrome 
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(DmCRY) in the FADox and FAD•– states suggested the possibility that the perturbation of the Arg/Asp 

salt bridge could play a role in a large structural change of its C-terminal tail extension (CTE)31. 

Although there were no descriptions about the movements of the helices corresponding to the α15 

and α17 helices in At64 in the report, their results clearly indicated that higher root mean square 

fluctuation (RMSF) values in the helices were found out in the FAD•– state than in the FADox state. I 

tentatively assumed that the origin of the fluctuation in DmCRY can be assigned to the helix 

movement observed in At64, because DmCRY also possesses the Thr and Ser residues corresponding 

to Thr375 and Ser410 in At64 (Figure 4, even though At64 and DmCRY share only 37% of amino 

acid residues). The HDX-MS measurements of At64 and the structural analyses of other PCSf proteins 

suggest a unified picture of the structural movement that stabilizes the reduced state of FAD (Figure 

5). First, the extraordinarily conserved Arg/Asp salt bridge is rearranged upon the reduction of FAD. 

In the case of (6–4) PLs and animal cryptochrimes, which possess Thr and Ser residues in the helices 

flanking to the Arg/Asp salt bridge, the two helices get closer to each other, so that a hydrogen bond 

is formed between the Thr and Ser residues, to stabilize the anionic reduced FAD states (FAD•– and 

FADH–).  
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Figure 4. Sequence alignments of representative PCSf proteins. The Arg367/Asp396 salt bridge (red) is exclusively 

conserved among the proteins. The proposed hydrogen bond between Thr375 and Ser410 (green) could be formed 

in (6-4) PLs and DmCRY. It is noted that the following abbreviations are used: At = Arabidopsis thaliana; Xl = 

Xenopus laevis; Dm = Drosophila melanogaster; Ec = Escherichia coli; Mm = Methanosarcina mazei; 64 = (6–4) 

photolyase; CRY = cryptochrome; CPD = cyclobutane pyrimidine dimer photolyase; CPDII = class II cyclobutane 

pyrimidine dimer photolyase

Figure 5. Schematic illustration for photoinduced structural changes in At64. The photoinduced electron transfer 

between FAD and Trp residues (in green) perturbs the Arg367/Asp396 salt bridge. The structural rearrangement 

could make the α15 and α17 helices closer. The position of helices may be locked by a hydrogen bond between 

Thr375 and Ser410.
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4.3.2 Low midpoint potential of FAD characteristic for (6–4) PLs 

Apart from the discussion of the photoinduced conformational change in At64, it is noted 

that this electrochemical measurement is the first determination of the midpoint potential of the 

FADox/FADH– couple in (6–4) PLs. The value calculated for At64-WT is surprising, because CPD 

PLs have much higher midpoint potential (Em = −289 ± 5 mV vs. SHE for At64-WT vs. Em = −182 ± 

2 mV vs. SHE for Escherichia coli CPD PL34), in spite of the shared repair mechanisms among (6–

4) PLs and CPD PLs, in which they employ the photoinduced electron transfer from FADH– to UV-

induced lesions. In a previous study28, evaluated oxidation kinetics of FADH– to FADox for (6–4) PLs 

exhibited a tendency of a faster FADH– oxidation in (6–4) PLs than in CPD PLs. The observation can 

be explained by the lower midpoint potential measured for At64-WT. The low midpoint potential for 

At64 could be drawback in keeping the repair-active FADH– state in (6–4) PLs. It could, however, be 

beneficial for the electron transfer from FADH– to the substrates, which is the first reaction step for 

the repair. In future, it will be addressed how PCSf proteins including (6–4) PLs optimize midpoint 

potentials of FAD for their functions in detail. This study suggests that the hydrogen-bonding 

formation between Thr375 and Ser410 could be one of the factor to regulate the midpoint potential 

in At64. 
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4.4 Methods 

Plasmid construction and protein purification 

 Plasmid construction and purification of At64 variants were conducted as previously 

described28. The mutation of T375V was introduced into the pET-28a(+) plasmid carrying the At64-

WT gene with the QuikChange Site-Directed Mutagenesis Kit. The set of PCR primers was as 

follows: d(TAGCCTGTTTTCTTGTTCGTGGGGATCTGT) and 

d(ACAGATCCCCACGAACAAGAAAACAGGCTA). As for the T375A mutant, the 5’ upstream 

and 3’ downstream of the mutation site were separately amplified using the following primer sets: 

d(CCGCGCGGCAGCCATATGGCTACTGGATCCGGT) and 

d(ATCCCCACGAGCAAGAAAACA) for the fragment on the 5’ side; 

d(TGTTTTCTTGCTCGTGGGGAT) and 

d(GTGGTGGTGCTCGAGCTATTTGAGTTTTGGTCGTTG) for the fragment on the 3’ side. The 

amplicons were fused into the pET-28a(+) vector linearized with NdeI and XhoI treatment, by using 

the In-fusion HD Cloning Kit (Takara). The obtained plasmids were sequenced. 

 E. coli C41 (DE3) /pLysS (Lucigen) cells were transformed with a pET-28a(+) plasmid 

containing the (6–4) PLs gene for the protein production. The protein was produced and purified as 

previously described28 and confirmed by 10% SDS-PAGE. The concentration was measured based 

on the FAD absorbance at 450 nm using a molar extinction coefficient of 11,300 L mol−1 cm−1. 
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HDX-MS measurement 

HDX-MS was essentially carried out as described previously35. The injection of the 

respective samples was done manually, due to the requirement of blue-light illumination (  = 

455 nm, 224,41 μmol∙m-2∙s-1) for the fully reduced state (FADH–). 5 μL (50 μM) At64 was diluted 

with 45 μL of D2O-containing buffer (50 mM Tris-HCl, 500 mM NaCl, 5% glycerol, pH 8.0) and 

incubated for 10, 100, 1000 or 10000 s at 25 °C. H/D exchange was stopped by mixing 50 μL of the 

sample with an equal volume of quench buffer (400 mM KH2PO4/H3PO4, 2 M guanidine-HCl, 

pH 2.2) kept at 1 °C and immediately injected into an ACQUITY UPLC M-class system with HDX 

technology (Waters)36. At64 was digested with immobilized pepsin at 12 °C in water +0.1% (v/v) 

formic acid at a flow rate of 100 μL/min and the resulting peptides were trapped on a C18 column at 

0.5 °C. After 3 minutes, the C18 trap column was placed in line with an ACQUITY UPLC BEH C18 

1.7 μm 1.0 × 100 mm column (Waters), and the peptides were separated at 0.5 °C with a gradient of 

water +0.1% (v/v) formic acid (eluent A) and acetonitrile +0.1% (v/v) formic acid (eluent B) at a flow 

rate of 30 μL/min. The gradient was as follows: 0–7 min/95–65% A, 7–8 min/65–15% A, 8–

10 min/15% A, 10–11 min/5% A, 11–16 min/95% A. Mass spectra were recorded on a G2-Si HDMS 

mass spectrometer (Waters) in High Definition MS (HDMS) positive ion mode37,38. [Glu1]-

fibrinopeptide B (Waters) was used for lock-mass correction. Non-deuterated samples of At64 were 

prepared similarly employing non-deuterated buffer (50 mM Tris-HCl, 500 mM NaCl, 5% glycerol, 

pH 8.0). Here, mass spectra were acquired in Enhanced High Definition MS (HDMS) positive ion 

mode. For another round of injection, the immobilized pepsin was washed three times with 80 μl of 
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4% (v/v) acetonitrile and 0.5 M guanidine hydrochloride. All measurements were performed in 

triplicates. Peptide identification and assignment of deuterium incorporation were done using the 

PLGS and DynamX 3.0 software (Waters), respectively, as described elsewhere35.  

 

Midpoint Potential Measurement 

Midpoint potentials of FAD in At64 variants were measured by a method based on a slow 

electron supply from a xanthine/xanthine oxidase reaction32. In detail, a protein was buffer-exchanged 

to Redox Buffer (20 mM Phosphate, 500 mM NaCl, 10% glycerol, pH 7.0) with a Micro Bio-Spin 6 

column (BIO-RAD) and mixed with a reference dye (Safranin T) solution. The volume of the protein 

and Safranin T was set to ensure an absorbance of >0.3 at 450 nm and 510 nm. The sample was 

transferred into an anaerobic 10 × 2 × 8 mm (length × width × height) inner volume quartz cuvette 

(Starna, 16.160-F/4/Q/10 GL 14/2/Z15) and degassed through the cap with rubber septa. To avoid 

inflowing of oxygen into the sample, the cuvette was transported into a glove box. In the glove box, 

a redox mediator methylviologen (30 μM final conc.), xanthine (300 μM final conc.), glucose (10 

mM final conc.), 25 μg of glucose oxidase, and 50 μg of catalase were mixed. After incubation for 

15 min to decompose the remaining oxygen by glucose, glucose oxidase, and catalase, xanthine 

oxidase (94 nM final conc.) was added to start electron supply to the system. The absorption changes 

at two selected wavelengths (two of 450 nm, 510 nm and 635 mm) were recorded every 10 s for 1 or 

3 h by a UV/Vis V-730 spectrometer (JASCO). In addition, UV/Vis spectra were recorded to check 
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the structural integrity and the reaction progress before and after the measurement, by Lambda 35 

UV-vis spectrometer (PerkinElmer). The data were analyzed by Equation 4 as described in 4.2.2. 

 

Steady-state photoreduction kinetics 

Steady-state photoreduction for recombinantly-produced proteins was performed under 

anaerobic conditions as previously described28. 70 μL of protein diluted to 20 μM was applied to a 

Micro Bio-Spin 6 column (BIO-RAD) equilibrated with a reaction buffer (20 mM phosphate, 

500 mM NaCl, 10% glycerol, pH 7.5). An aliquot (60 μL) of the eluate was transferred into an 

anaerobic 10 × 2 × 8 mm (length × width × height) inner volume quartz cuvette (Starna, 16.160-

F/4/Q/10 GL 14/2/Z15). After the cuvette was sealed with a screw cap and PTFE-coated silicone and 

rubber septa, the air inside the cuvette was replaced with nitrogen through the septa. Further 

preparation was performed in an anaerobic glovebox. The sample was mixed with L-cysteine (the 

final concentration was 5 mM) and the reaction buffer up to a total volume of 240 μL under anaerobic 

and dark conditions. 

The anaerobic samples were illuminated with continuous light (430 – 800 nm) from a MAX-

150 xenon lamp (Asahi Spectra) through the 10 mm × 8 mm window on ice (illumination time varied 

depending on the sample). After shaking the sample gently, an absorption spectrum was recorded 

through the 10 mm path by Lambda 35 UV-vis spectrometer (PerkinElmer). The absorbance at 450 

nm of the obtained spectra was plotted and fitted with a monophasic exponential decay function with 

the Origin2019 software. 
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4.5 Conclusions 

 So far, cryptochromes have drawn a great attention due to their photoresponsive structural 

changes required to express their functions, but the possibility that their evolutionarily relative 

photolyases undergo conformational changes to perform their functions has not been addressed well. 

In this study, I investigated the structural changes upon photoreduction of FAD in A. thaliana (6–4) 

photolyase. HDX-MS measurements suggested that the structural changes should occur (to smaller 

extent than that in cryptochromes) in α15 and α17 and may trigger a helix movement to make the 

helices closer by forming a hydrogen bond between Thr375 and Ser410. Furthermore, the helix 

movement was supported by mutational experiments, in which the replacement of Thr375 in At64 

into Val disturbed midpoint potentials of FAD and FAD photoreduction kinetics. Inspired by these 

results, I proposed a model (Figure 5): the anion on FAD produced by photoinduced electron transfer 

from a nearby Trp residue disturbs the Arg367/Asp396 salt bridge residing near FAD and triggers 

conformational rearrangements of the α15 and α17 helices, which may be locked by a hydrogen bond 

between Thr375 and Ser410 to stabilize At64 in catalytically active FADH– state. Because the key 

residues for the changes are strongly conserved among other (6–4) PLs and animal cryptochromes, 

the proposed mechanism could be involved in drastic structural changes observed in animal 

cryptochromes, represented by Drosophila melanogaster cryptochrome. 
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